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Abstract 

Our aim is to develop a 3D model unit of cardiac muscle: an in-vitro analog of the trabeculae carneae 

found in vivo. As a base hydrogel matrix for cardiomyocyte culture in 3D, we develop a blend of decel-

lularized extracellular matrix (dECM) and fibrin. This blend contains essential components of cardiac 

ECM, provides rapid, cell-friendly coagulation, and closely matches the mechanical properties of native 

myocardium. Co-culture of the H9c2 model cell line with fibroblast cells in this hydrogel showed en-

hancement in attachment, spreading, and cardiogenic differentiation of H9c2 cells. This is ascribed pri-

marily to the collagen content of the dECM. Calcium imaging and analysis of beating motion of primary 

rat neonatal cardiomyocytes cultured in the 3D hydrogel showed specific improvement in recovery, 

frequency, synchronicity and beating rates compared to a series of common hydrogel controls, includ-

ing collagen-fibrin composites. This establishes the dECM-fibrin hydrogel as an optimal base matrix for 

cardiac tissue culture and engineering. 

The trabeculae carneae are cardiac muscle fibers at the inner surface of the ventricles. They are an 

accessible representation of the tiniest building blocks of the cardiac tissue because of their dimensions 

and cellular orientation. Molding cell-seeded dECM-fibrin hydrogel in microfabricated grooves, we fab-

ricated in vitro analogs of the trabeculae carneae. In these 3D structures, propagation of cell alignment 

due to the corner contact guidance successfully addresses the challenge of 3D cell orientation. The 

effect provides alignment 250-300 µm from the corners, enabling full 3D orientation in 350 µm by 350 

µm square section microgrooves. The cell-laden hydrogel can be detached from the PDMS surface while 

maintaining cell alignment. The alignment enhanced the functionality of rat neonatal cardiomyocytes 

beating by maintaining the contractility of the cells for longer time compared to the random distribu-

tion of the cells in the hydrogel.  

Mechanical forces play key roles in the development and cardiac tissue morphogenesis. Relatively well-

known in 2D cultures, knowledge about mechanical effects in 3D is scarcer. We investigate the com-

bined effect of topography and mechanical stimulation on 3D cardiac cell culture. For application of 

cyclic stretch, we designed and fabricated a user-friendly mechanical stimulator. In 2D cultures, the 

cells orient perpendicularly to the direction of applied cyclic stretch in agreement with known strain-

avoidance mechanisms. In 3D, the cells react to combined topography and mechanical stimulation by 

adopting an orientation around 45°. This reflects integration of the conflicting stimuli of alignment 

along the grooves but perpendicular to the stretch direction. Off-axis alignment may be a novel mech-

anism for maintenance of helicoidal fiber alignment in the heart. As anticipated, mechanical stimulation 

also improved the maturation and functionality of the neonatal cardiac cells. 

Overall, we provide a novel biomaterial for 3D cardiac cell culture and find an effective, yet simple 

approach to encourage 3D cell alignment. Adding mechanical stretching enhances the maturation and 
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functionality of the bioengineered tissue in vitro, and provides the possibility of off-axis alignment rem-

iniscent of the helicoidal fiber arrangement in the heart. Our trabeculae carneae unit model therefore 

provides an enhanced 3D environment for investigating cell fate and tissue functionality.  
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dECM-fibrin hydrogel; Neonatal cardiomyocyte culture; H9c2 cell differentiation; Beating synchrony; 

3D co-culture; Hydrogel patterning; Microfabrication; Mechanical stimulation; Cardiac tissue model, 

Heart torsion; Trabeculae carneae 
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Résumé 

Le sujet de cette thèse est la constitution et l’optimisation d’une unité minimale de muscle cardiaque. 

Pour ceci, nous nous instruisons d’un élément de l’anatomie cardiaque : les trabécules carnés. Il s’agit 

de fibres musculaires cardiaques individualisées sur la surface interne des ventricules cardiaques. De 

par leur dimension, organisation spatiale et fonctionnement, ils inspirent notre modèle de culture car-

diaque in-vitro.   

En tant que premier pas, nous constituons et optimisons un hydrogel pour la culture de cardiomyocytes. 

Il s’agit d’un mélange de matrice extracellulaire décellularisée (dECM) cardiaque et de fibrine. La co-

culture de la lignée modèle H9c2 et de fibroblastes dans cet hydrogel montre une amélioration de l'at-

tachement et de la différenciation cardiogénique des cellules H9c2. Ceci est principalement dû au con-

tenu en collagène du gel dECM. En revanche, la dECM cardiaque fournit un avantage spécifique dans la 

culture et fonction des cardiomyocytes primaires de rat : on observe effectivement une amélioration 

significative de la récupération, de la fréquence, et de la synchronicité des battements spontanés par 

rapport aux hydrogels témoins. L'hydrogel dECM-fibrine sera donc le constituant de base de notre mo-

dèle de trabécules carnées. 

Pour atteindre une orientation physiologique localement parallèle des cardiomyocytes, nous avons 

coulé notre hydrogel ensemencé de cardiomyocytes dans des sillons d’un moule microfabriqué en sili-

cone. Les cellules proches des arrêtes du moule se sont aligné sur les sillons par effet de guidage de 

contact connu. En sus, cet alignement s’est propagé de 250-300 µm dans l’hydrogel. Donc, avec des 

rainures de section carrée de 350 µm sur 350 µm, on peut atteindre un alignement complet en 3D des 

cardiomyocytes cultivés dans l’hydrogel. L'hydrogel chargé de cellules est suffisamment solide pour 

être détaché de la surface du moule tout en maintenant l’alignement des cellules. Nous avons pu dé-

montrer une amélioration de la fonctionnalité des cardiomyocytes néonatals de rats de par cet aligne-

ment en 3D : les cellules alignées ont maintenu leur contractilité spontanée pendant des périodes éten-

dues par rapport à des cellules ensemencées aléatoirement dans l'hydrogel.  

Les forces mécaniques jouent un rôle clé dans le développement et la morphogenèse des tissus car-

diaques. Nous avons étudié l’effet d’une stimulation mécanique cyclique en 3D. Les cellules cardiaques 

se sont orientées à angle droit par rapport à la direction de l’extension périodique appliquée, transpo-

sant les résultats connus en cultures 2D à notre système 3D.  De manière intéressante, la combinaison 

de la stimulation mécanique en 3D avec la topographie des sillons aboutit à une orientation oblique 

proche de 45°. Les cellules semblent intégrer les effets compétitifs d'alignement le long des rainures et 

à angle droit par rapport l'étirement mécanique. Ces résultats constituent un germe d’explication mé-

canistique de l’alignement hélicoïdal des fibres musculaires dans le myocarde dans le cœur. La 
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stimulation mécanique a également amélioré la maturation et la fonctionnalité des cellules cardiaques 

néonatales. 

Dans l'ensemble, nous avons pu découvrir un nouveau biomatériau et modèle pour la culture de cel-

lules cardiaques alignées en 3D. L'ajout de l'étirement mécanique cyclique a permis d'améliorer la ma-

turation et la fonctionnalité des trabécules carnés reconstitués, tout en fournissant un premier indice 

d’alignement hélicoïdal physiologique. 

 

Mots-clés 

dECM-fibrine hydrogel ; culture de cardiomyocytes néonatals ; différenciation des cellules H9c2 ; bat-

tements synchrones ; co-culture 3D ; modelage de l'hydrogel ; microfabrication ; stimulation mécanique 

; modèle de tissu-sue cardiaque, torsion cardiaque ; trabécules carnées 
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 Introduction 

 

 

 

 

 

1.1 Main hypothesis and synopsis  

The main hypothesis of this thesis is that environmental cues can be used to improve the phenotype 

and function in cardiomyocytes. To investigate the main hypothesis, we focused on three environmen-

tal cues and investigate their impact on the functionality and phenotype of the cardiomyocytes. There-

fore, the hypothesizes in chapter 2 to 4 are as follows:  

Chapter 2: The extracellular matrix can improve the cardiac cell’s identity and functionality.  

Chapter 3: 3D surface topography and spatial geometry will determine the alignment and improve func-

tion of the cardiac cells in the hydrogel. 

Chapter 4: Mechanical stimulation helps to improve alignment and functionality of cardiac cells in 3D 

hydrogel.  

Regarding the mentioned hypothesizes, the introduction chapter reviews the cardiac structure, in vitro 

cardiac models, techniques to manipulate the cardiac tissue in vitro towards a more mature model, and 

the applications of cardiac tissue models.  

 

1.2 Cardiovascular diseases and heart failure  

Cardiovascular diseases, especially myocardial infarction, are the main cause of death all around the 

world [1]. Better understanding of the cardiovascular problems and the pathological behavior of cardiac 

cells in native tissue is crucial and provides wider insight for investigating the impact of different cues 
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on cardiac cells in vitro. In the case of heart ischemia, the partial or total blockage of coronary arteries 

leads to oxygen deficiency, cell injury and cell death at the final stage [2], [3],[4], [5]. Indeed, severe 

heart diseases, such as myocardium infarction, can have a dramatic impact on heart function such as 

permanent loss of cardiomyocytes, since the cardiomyocytes show fairly poor regenerative properties 

[6]. In such case, to repair the cardiac tissue after cardiomyocytes death, cardiac muscle might be pro-

gressively replaced by a fibrotic, non-elastic, and non-contractile scar tissue which does not match the 

same mechanical, electrical and biological properties compared to the rest of the heart tissue, thereby 

impairing the contractile functions of the organ [7]. In the long-term, the consequences of the infarction 

lead to ventricular remodeling in terms of the volume, shape and wall thickness, which can finally cause 

arrhythmia and heart failure [8].    

As cardiovascular diseases are one of the leading causes of death worldwide, tremendous efforts were 

recently invested by different research teams in the implementation of new designs and engineering 

approaches to tackle this challenge. Current approaches for treating the diseased heart, include phar-

macological approaches, surgical assistance, implantation of devices such as pacemakers and stents, 

intended to prevent the progression of the symptoms and provide a temporally solution before the 

total organ failure. However, they cannot regenerate the effected myocardium tissue. Cell-based ther-

apies, such as cardiomyoplasty or grafts, are very promising forms of cardiac repair [9]. Unfortunately, 

the functionality of the different constructs is still far compared to the one of the native heart, and 

approaches focusing on cardiomyocytes differentiation still leads to cells displaying a rather immature 

phenotype, leading to clinical results with a very limited success [10], [11]. 

A curative approach for heart failure is heart transplantation [12], although it is applicable only under 

limited circumstances. It is a heavy surgical procedure, including long-term burden such as the need of 

immunosuppression for the remainder of the patients’ lives, as well as lack of physiological innervation 

and ensuing limited performance [13]. Maybe most importantly, it is often not applicable in the time 

frame of cardiac deterioration, and even if, there is a dramatic shortage of immune-matching organ 

donors compared to the increasing demand for heart transplantation every year [12]. Therefore, finding 

strategies to overcome these limitations, improve the functionality and regeneration of the cardiac tis-

sue, and enhance our knowledge of cardiac tissue by capturing the complex criteria of the in vivo envi-

ronment is critical [14]. However, providing an ideal cardiac model in vitro which mimics the important 

criteria of the native tissue is a huge challenge in the field of tissue engineering [15]. 

There are several research groups who are working on developing a functional cardiac tissue model in 

2D and 3D with different applications such as in vitro drug screening and discovery, disease modeling, 

and tissue engineering applications e.g. transplantation [16]–[18]. These models are a step towards 

reaching a precise model with similar responses as native tissue. Moreover, the cardiac models reduce 

the number of animal models that are currently used in drug screening as well as decrease the costly 

drug testing which may lead to failure at the end. These studies include the generation of 2D and 3D 
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structures using biomaterials and encouraging the maturation of the tissue by applying different stimuli 

such as 3D culturing, co-culturing, mechanical, electrical, and biochemical stimulations in different man-

ners, and an overview will be given in the following sections.  

 

1.3 Cardiac function and the structure of cardiac tissue 

 

1.3.1 Cardiac anatomy and the cardiac cycle 

Heart tissue consists of four chambers: left and right atrium, and left and right ventricle which are 

paired as the left heart and the right heart. There are two periods in heart function: diastole and systole. 

Cardiac relaxation and refilling with blood happen in diastole and a strong contraction and pumping of 

blood happen in systole. The performance of the heart from the ending of one beat to the beginning of 

the next one is called cardiac cycle. Each cardiac cycle in healthy heart takes around 0.8 seconds to  

Figure 1-1 The cycle diagram depicts one heartbeat of the continuously repeating cardiac cycle, namely: ventricular diastole fol-

lowed by ventricular systole, etc. while coordinating with atrial systole followed by atrial diastole, etc. The cycle also correlates 

to key electrocardiogram tracings: The T wave (which indicates ventricular diastole); the P wave (atrial systole); and 

the QRS 'spikes' complex (ventricular systole) all shown as color purple-in-black segments [19]. 
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complete. The cycle starts with the early ventricular diastole, i.e., the heart relaxes and expands 

(isovolumic relaxation), following by the late ventricular diastole which is the filling step. At the end of 

this step, atria contract and pump blood to the ventricles (atrial systole). It follows by ventricular systole 

(at the same time of atrial diastole) which is the contraction of the ventricles, initiated with electrical 

signals from the sinoatrial node, and ejecting the blood to the lungs and different organs of the body.  

The heart valves have a key role in cardiac cycle. The mitral and tricuspid valves open during the ven-

tricular diastole (ventricle filling with blood). In ventricular systole phase, the back-pressure against 

these valves leads to the AV-valves closing. This pressure opens aortic and pulmonary valves which 

permits blood ejection to the organs. The heart cycle diagram is presented in figure 1-1.  

 

1.3.2 Cardiac tissue structure 

To investigate the impact of environmental cues on cardiac cells, one needs firstly to consider the struc-

ture and function of the cardiac tissue in its native environment. Understanding how cardiomyocytes 

mature and function is getting more and more crucial every day as success of future strategies, aiming 

to restore cardiac function in patients, highly depends on new methods to evaluate cardiomyocytes 

properties [20]. The myocardium tissue is composed of different cell types which are embedded in an 

extracellular matrix to form the tissue structure with defined function [21]. The extracellular matrix 

(ECM) of each tissue type is exclusive for that tissue and evolves during the development which leads 

to the differentiation and maturation of their specific cell lineage by providing sufficient mechanical, 

biophysical, electrical and biochemical cues [22]. Cardiac cells in heart tissue are located in a special 

extracellular matrix (ECM) which is composed of a variety of components including collagen I, collagen 

IV, elastin, glycosaminoglycans (GAGs), and proteoglycans [23]. GAGs have relatively low content in the 

tissue (2-5% by dry weight), however, they have a great influence on viscoelasticity and residual stress. 

GAGs can be also contribute in mechanosensing, although its mechanical interactions with collagen 

fibers are not fully understood [24]. This composition in addition to the different stimulation in cardiac 

tissue, encourage the cardiac cells to provide a dense, aligned, and highly connected tissue structure 

with defined functional properties [25]. Because of the density of the cardiac tissue and its dimensions, 

almost all the cells are surrounded by vascular network to provide enough nutrients for the cardiac cells 

[26]. There are also tiny structures of aligned cardiomyocytes at the surface of the myocardium wall 

which are called trabeculae carneae [27]. These structures are small in their size. Hence, they do not 

need internal vascularization, as the oxygen and nutrient can easily diffuse in them from the surround-

ing capillaries. These structures can be considered as the smallest building blocks of the native cardiac 

muscular tissue[28]. As such, they are highly interesting for research on cardiac tissue and pharmacol-

ogy, due to the fact that it resembles the cardiac structure and is an accurate model for studying the 
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cardiac cells response to different stimuli [28], [29]. Figure 1-2 shows a schematic view of heart anat-

omy.  

 

Figure 1-2 Heart sectional anatomy [30]. 

 

Different cell types are located in the myocardial tissue including cardiomyocytes, fibroblasts and en-

dothelial cells [31]. Cardiomyocytes are rod-shaped cells (Figure 1-3) which are aligned in the direction 

of the myofibrils in the tissue [32]. This alignment of the cardiomyocytes gradually changes from endo-

cardium to epicardium which form an overall helical rotation and anisotropic structure in the muscle 

that promote the contractility, electrical transmission, and heart function [33]. During myocardial de-

velopment, replicating, smaller immature cardiomyocytes exit the cell cycle while increasing their size 

and fuse to each other to provide multinucleated cells which is one of the characteristics of mature 

cells. The adult cardiomyocytes are connected to each other by highly aligned and parallel intercalated 

discs which facilitate the functionality of cardiac tissue in terms of mechanical and electrical coupling, 

propagation, conductivity and contractility [34], [35], [36].   

Although cardiomyocytes occupy around 75% of the volume of normal myocardial tissue, they count 

for only 30-40% of the total cell numbers. The rest, are non-cardiomyocyte cell, primarily fibroblasts 

and endothelial cells [37]. Fibroblasts surround the cardiomyocytes and play a key role in cardiac de-

velopment, architecture, cell signaling, and function of the cardiac tissue through the gap junctions 

[38], [39]. Fibroblasts also secret collagen and ECM compounds reinforcing the mechanical stiffness of 
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the tissue [40], [41]. They preserve the ECM, distribute the force via ECM and cell-cell interactions and 

help the development of the endothelial cells. Fibroblasts can promote the release of cytokines and 

growth factors and improve the repair of injured site [42].  

Due to the thickness of the myocardium and its metabolism, the vasculature and capillary networks are 

necessary to provide oxygen and nutrients for the cardiomyocytes. Endothelial cells are responsible for 

developing the network and ensure sufficient oxygen and nutrient supply for the cardiomyocytes [43], 

[44].  

 

Figure 1-3 The diagram of cardiomyocytes connected by intercalated discs comprising desmosomes, gap junctions, and adherent 

junctions [45]  

 

The major role of heart is to act as a pump to dispense blood to all body organs. The steady blood 

stream supplements them with all required nutrients, gases and waste removal. In order to perform its 

role at best, the heart relies on numerous electrical events which, in turn, determine at which rate and 

strength the heart needs to beat to ensure adequate supply of organs, depending on the activity. These 

electrical impulses originate from two main intrinsic conduction systems, namely the sinoatrial and the 

atrioventricular nodes. These nodes work autonomously from the nervous system, although to satisfy 

physiological needs, they are tightly regulated by vegetative (sympathetic and parasympathetic) nerves 

as well as circulating hormones (namely, adrenalin) [46]. Hence, these nodes are directly responsible 

for initiating the electrical activity that ultimately results in cardiac contraction [47]. Upon electrical 
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stimulation, a preprogrammed sequence involving sequential atrial and ventricular contraction ensues. 

This serves to pump the blood first from the atria to the ventricles, and then from the ventricles into 

the circulation – pulmonary for the right heart, general for the left [48]. This specific contraction pattern 

arises the timed propagation of the electrical excitation from the atria and propagating down to the 

apex, and then through the ventricular myocardium. Such programmed and synchronized movement 

is made possible thanks to the intrinsic structure of the cardiac electrical excitation system as well as 

the cardiac muscle [49]. Indeed, the myocardium, like skeletal muscular tissues, is organized in a stri-

ated way, due to the sarcomeric assembly of the tissue. The sarcomere is the basic unit of striated 

muscle tissue and is formed by an entangled meshwork of actin and myosin fibers, which slide upon 

one another to create cardiac contraction. Repeating sections of sarcomeres ultimately constitute car-

diomyocytes, also called cardiac muscle cells. These cells are finally connected to each other through 

intercalated discs, a particular type of gap junctions, that link cardiac cells to efficiently and rapidly 

propagate action potentials to yield synchronized contraction of the myocardium [47]. 

The heart tissue has a complex structure due to the torsion. The torsion is a ventricular motion created 

by myofibers in the myocardium. During systole and diastole, the rotation direction from apex to base 

changes. This different rotation induces the torsion, which determines the oblique orientation of the 

myofibers. Hence, the subendocardial fibers are right-hand-oriented, whereas, the subepicardial fibers 

are left-hand- oriented [50]. As the heart torsion is directly related to the myofiber orientations, the 

orientation alteration may represent the malfunctionality of the heart [50], [51]. Several cardiovascular 

diseases are the result of twisting changes in heart tissue [50].  

 

1.3.3 Quantitative cardiac tissue composition 

The heart is composed of several different types of tissue, among them the flexible valves, the strongly 

fibrous annular plate, the self-depolarizing nodes as well as the proper myocardium. We are here most 

interested in the myocardial tissue, and particularly the ventricular myocardium. The ventricular myo-

cardium consists of both cellular and extracellular elements, and knowledge of its composition is es-

sential for the purpose of in vitro cardiac model construction (table 1-1). 

Table 1-1 composition of the myocardial tissue.  

Element % mass Reference 

Cellular elements Ca. 70% [52] 

Interstitium Ca. 20% [52] 

Blood Ca. 10% [52] 

ECM (part of interstitium)  Collagen: 0.4% [53] 
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1.4 Cardiac models  

As the main hypothesis of this work is enhancing the functionality and phenotype of the cardiac tissue 

model, it is necessary to review some of the developed cardiac models in this section. The fields of 

tissue engineering and regenerative medicine jointly aim at constructing biological substitutes to ulti-

mately restore and maintain normal function in diseased or injured tissues [54]. However, recapitulat-

ing biological structures, even the simplest, is challenging. Indeed, tissue biology is strongly character-

ized by a highly heterogenous organization, composed of multiple different types of cells, as well as 

extracellular matrix components, that, altogether, contribute to a unique interplay and favor extensive 

cross-talk between the resident cell populations [55]. Therefore, engineered substitutes must mimic 

the native structure by spatially arranging in a specific architecture, which will, in turn, modulate their 

function to recapitulate the physiological one. Creating these complex tissue components requires new 

methods of combining cells, growth factors, and biomaterials in ways that facilitate tissue and organ 

morphogenesis. 

Mimicking the myocardial tissue of the heart in vitro is challenging as several factors should be taken 

into account such as different cell-cell and cell-ECM communications, 3D organization, mechanical, 

electrical and biochemical cues. However, providing a reliable platform, which mimics the heart tissue 

is beneficial to reduce the number of animal testing as well as non-relevant 2D assessments [18]. To 

have such a reliable tissue model, various techniques, different requirements and limitations have to 

be considered. These considerations mostly depend on the final applications. Cardiac models originally 

emerged to fill the gap between drug development and clinical trials. At present, neither animal nor in 

vitro models fully replicate the physiology of human tissue. Animal models are typically affected by 

inter-species difference, while in vitro models are still overly simplified [17], [56]. Nevertheless, these 

models have expanded their domains of application to disease modeling, transplantation, and cell ther-

apy. Therefore, improvements in in vitro cardiac models to better predicts the response and behavior 

of the human cells would be of substantial interest for both bioengineers and pharmacologists.  

An ideal in vitro cardiac model should be able to mimic the real conditions of the cells in the native 

tissue, e.g. the orientation, 3D culture, co-culturing, etc.  Although 2D in vitro models are informative, 

they cannot replicate a main parameter of the native heart which is its complex 3D structure. Hence, 

the results of 2D models can not directly be generalized to 3D and native tissue. One of the approaches 

for developing the 3D structure is that one uses the biomaterials for embedding the cells in 3D which 

provides the structure and controllable environment for cardiac tissue formation and regulation [57]. 

Several cardiac tissue engineering approaches exist. The main element in most of them is the bio-

material, either in combination with cells or alone, used for replicating the native tissue, fabricating the 

scaffold, providing 3D stable structure, and improving cell functionality. Further sophistication such as 
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adding different stimulation, regulatory signals and methods to improve the model’s functionality can 

be considered to develop more tissue-like constructs in in vitro conditions [17]. 

In the upcoming sections, we provide deepened insight into research conducted on some of the aspects 

of 3D tissue models relevant to this thesis. Hence, we first review the biomaterials for cardiac tissue 

models. Then, we progress with some methods to manipulate the cells in vitro, and the key aspects of 

different cardiac models. Finally, the applications of these cardiac models will be discussed.  

 

1.4.1 Biomaterials  

As mentioned, cells in each tissue are located in the extracellular matrix, which at the chemical level 

comprises a hydrated and often crosslinked mix of proteins and carbohydrate moieties [58]. The extra-

cellular matrix provides both structural support and biological cues in the form of growth factors and 

cell adhesion motives. Thus, generating an engineered tissue necessitates the use of biomaterials that  

 

Figure 1-4 The elements that have to be considered in a biomaterial. Reprinted with permission from [59]. Copyright (2017) 

American Chemical Society.  

 

meet the specific requirement of the tissue [60]. Some general aspects of a biomaterial are its biocom-

patibility, biodegradability, mechanical stiffness, porosity, and specifically for in vitro observation, 
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transparency. Moreover, for cardiac tissue applications some other criteria need to be considered such 

as the ability to orient the cells, improve their synchronicity, enhance the cell-cell interaction, vascular-

ization, injectability, and transmission of the electrical and mechanical signals [42]. Figure 1-4 shows 

some of the main characteristics of biomaterials. 

The biomaterials can be used in different forms such as solid porous scaffolds, sheets, 3D hydrogels, 

and injectable materials based on their applications [61]. In addition, they can originate from naturally-

derived, synthetic, or the combination of both materials [62].   

 

Table 1-2 Relevant estimates of the stress and strains encountered in vivo. 

Physical quantity (all left-ven-

tricular, adult, human) 

Value Reference 

Myocardial elongation 

changes during cardiac cycle 

(ventricles) 

20%. Passive during filling, ac-

tive contraction during ejection 

[63] 

Minimum myocardial wall 

stress (beginning of diastole) 

Ca. 3kPa [63], Extrapolation from Fig. 3a 

Myocardial wall stress after 

filling (end-diastolic) 

6.2kPa [64], Table 2 

Myocardial peak wall stress 

during contraction (systolic) 

33kPa [64], Table 2 

 

Among all of the biomaterial’s properties, mechanical stiffness is critical for cardiac tissue models, due 

to the fact that the cardiac cells in native tissue are exposed to relatively large forces arising from the 

contractility and blood pumping function. Therefore, the relevant mechanical stiffness of the chosen 

biomaterial provides a special niche to support the development and functionality of the cells. This 

relevance becomes more critical when it applies to in vivo studies, in which the bioengineered tissue 

needs to integrate with the surrounding tissue of the heart. Relevant estimates of the stress and strains 

encountered in vivo are noted in Table 1-2. During diastole (ventricular filling), a relative wall extension 

of about 20% occurs due to passive stretching by filling of the ventricles with incoming blood. There is 

a concomitant increase in myocardial passive tension from about 3kPa to 6kPa [64]; with considerable 

inter-individual variation in both health and disease). Of note, under physiological conditions, the wall 

stress never drops to zero, the structures are therefore always pre-strained, a condition known to con-

tribute to cardiac contractility through the Frank-Starling mechanism [65]. The passive increase of wall 

stress by about 3kPa for 20% elongation corresponds to an effective passive myocardial Young modulus 
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of about 15kPa for the left-ventricular myocardial wall. Ex vivo estimations by uniaxial compression 

yield similar results at similar strains, confirming the validity of the ex vivo analysis. The forces deployed 

by active contraction finally are much greater, stress values reaching over 30 kPa, and nearly the double 

in certain pathological conditions [64]. It is also noteworthy to mention that the mechanical stiffness of 

the native heart increases during the development from the embryonic state to the adult heart, which 

reflects in the maturation and functionality of the cells. In vitro, several studies have directly shown the 

impact of the mechanical stiffness of the cell environment on the maturation, function and organization 

of the cardiac cells [66]–[73].  

Initially, scaffolds used in cell multiplication ex vivo. Technology development provides more interesting 

applications for scaffolds such as cell delivery, implantation, and in vitro studies[42]. One of the most 

frequently applied materials categories in tissue engineering are hydrogels of both natural or synthetic 

origin [74]. Hydrogels can support both mechanically and biologically cellular 3D structures and their 

properties can be manipulated to reach the desired characteristics [75]. In the following section, we 

discuss more the natural and synthetic hydrogels that have been used in cardiac tissue regeneration. 

 

1.4.1.1 Natural hydrogels  

The extracellular matrix of the heart is composed of various natural materials such as collagen and 

elastin. These biomaterials allow cell attachment, proliferation and differentiation in vitro and are 

widely used in tissue engineering approaches because of their intrinsic biocompatibility and, contrary 

to cells, relative lack of ability to provoke an immune response [14], [76]. The byproducts of biodegra-

dation of these polymers are also not toxic [14]. Despite their great potential in cardiac tissue regener-

ation, the lack of sufficient mechanical properties and the batch-to-batch variation limits their use in 

this field.   

Some natural hydrogels, particularly of animal origin, are bioactive and provide native adhesion sites 

that can recapitulate the in vivo environment signals responsible for cell differentiation into the desired 

tissue [77]. In addition to particular purified ECM components, decellularized, but not otherwise puri-

fied extracellular matrix (dECM) is increasingly used as a biomaterial [78]. Such decellularized extracel-

lular matrix dECM has also been proposed as a biomaterial in cardiac tissue models, as it mimics the 

main architecture and composition of the heart tissue [79], [80]. In this thesis we use porcine cardiac 

dECM as a main hydrogel component for constituting 2D and 3D cardiomyocyte environments. We 

discuss the isolation of dECM, its processing and characterization in chapter 2. After decellularization, 

most of the cues, which at present are difficult to create synthetically, remain in the specific ECM and 

later interact with the seeded cells [81]. The presence of intact growth factors has been confirmed in 

ECM hydrogels, although in smaller quantities compared to native tissues or ECM scaffolds[78]. The 

formation of ECM hydrogel is mainly based on the self-assembly of collagen with the presence of  
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glycosaminoglycans, proteoglycans, and other ECM proteins [78]. This formation and intact cues make 

decellularized ECM hydrogel an excellent candidate for cell culture by providing cell signals and initiat-

ing the differentiation into specific lineages[81].  

A hallmark study in the use of natural hydrogels for cardiac modelling and transplantation is the pio-

neering work by Zimmermann et al. [82]. They came up with a millimeter-scaled engineered heart tis-

sue model from neonatal rat heart cells. For this, they suspended the cells in a mix of collagen and 

Matrigel (Engelbreth-Holm-Swarm tumor exudate) and provided the cells with the possibility to per-

form dynamic mechanical work against a specifically designed spring load. They further provided met-

abolic support by facilitating both metabolite entry into the cells with application of insulin and in-

creased atmospheric oxygen to compensate for the long diffusion distances in their constructs. Their 

constructs were spontaneously beating, and upon implantation showed no delay in electrical signal 

conduction with native tissue upon implantation [82]. In light of clinical application and in vitro model-

ling, the use of Matrigel with its high inter-lot variability and tumor origin is nevertheless problematic. 

Recent efforts have therefore been made to avoid the use of Matrigel. This is not trivial, since Matrigel 

consists of thousands of different molecules [83], varying in each lot, but of which many can have ben-

eficial effects for cell survival and function. Collagen on its own having limited mechanical stiffness [84], 

in this respect, fibrin is an interesting option for cell-compatible hydrogel formation. Fibrin is indeed a 

cell-degradable biopolymer which has been found responsible for hemostasis and is produced from the 

enzymatic polymerization of fibrinogen monomers by the action of thrombin [85], [86]. Fibrin polymer-

ization forms a mesh-like structure with a good mechanical stability [87]. Fibrin-based hydrogels have 

low inflammatory response and foreign body reaction [86]. Kong et al. [88] performed a comparison 

between Matrigel, collagen I, and fibrin to determine which of these substrates could support the indi-

rect cardiac reprogramming process. The results of their study show that fibrin gel improves cell dedif-

ferentiation and cardiac cell differentiation more efficiently than Matrigel and collagen I. They also ob-

served that a higher concentration of fibrin gel increases the efficiency of cardiac reprogramming[88]. 

dECM conserves many cell adhesion motives and to some extent the growth factors natively present 

[89], [90], and so it emerges as natural candidate for physiologically meaningful and potentially clinically 

applicable cardiac modelling and tissue engineering. The combination with fibrin has been reported to 

be particularly successful by Williams [79], albeit it was found necessary to use transglutaminase cross-

linking to achieve sufficient mechanical properties in this study, with ensuing cytotoxicity. Our aim here 

is to investigate whether the use of transglutaminase cannot be circumvented to achieve a fully cell-

compatible hydrogel system, and also to better define whether there is an actual advantage of using 

the chemically ill-defined dECM over commercial, purified collagen I in fibrin composites or alone. This 

investigation is the object of chapter 2 of this thesis. Based on the results of this investigation, we use 

dECM-fibrin composites for the further geometrical alignment and mechanical stimulation experi-

ments.  
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The use of neonatal cells greatly facilitates cardiac modelling experiments due to their high regenera-

tive and survival potential [91], and thanks to a collaboration with Prof. Rohr, University of Bern, we 

use neonatal rat cardiomyocytes in this work as well.  However, in light of reduction of animal experi-

ments as well as potential clinical applicability, alternative cell sources are of interest. Induced pluripo-

tent stem cells directed towards cardiac differentiation are an option: For example, in a study con-

ducted to model dilated cardiomyopathy caused by a mutation in titin sarcomeric protein, Hinson et al. 

show that cardiac microtissues obtained from iPSC embedded in collagen are a powerful system for 

evaluating the pathogenicity of titin gene variants [92]. 

 

1.4.1.2 Synthetic hydrogels  

The other source of biomaterials is synthetic polymers which have the ability to be modified and tai-

lored, based on the application and the required properties, e.g. mechanical stiffness, topography, dif-

ferent physical and chemical properties, that are predictable and reproducible [14], [93]. However, their 

main problems are immune response, toxic byproducts after degradation, and complex synthesizing 

procedure [93]. Some of the mostly used biomaterials in cardiac 3D tissue engineering include polylactic 

acid (PLA), polyglycolic acid (PGA), polyurethane (PU), poly e-caprolactone (PCL), and polylactic glycolic 

acid (PLGA) [94]. Most of the synthetic biomaterials require a bioactivation step to make them appro-

priate for cell support [95].  

Figure 1-5 represents some examples of cardiac models based on synthetic biomaterials. Orlova et al. 

used electrospun polymethylglutarimide (PMGI) nanofibrous meshes to control the architecture of the 

engineered cardiac tissue (Figure 1-5A, [96]). In this study, permeability and nutrient penetration was 

limited as it mainly relied on the porosity in this case. Moreover, the degradation of the material was 

not assessed at all in this study, which may constitute an important step further. Ghasemi-Mobarakeh  

et al. used blend of collagen, gelatin and poly-caprolactone to create highly aligned nanofiber con-

structs via rotary jet spinning (RJS) and electrospinning [97] (Figure 1-5B). 

With such approach, the authors obtained that the highly anisotropic RJS fibers were able to support 

optimal cellular alignment, maturation and self-organization for a polymer/protein ratio of 75/25. The 

ratio of 50/50 used in their previous studies had shown less aligned cells and increased biodegradation 

rates [98]. In another example of synthetic material-based models, Zhen et al. studied contractility mal-

functions in a highly defined scaffold structure which was fabricated by two-photon initiated polymer-

ization (TPIP) (figure 1-5C) [99]. However, the obtained scaffold displayed significantly lowered contrac-

tion forces compared to a native adult heart and, thus, can hardly be considered as a physiological in 

vitro model. Ma et al. used 3D printing technology to fabricate force gauge arrays from a synthetic 

photosensitive polymer based on poly ethylene glycol diacrylate (PEGDA) (figure 1-5D) [100]. The 
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results of this study are promising for high throughput applications. Hu et al. developed a micropat-

A 

B 

C 

D 

Figure 1-5 Some of the examples of cardiac models based on synhetic hydrogels. A. Electrospun nanofiber scaffolds were made 

for creating the continuous anisotropic cardiac tissue [94]. B. Aligned nanofiber scaffolds made by rotary jet spinning promoted 

better sarcomere formation in CMs [95]. C. High-defined filamentous scaffolds made by two-photon initiated polymerization 

were used to create an aligned hiPSC-CMs-based cardiac model for drug screening [97]. D. 3D printing technology to fabricate 

force gauge arrays from a synthetic photosensitive polymer based on poly ethylene glycol diacrylate (PEGDA) [98]. Reprint with 

permission from [17]. Copyright © 2015 Elsevier B.V.  
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terned biodegradable, electroactive film based on poly (glycerol sebacate)-co-aniline trimer (PGSAT) 

which promoted the alignment and elongation of H9c2 cells [101].  

As the biomaterials have different origins and properties, finding a single material to cover all the re-

quirements of cardiac tissue engineering is challenging. Hence, hybrid materials containing two or more 

biomaterials to meet different criteria were developed and studied in several groups. In this thesis, we 

also use a mixture of dECM and fibrin to cover the most important criteria of the cardiac tissue in in 

vitro condition.  

 

1.4.2 Regulatory signals  

To improve the functionality and identity of the cardiac cells in a cardiac model, one should consider 

the environmental cues and the regulatory signals to compensate them. The cardiac cells in native 3D 

tissue undergo a variety of stimulations, which regulate both the development of the heart and its 

physiological pumping function [102]. Tissue engineering approaches are trying to mimic these stimu-

lations for improving the tissue maturity by modifying the microenvironment of the cells in vitro. In 

order to create a bioengineered cardiac tissue, some criteria should be met. Fig. 1-6 compiles the main 

known microenvironment influences on cardiomyocytes [103].  From this, one can deduce a list of cri-

teria for cardiac in vitro models: 

- The matrix of cell culturing needs to allow basic adhesion and should favor correct differenti-

ation and function; it should not by cytotoxic. 

- Culture should be in 3D to mimic the native conditions, yet nutrient and oxygen access should 

be physiological. 

- Cells should be aligned for proper force transmission and adopt proper 3D organization in car-

diomyocyte bundles. 

- Mechanical stimulation and stiffness parameters should match physiological parameters to 

enhance cell functionality and maturation [104], throughout the desired culture time. 

- Electrical stimulation should occur at physiological rate and synchronicity, preferentially by 

means of self-depolarizing cells mimicking the cardiac sino-atrial and atrio-ventricular nodes. 

- The cellular composition should reflect the native composition, implying co-culture with non-

cardiomyocyte cells. 

- Ideally, the culture system would be chemically defined for reproducibility, yet provide the 

entire set of biochemical signals encountered in vivo. 
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- Ideally, the system could be used for specific applications such as high throughput screening 

or implantation 

Some of these parameters have been mentioned in figure 1-6. In the following section, we discuss 

more in detail most relevant cues to our subject, including the chemical and topographical pattern-

ing, mechanical stimulation, co-culture, and 3D cell culture.  

 

 

Figure 1-6 Schematic of engineered microenvironments used to mature human pluripotent stem cell-derived cardiomyocytes. 

Reprinted with permission from [103]. Copyright © Ivyspring International Publisher. 

 

It is difficult to meet all the criteria set forth above in a single system, and all studies, including this 

thesis, necessarily focus more on some aspects than others. Table 1-3 gives an overview over the crite-

ria addressed directly or more implicitly in this thesis. The main focus points are in bold. 
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Table 1-3 Regulatory signals and design criteria implemented in this thesis. 

 

Criterion Addressed here Details 

Matrix suitability Yes, part II Comparison of different matrices, particularly an optimized 

defined matrix (collagen-fibrin) vs. an optimized complete 

matrix (dECM-fibrin) 

3D Yes, all parts Based on 3D matrix (part II), efforts to obtain 3D alignment 

(part III) and 3D mechanical stimulation (part IV) 

Alignment Yes Geometrical (part III) and mechanical influences (part IV) 

Mechanical Yes, with limitations Stiffness-matching (part II); mechanical stimulation (part IV), 

although load not synchronized to electrical activity  

Electrical Partly We rely on spontaneous activity due to embedded rhythmic 

cells in cardiomyocyte extract, which we quantify, but do not 

perform stimulation 

Co-Culture Yes, with limitations Co-cultures were performed explicitly with cell-lines, but cell 

composition was not adjusted for native cardiomyocyte iso-

lations 

Chemically defined Attempted Collagen-fibrin as an attempt to substitute for undefined 

dECM, but not as successful. 

Applications Partly The materials are in principal compatible with implantation 

and well-plate-based screening, although further optimiza-

tion would be required depending on specific needs. 

 

While matrix aspects have been discussed in the prior sections, in the following sections, the state of the art and 

research efforts in the remaining focus areas (bold in Table 1-3) are discussed below. 

 

1.4.2.1 Alignment: Chemical and topographical patterning 

Biological and mechanical properties of the heart is defined by its microarchitecture. 70% of volume of 

the myocardium is composed of parallel cardiac muscle cells, or myocytes with elongated shape to 

produce an anisotropic structure with aligned sarcomeres. To mimic native cardiac tissue, recreating 

the complex 3D cellular organization while preserving the cell viability and function is crucial [105]. 

Some research groups found interesting approaches to control cellular organization in 3D, however, it 

is still a huge challenge to control the alignment in 3D tissue models with bigger dimensions. Some of 
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the most common approaches in tissue engineering which can provide alignment in the structures in-

cluding mechanical stimulation, substrate patterning, chemical treatment of the surface, and the com-

binations of these methods. Using these approaches, the cells will change their intracellular organiza-

tion (e.g. cytoskeleton reformation, nuclei orientation and shape, and the cell signaling), and modify 

their spreading and orientation in response to them [106]. 

Several researchers worked on producing aligned cardiomyocytes in vitro with chemical or topograph-

ical patterning of the cell substrates. For instance, one study used microcontact printing of laminin in 

the order of 5-50 μm wide strips to help the elongation of neonatal cardiac cells in 2D. The results 

suggest the improvement in N-cadherin and connexin-43 expression and localization which indicates 

the maturation of neonatal cardiac cells in chemically micropatterned substrates [107]. Another exam-

ple is the patterning of polyethylene glycol (PEG) to form 150-800nm grooves to recapitulate the 

nanostructure of aligned fibrils in the myocardium ECM. These nanogrooves increased the protein ex-

pression, oriented the cardiac cells and showed an anisotropic action potential propagation [108]. Al-

ternative research promoted the alignment of cardiac cells and the calcium transient amplitude by pat-

terning hydrophobic-hydrophilic lines with the dimensions of 10 μm on Parylene C structures [109]. 

Using Faraday waves, another research group could encourage the iPSCs to form predefined patterns. 

The results showed the alignment of the cells with increased cellular functionality, intracellular connec-

tivity, and beating rate compared to the random distribution of the cells [110].  

Kim et al. developed a nanotopographically controlled in vitro model based on polyethylene glycol 

(PEG) hydrogel arrays for recapitulating the structural and functional properties of native myocardial 

tissue (Figure 1-7A, [108]). On the other hand, Figure 1-7B shows a fabrication method based on the 

uniaxial shrinkage of polyethylene (PE) to create multiscale grooves ranging from nano to micrometers 

[111]. Cardiomyocytes were also microcontact-printed (Figure 1-7C) either into aligned stripes (Figure 

1-7D) or into circular colonies (Figure 1-7E). Mcdevitt et al. micro-printed lanes of laminin onto a non-

adhesive surface [112]. In this study, they tried to spatially align neonatal rat cardiomyocytes to reca-

pitulate an in vivo-like organization. The cells showed highly aligned myofibrils with normal diameters 

and bipolar cell junctions with intercalated disc connections. Serena et al. cultured circularly organized 

human cardiomyocytes onto a poly-acrylamide hydrogel with tunable tissue-like mechanical properties 

[113]. This method allowed a higher throughput compared to aligned stripes. Finally, PEG-patterned 

substrates were used to geometrically confine hPSC colonies (Figure 1-7F,[114]). This work notably ex-

plores further the characteristics of these cells by analyzing differentiation features that appeared after 

exposing cells to different biochemical and biophysical cues. 
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Figure 1-7 different methods of surface patterning. (A) Microfabricated nanostructured surface, [108] ; (B) Prestressed thermo-

plastic shrink film with tunable multi-scaled wrinkles [111]; and (C) Microcontact-printed patterns of pattern CMs into (D) Aligned 

stripes to mimic adult cardiac tissue structure [112] and (E) Circular colonies for high-throughput screening [113]. (F) Using oxy-

gen plasma to etch PEG surfaces under a PDMS stencil protection allows micropatterning hiPSCs and determining stem cell fate 

during cardiac differentiation [114]. Reprint with permission from [17]. Copyright © 2015 Elsevier B.V.  

 

The conclusion of these studies suggests that aligning the cardiomyocytes improve their maturity, func-

tionality, provide a more tissue-like structure which is responding to pharmacological compounds and 

drugs, and enhance excitation-contraction coupling. However, aligning the cells should be combined 

with other approaches to encourage producing an adult cardiomyocyte phenotype.  

 

1.4.2.2 3D models of trabeculae carneae 

Microfabrication as employed in the studies listed in the previous section and many others focuses on 

local 3D features on essentially planar substrates. The cardiac trabeculae carnosum units are however 

3D. It is therefore an emerging area of cardiac modelling to produce more controlled 3D aligned envi-

ronments. For example, Xiao produced a cardiac bundle model which is used to create perfusable car-

diac biowires based on polytetrafluoroethylene (PTFE) tubing for the drug screening application [115]. 

However, the use of PTFE as a biomaterial represents a limitation in terms of permeability to the tested 

drugs as only small molecules can diffuse properly through the tubing wall. Sasano et al. used layer-by-

layer cell coating technique with fibronectin and gelatin for hiPSC-CMs (human induced pluripotent 

stem cell-derived cardiomyocytes) and showed synchronous beating [116]. One of the most recent 

works in providing cardiac models is conducted by Velduizen et al. In this work, they developed a mi-

crofabricated platform to incorporate surface topography for long term culture and maturation of car-

diac cells in a collagen hydrogel. They showed upregulation of maturation genes and synchronized 
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beating after two weeks. The dimensions of the developed structures were in the range of 100-200 µm 

and the length of 200-800 µm (figure 1-8) [117]. A major goal in this thesis is to combine this principle 

with optimized dECM hydrogels to produce aligned cardiomyocyte structures by propagation of cell 

orientation from micropatterned substrates into the hydrogel. This should afford potentially free-

standing hydrogel model units of aligned cardiomyocyte strands. 

 

 

Figure 1-8 Optimization of microfluidic chip design parameters with neonatal rat cardiac cells: (A) Table of microfluidic chip de-

signs with differing post dimensions. (B–F) Characterization of neonatal rat cardiac tissue within each design. (B) Tissue width, 

(C) cellular alignment, (D) immunostaining of actin and DAPI with inset as FFT, and (E) representative beating signals from tissues 

formed within each device. (F) Cardiac-specific marker staining of tissues in Design 1, demonstrating aligned sarcomeres (green) 

and abundant, localized connexin 43 (red), with 40X magnification to right. Statistics performed on two-way ANOVA of (B) n = 2 

experiments and (C) n = 3 experiments. Reprinted with permission from [117]. Copyright © 2020 Elsevier Ltd. 

 

1.4.2.3 Mechanical stimulation  

The contractile activity of the heart is launched very early in the development; therefore, mechanical 

forces play an important role during heart morphogenesis. Indeed, Auman and collaborators found 

evidence of cardiomyocytes contractions and blood flow existing within the earliest ages of the heart, 

generating forces and stresses essential for correct heart development [118]. Impairment in the con-

tractile function can rapidly lead to fatal outcomes and, therefore, when developing a cardiac model, 
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the assessment of the contractile activity of such model, as well as its ability to be properly integrated 

in the endogenous environment, is critical.  

During the heart development, the myocardium secretes collagen, which leads to increasing the me-

chanical stiffness of the ECM from embryonic to the adult tissue [119]. Also, the mechanical stress in 

the heart, shear force, and the cell-cell and cell-ECM contacts are some of the stresses that cardiomy-

ocytes undergo continuously. In normal healthy tissue, the cells adapt to the environment by changing 

their genotype and phenotype such as their direction, function, protein and gene expression (figure 1-

9) [120], [121], [122], [123], [124], [125]. Cardiomyocytes continuously undergo mechanical forces and 

alter themselves. If adult cardiomyocytes are cultured in 2D in vitro model without applying mechanical 

stimulation, they dedifferentiate and alter their phenotype. Therefore, as the cells can sense the me-

chanical alteration in their environment, manipulating these forces will directly have impact on the cell 

behavior and have a critical role in cardiac tissue development. 

 

Figure 1-9 The impact of mechanical stress on the cell orientation (reprinted with permission from [121]). 
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In tissue engineering systems, the mechanical stimulation can be applied to the cells in different ways. 

One of the approaches is to statically stretch the cells which means that the mechanical force applies 

to the substrate after the cell are seeded and allowed to settle for a time period. A second approach is 

to gradually change the applied mechanical stress to the cells, which means that the substrate mechan-

ical stress increases step by step for a long period of time. More physiological are cyclic approaches: in 

spontaneously beating cultures, an external spring load can mimic the effect of aortic counter pressure. 

Some cardiac model cell lines do not beat spontaneously, and in this case the external cyclic stretching 

can be used. Cyclic stretching is thought to better mimic the beating behavior of the cardiac cells in 

native tissue [126], even though it must be admitted that due to the effect of filling pressure, the stress 

in the cardiac muscle does not drop to zero even during diastole (Table 1-2). In addition to these 

D 

Figure 1-10 1-11 Stretched constructs contained a larger proportion of cardiomyocytes. A. top, Immunostaining for TnT demon-

strated greater expression in stretched constructs and well-defined striations with Z-banding running longitudinally along the 

stretched hESC-CMs (inset) (scale bar 25 μm; n = 4/group). Bottom. Immunostaining and quantification of Cnx43 (red) normalized 

to DAPI (blue) expression showed stretched constructs expressed higher levels of Cnx43 than control constructs (n = 4/group, 

scale bar 40 μm; TnT immunostained in green). Reprinted with permission from [126]. Copyright © 2014 Elsevier Ltd. B. Constructs 

generated from ESC-derived cardiomyocytes subjected to static stress conditioning (bottom) or no stress condition-

ing (top) stained strongly for the sarcomeric protein α-actinin (green). C. Constructs generated from iPSC-derived cardiomyocytes 

also stained strongly for α-actinin (red). In both cases, myofibrils appear more aligned in the static stress-conditioned constructs. 

D. Quantitative RT-PCR was performed on iPSC-derived cardiac constructs conditioned with no stress or cyclic stress for 4 days. 

Reprinted with permission from [125] Copyright © 2011, Wolters Kluwer Health. 
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methods, based on the application and design of experiment, fluid shear stress or compression instead 

of stretching can be conducted.  

These mechanical loading approaches can be also applied in 3D constructs using either uniaxial, biaxial 

or multiaxial loading. Several investigations have been conducted on the mechanical stimulation of car-

diac cells in 2D and 3D in vitro, which all agreed on the influence of mechanical stimulation on intracel-

lular organization of the cardiomyocytes, alteration in gene and protein expression, enhancement of 

the activity of ion channels, increase of the gap junction proteins which improves the coupling of the 

cells and transmission of the electrical signals.  

For example, one study demonstrated the cardiomyocytes elongation, sarcomeres alignment, gap junc-

tion protein expression, and faster calcium cycling in the ESC-CMs or iPSC-CMs cultures in collagen sam-

ples with uniaxial mechanical stretching at 1Hz for four days [127].  Another study applied mechanical 

stretching at 1.25 Hz for 72 hours and reported higher elongation of the cells, increased gap junction 

protein and ion-channel related genes expressions, and higher beating frequency [128]. Using the in-

cremental stretching method with a 400 µm increase of stretching regime every three to four days, one 

research group showed higher cell organization and sarcomeres alignment in Collagen I-Matrigel sam-

ples [129].  Figure 1-10 summarized two important studies in this field.  

Whereas 2D stretching studies in general has been more focused on the nature of the response elicited 

by the cells upon different stretching regimes, 3D cultures are more interested in the engineering of 

reliable cardiac models, i.e. models that adequately respond to a specific, in vivo-like regime of me-

chanical stimulation [126]. Indeed, Guan et al. notably recapitulated tissue constructs which were mim-

icking structural and mechanical properties of the myocardium to investigate if such 3D environment 

has an impact on mesenchymal stem cells (MSC) differentiation into a cardiac lineage [130]. The results 

showed that, by culturing in a 3D environment that mimic the anisotropic structure and mechanical 

properties of the myocardium, embedded MSC were properly differentiated. Another work attempted 

to differentiate human embryonic stem cells by seeding them in Gelfoam sponges on which continuous 

cyclic stretching of 1.25Hz and 12% elongation was applied for 48 hours [128]. They demonstrated en-

hanced viability, adhesion, and maturation within the scaffold. Finally, Tulloch et al. led a very informa-

tive comparative study between uniaxial and cyclic stretches for 3D cultures [127]. They compared 

three different conditions including unconditioned constructs, uniaxial mechanical stress and cyclic 

stress on human embryonic and induced pluripotent stem cells-derived cardiomyocytes were seeded 

in a collagen matrix. The similar results in different conditions demonstrated that the additional factors 

such as cell culture medium, growth factors, and topography would be imperative in cell responses 

[104]. 

All of the studies using mechanical stretching verify the positive impact of using stretching on cardiac 

cells maturation and functionality including uniform cell distribution enhancement, higher cardiac cell, 
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myofibrils and sarcomeres alignment and organization, excitation-contraction coupling, morphological 

improvement of the cardiac cells, and amplified expression of maturity-related genes and proteins com-

pared to the static cardiac models [131], [132]. 

Besides cell-autonomous benefits, mechanical stimulation could conceivably be important for align-

ment of the cardiomyocytes. The question of alignment of cardiomyocytes by mechanical stretching 

has been indeed been investigated by various authors, with conflicting results. For example, Dhein et 

al. found alignment of neonatal rat cardiomyocytes nearly, but not exactly along the main direction of 

applied deformation when performing stretch using collagen-modified silicone membranes [121]. How-

ever, Salameh et al. [133], in a nearly identical experiment (gelatin- instead of collagen-I coating and 

some details in media composition), instead found an orientation perpendicular to the main direction 

of strain. Thus, there are poorly understood subtleties in the experimental conditions that are visibly 

able to cause radically different cellular responses. One reason might be differential response to cyclic 

and static deformation: Experiments with fibroblasts have shown perpendicular orientation to cyclic 

strain [134], but parallel orientation to static strain [135]. Self-alignment of cardiomyocytes in circular 

collagen-Matrigel structures contracting against a central post [136] also suggest robust parallel align-

ment of cardiomyocytes along the induced static strain. Whether the unanticipated perpendicular 

alignment in cyclic stretch is an artefact of experimental conditions and particularly 2D culture is an 

open question of practical relevance for bioreactor design, but also of fundamental physiological im-

portance: An interplay of perpendicular and parallel responses could indeed be important in the devel-

opment and maintenance of the helicoidal fibrous structures characteristically found in the heart [137]. 

Here, my aim was therefore to investigate the influence of mechanical stretching, and particularly cyclic 

stretching, in a 3D configuration. 

Besides mechanical loading, the stiffness of the cell microenvironment can also regulate the behavior 

and maturation of the cells. A number of studies investigate the impact of substrate stiffness on cardiac 

cells. For instance, one study investigated the impact of collagen-coated substrate stiffness from 1 kPa 

to 50 kPa and reported that the optimal stiffness for neonatal cardiac cells in terms of the sarcomere 

alignment, mechanical force production and calcium transient amplitude was 10 kPa, which is in the 

range of myocardium stiffness [67]. These results are in agreement with another study introducing the 

optimal elasticity in the range of 11 kPa to 17 kPa for contractility, signal transmission, and sarcomere 

alignment [138]. They also displayed that the cell culture made on substrates of higher and lower stiff-

ness do not reach the same results. Stiffer matrices lead to the lack of myofibrils and loss of contractility 

as the resulting tissue resembles the postinfarct fibrotic tissue scar, however, a lower stiffness alters 

the functionality of the cells [59], [138].  
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1.4.2.4 Co-culture with non-cardiomyocytes 

As previously mentioned in section 1.3.2, the cardiac tissue is composed of several cell types including 

cardiomyocytes, fibroblasts, and endothelial cells, that are in close contact with each other and each of 

them has a critical role in tissue formation, maturation and functionality. By number, healthy cardiac 

tissue includes around 60-70% fibroblasts, 30% of cardiomyocytes and the remaining for non-cardio-

myocyte e.g. endothelial cells. However, in volume, the cardiomyocytes are the dominant cell type and 

they are surrounded with fibroblasts. Therefore, the fibroblast cells are essential in culture for providing 

an accurate model. Several studies indicate the cross-talk and communication between cardiomyocytes 

and fibroblasts, which is leading to higher cell maturity and alignment in the in vitro model. Cardiac 

fibroblasts support the structure and functionality of the cardiac tissue by secreting growth factors and 

ECM proteins such as collagen. Regarding the generation of an in vitro functional cardiac model, the 

importance of the fibroblast’s presence should be considered [139].  

Numerous studies evaluate the impact of non-cardiomyocytes on cardiac tissue maturation and func-

tionality. For instance, Sherri et al. co-cultured human induced pluripotent stem cell-derived cardiomy-

ocytes with non-cardiomyocytes which were produced in differentiation procedure and showed en-

hanced electrophysiological maturation in co-culture samples [140]. In another study, Hiroko et al. 

showed that the quantity of the non-cardiomyocytes are essential for preparing a functional engi-

neered cardiac tissue and co-culturing with non-cardiomyocytes increases the cardiotherapeutic po-

tential [141]. Yanzhen et al. investigated the importance of fibroblast aging on cardiomyocytes by using 

fetal and adult cardiac fibroblasts in co-culture with cardiomyocytes and represented higher action po-

tential, stronger contraction, and increased calcium transient amplitude in co-culture with fetal cardiac 

fibroblasts [142]. Kongpol et al. demonstrated the cross-talk between vascular endothelial cells and 

cardiomyocytes. Their results indicated the cardioprotection role of endothelial cells by secreting the 

leukocyte protease inhibitor as a protective factor [143]. Kostecki et al. showed the electrical connec-

tion of fibroblasts to cardiomyocytes which can effectively alter the electrophysiological properties of 

the cardiac model [144].  

In summary, the results of such studies reveal the interesting and critical role of non-cardiomyocytes in 

co-culture with cardiomyocytes for enhanced maturation and functionality of the cardiac tissue models.  

In this thesis, we use co-culture with fibroblasts particularly to enhance cardiogenic differentiation.   

 

1.4.2.5 3D cell cultures 

3D models represent a significant improvement compared to 2D culture as the environment does not 

only allow for cell attachment and alignment but constitute a more responsive material enabling load 

transmission and stiffness modulation to recapitulate values within the physiological range [116], [145], 

[146]. Creating a tissue model in vitro implies to mimic the native structure of the tissue. Therefore, 
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most of the studies on cardiac tissue models use 3D cell cultures to have a similar organization of the 

tissue as it is in vivo [147]–[150].  The cells in vivo are located in the ECM which provides all critical 

biochemical, biophysical, electrical, and mechanical cues necessary for cell proliferation, survival, dif-

ferentiation, maturation, and functionality. Several studies indicate the different behavior of the cells 

in 2D cultures compared to the native tissue and 3D cultures in vitro [151]–[154]. The results of numer-

ous studies also suggest better similarity between the behavior of the cells in 3D in vitro models and 

native tissue [155], [156]. 3D cell culture provides spatial cell-cell and cell-ECM interactions which pro-

motes the cell maturation and function. Hence, research groups are progressively focusing on 3D cul-

turing and thus providing more reliable models that more precisely mimic the niche of the cells in native 

tissue.  

Hydrogels in combination with cells or without cells are broadly used in developing the 3D cultures [14]. 

Moreover, a variety of stimulations and conditions can be applied to the hydrogels which make them 

an ideal candidate for cardiac tissue model development [157]. The other approaches for providing the 

3D constructs include porous scaffolds, bioprinting, cell sheet engineering, tissue decellularization, or-

ganoids, etc. [158].  

For instance, in one of the studies, neonatal cardiac cells were mixed with collagen I and Matrigel, and 

produced a 3D tissue-like circular ring to apply mechanical stretching. The cells displayed elongation, 

organized sarcomeres, and longitudinal organization [136]. Lei et al.  used electrohydrodynamic print-

ing technique to print polycaprolactone (PCL) microfibers in a layer-by-layer manner scaffold with de-

fined orientation in each layer. The seeded cells in this structure showed improved adhesion, prolifer-

ation, gene expression, and conductivity [159].  

A number of studies combine 3D cell culture with other methods, such as mechanical, biochemical and 

electrical stimulation to provide more adult-like tissue structures, and reported higher maturation in 

3D cultures. For example, one study combined electrical stimulation with 3D cultures and compared it 

with the same condition in 2D culture of iPSCs. The results showed lower expression of fetal gene MYH6, 

higher expression of KCNJ2, and higher action potential, which are suggesting more adult-like and ma-

ture structures in the 3D cell culture combined with electrical stimulation.  

As the conclusion, it has been shown in several studies that the primary cardiomyocytes grown in vitro 

on 2D substrates dedifferentiate and alter their phenotype. However, 3D cultures with defined charac-

teristics, resemble physiological environment of the cardiac cell in native tissue and is preferable for in 

vitro studies. 3D culturing can be combined with other engineering technique to improve the matura-

tion and functionality of the cardiac cells in in vitro conditions. Nevertheless, additional work has to be 

conducted to understand and optimize the principles behind 3D culture and its importance in cardiac 

models, drug screening and toxicity [17].  
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1.5 Applications of bioengineered cardiac models 

Bioengineered cardiac models have a variety of applications in the field of regenerative medicine and 

tissue engineering. These applications include in vitro cardiac disease models, drug screening/discov-

ery, patch transplantation and hydrogel injection (similar to cell therapy). In this section, we focus on 

these applications (figure 1-11). 

 

Figure 1-12 Potential applications of cardiac tissue models.  

 

1.5.1 In vitro cardiac disease modelling   

One of the main reasons of developing cardiac models in vitro is their application in understanding the 

mechanisms and development of different diseases. Many of the cardiac disease are initiated from a 

mutation in cell genes, the impact of external stimuli, and the side effects of using different drugs [18]. 

Understanding the mechanisms of the disease, its progress, and the way to prevent or treat it, is an 

imperative challenge in this field. Therefore, providing a specific cardiac platform in vitro to mimic the 

native heart physiology, pathology, and diseases can be useful to better comprehend such problems 

[160]–[163]. Several studies used animal models for replicating the diseases, however, the drawback 

of using animal is the differences between animal and human tissue, in terms of dimensions, beating 

rate, response to the treatment, and ion channels contributions [164]. These differences affect the 
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accuracy of these models and lead to questionable results when compared with human tissue [164]. 

Some researchers isolated the human diseased cells, as the source of their cells for disease modelling. 

Another source of cells is iPSCs which can be used in disease model investigations. Despite the fact that 

these cell sources have great potential for disease modeling, without having an accurate platform for 

culturing these cells, the results obtained with such cells cannot be precise, due to the difference of the 

cells response in 2D and 3D culture. That would necessitate having an in vitro model that can replicate 

the critical parameters of the native tissue e.g. the alignment of the cell, 3D structure, and different 

stimuli.   

 

1.5.2 In vitro drug screening  

Cardiovascular toxicity is one of the major drawbacks of drugs used either for treating the cardiovascu-

lar diseases or treating other diseases such as diabetes and cancers, that can prevent them from enter-

ing the market [165]. In addition, a noticeable percentage of the new drugs which are approved by FDA 

are excluded from the market due to their cardiovascular toxicity [166]. Hence, it leads to the significant 

waste of time and budget for each of the rejected drug [167], [168]. 

In general, most of the scientists and pharmaceutical companies work on the hypotheses and results 

on 2D in vitro cell culture platforms to investigate and develop new drugs. However, they fail to mimic 

the main aspects of the living human tissues due to not controlling the biological environment tightly 

enough [169]. The conventional preclinical studies for drug screening and toxicity tests are composed 

of either 2D monolayer cell culture models or animal models.  

2D monolayer models are informative for understanding the molecular biology and the physiological 

responses of the cells, however, they suffer from the absence of the important cardiac tissue features 

such as the cell-cell and cell-ECM interactions, related protein and gene expressions, genetic instability 

and dedifferentiation, limited survival time in vitro, 3D sense of the construct, and lack of mechanical, 

electrical, and biochemical stimulations. In addition, drug diffusion and response kinetics in 2D models 

differ from the native in vivo responses, which make it problematic to extrapolate reliable and predict-

able results to preclinical, clinical and animal trials [161]. These limitations result in drug failure before 

entering the market because of the low efficiency of the models. 

Even though testing new drugs on animal models, provides informative results, it also leads to a high 

failure percentage for drugs in clinical trials due to models that are not totally biologically relevant to 

the human body [170]–[172]. The in vivo animal models offer a platform with multi-organ integration 

which makes a great benefit compared to 2D models. However, in addition to the ethical concerns, the 

particular physiological response of a specific tissue cannot be isolated and recognized from the whole 

model, which adds more complexity [171].  
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To overcome the limitations and deficiencies of both monolayer platforms and animal models, one 

should develop in vitro models which are faithfully representing the requirements of an adult physio-

logical and pathological human heart tissue such as 3D culturing, cell-cell and cell-ECM interactions, 

dynamic environment, electrical and mechanical activity, the tissue configuration and geometry. These 

reliable models are of huge interest for in vitro drug screening and disease modeling [146], [173], [174].  

Developing new drugs, investigating their side effects and interactions with other drugs or the cells, has 

always been motivating for researchers, pharmaceutical companies and the medical community. The 

collaboration between the bioengineering and microengineering fields allows to define promising ap-

proaches to provide a cost- and time-efficient pre-clinical drug screening. The functional models made 

of the collaboration of these two fields are reproducibly high throughput, more complex and can reca-

pitulate the in vivo environment precisely and the findings would be profoundly relevant to the human 

tissue responses [77], [169], [175]–[178]. 

These models represent an informative platform to understand, study, and develop new drugs. Addi-

tionally, they decrease the cost of drug development and can make more personalized platform for 

testing the drugs on human cells before exposing the patient to the drug. Therefore, it will diminish the 

cardiovascular toxicity of the drugs and provide relevant information about human physiology. 

 

1.5.3 Cell therapy 

One of the interesting approaches to treat the infarcted heart without invasive surgery is injecting the 

isolated cells from different sources such as embryonic stem cells, induced pluripotent stem cells, skel-

etal myoblasts, and native cardiac progenitor cells in the heart via pericardium, endocardium or coro-

nary arteries to increase the number of cardiomyocytes in the target zone and enhance the functional-

ity of the infarcted heart [179]. Cell therapies try to prevent the weakening of the heart tissue by provid-

ing an abundant number of healthy cardiomyocytes and non-cardiomyocytes in injected zone, resulting 

in a slight enhancement of the cardiac physiology in animal models with heart diseases. However, these 

improvements reduce with time and are not long-term solutions for cardiac diseases and heart failure 

[180], [181]. As in other cell therapy areas, investigations increasingly suggest the improvements seen 

are more due to paracrine signaling and myogenesis, rather than actual cell replacement, although 

many doubts prevail [180], [182]. Further studies are required to verify the cause of these enhance-

ments by cell injection and investigate the mechanism behind it [183].  

Nevertheless, the correct localization and maintenance of therapeutic cells in the native heart is clearly 

one of the main problems in cell therapy. Tissue engineering that are generally using biomaterials to  

protect the cells from shear forces during injection and to ensure proper localization and survival of the 

cells are therefore emerging[42],[94],[184], [185], [186].  Other challenges that biomaterials may help 
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address are reduction of immune rejection, as well as suppression of other unwanted cell types by 

reinforcing correct differentiation [179]. 

 

1.6 Limitations of current tissue engineering approaches  

The approaches for creating a cardiac model in vitro have to produce an adult tissue-like structure in 

terms of the maturity of the cells and the mechanical and biological properties of the whole structure. 

Hence, the bioengineered tissue constructs should mimic all the critical factors of the native cardiac 

tissue, e.g. the alignment of the cell in 3D, the mechanical characteristics, the maturation of the cells, 

and the presence of non-cardiomyocytes and biochemical cues.  

As outlined above, the different aspects of cardiac tissue engineering have brought to light many cap-

tivating works that have tried to recapitulate a piece of this fascinating organ. In vitro cardiac tissue 

models are numerous and each of them presents a great opportunity for concrete application in the 

fields of regenerative medicine, drug screening and disease modeling. However, the recapitulation of 

such models is associated with several challenges, including finding the right cell source, making the 

right choice in terms of biomaterial and implement a smart design that fits the application of the model. 

Whereas stem cells represent a very promising technology to tackle the challenges of cardiac tissue 

engineering in a near future, their use for the moment is limited to fundamental research due to the 

difficulty of applying all the necessary cues to differentiate them into the required cell type, as well as 

to insert stem cells-based grafts in the native environment. Concerning the scaffolding technologies 

reviewed, 3D biomaterials seem to display several advantages compared to their 2D homolog when the 

application of the cardiac model tends towards graft use. However, 2D cultures constitute a simple way 

of determining some key features of cardiac cells, such as elongation or orientation, as well as allowing 

for the observation of the effects of tuned mechanical stimulations. Also, we have highlighted the im-

portance of recapitulating mechanical cues when implementing a cardiac model. Providing all the pa-

rameters in a model makes it ideal for different application such as drug screening, implantation, etc. 

However, combining them is extremely challenging. For instance, the alignment of the cells in a 3D 

structure is still not easily achievable.  Finally, even with such improvements in the microenvironment 

of the cells, the real mechanisms of action remain unclear and need more investigation. As an example, 

the exact difference of the cell responses in 2D and 3D constructs is not yet fully understood.  

 

1.7 Thesis goals and structure 

In summary, having an accurate model that is a true representation of the in vivo human myocardium 

is essential for cell therapy, myocardial disease modelling and drug toxicity screening applications. 
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Hence, in chapter 2 of this thesis, our aim is to provide a simple, yet highly efficient in vitro model for 

cardiomyocyte differentiation and maintenance. Three main dimensions enter the model design 

[41][187]: extracellular matrix composition [81], mechanical stiffness [188] and interaction with stromal 

fibroblasts [38].  

The work was then continued by patterning the hydrogel in a way that we could have highly aligned 3D 

structures of cardiomyocytes in chapter 3. These structures resemble the trabeculae carneae which can 

be thought to constitute the smallest collection of aligned cardiomyocytes in native heart. In chapter 

3, we discussed these structure in more details. Providing the trabeculae carneae-like structure is a 

promising step toward the 3D cardiac models in vitro. This model has potential applications in drug 

screening, simplifies generation of cardiomyocytes and may provide building blocks for cell transplan-

tation. 

This work was extended by adding mechanical stimulation to the provided 3D structure in chapter 4. 

Mechanical stimulation improves the protein expression, maturity of the cells and provides more phys-

iologically relevant model in vitro for studying the biophysical, biochemical and biomechanical param-

eters on cardiac cells, cell maturation, drug screening, and related studies in tissue engineering.  

Chapter 5 summarizes all the achieved results and discusses the future of such heart models. In this 

chapter we will introduce some application of the cardiac model and the criteria that can be added to 

the present model to improve its functionality.  

These results together recommend that three-dimensional tissue engineered models with defined cell 

niche hold great promise for drug screening and cardiotoxicity testing[17]. 
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This chapter presents the hydrogel composed of porcine heart decellularized extracellular matrix and 

fibrin for the formation of an in vitro 3D cardiac cell culture model. This hydrogel is the scaffold of the 

3D structure that provides mechanical and biological support for culturing cells. This hydrogel has been 

used for the 3D experiments in the subsequent chapters. The content of this chapter has been submit-

ted as an original paper to biomaterials science journal and is at present available as preprint [80]. It is 

reproduced here with minor changes: additional conceptual and illustrative figures, some additional 

data, and additional discussion with respect to the thesis introduction and overall concept. Also, con-

tents of the supplementary to the original publication (submitted, not available with the preprint) have 

been incorporated into the text here. 

  

2.1 Introduction  

Our aim here is to provide a simple, yet highly efficient in vitro model for cardiomyocyte differentiation 

and maintenance. We designed this model to simultaneously recapitulate three main dimensions of 

the native cardiomyocyte environment [41][187]: extracellular matrix cues [81], mechanical stiffness 
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[188] and interaction with stromal fibroblasts [38]. This model has potential applications in drug screen-

ing, simplifies generation of cardiomyocytes and may provide building blocks for cell transplantation in 

regenerative medicine. 

Our first cardiomyocyte environment element is the choice of a specific cardiac extracellular matrix. 

We opt here for the use of porcine decellularized extracellular matrix (dECM) of cardiac origin to pro-

vide organ-specific cues [189], with reinforcement by thrombin-coagulated fibrin [190] for improve-

ment of mechanical properties [191]. Myocardial dECM has indeed been shown to powerfully support 

cardiomyocyte differentiation and maturation in many cell lineages, including human embryonic stem 

cells and rat neonatal ventricular cardiomyocytes [81]. Moreover, porcine cardiac dECM hydrogels are 

ultrastucturally similar to their human analogs [192] and known to provide functional benefits after 

myocardial infarction in animal models [193]. Preservation of part of the organ-specific cues [194][77], 

[195], including a fraction of the growth factors contained in the dECM [81][78], is thought to be re-

sponsible for correct organ-specific cellular differentiation (Figure 2-1). 

 

 

Figure 2-1 Schematic representation of cell-ECM interactions. ECM provides different biochemical and mechanical cues such as 

proteoglycans, growth factors, mechanical stiffness and structural features which helps the cell survival, proliferation, differenti-

ation, and functional behaviors regulation [59]. Reprinted with permission from [59]. Copyright (2017) American Chemical Soci-

ety.  

 

 

Besides dECM, a variety of synthetic and natural matrices have been used for cardiomyocyte culture 

[196][197][198][199][200]. Collagen I, and mixtures of collagen I with Matrigel have in particular been 
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reported to be supportive of spontaneous synchronized in vitro contractions, albeit requiring mixed 

cardiac cultures with both contractile and non-contractile cells, either primary or derived from induced 

pluripotent stem cells [197][201][200]. In vivo, collagen foams and Matrigel were further shown to en-

hance engraftment efficiency of the cardiac model cell line H9c2 [202]. With regard to the extracellular 

matrix element, an important aim of this study is therefore to quantify possible advantages of the pro-

posed dECM-fibrin composite over readily available commercial controls such as collagen I or Matrigel. 

The second element of our in vitro cardiomyocyte niche model is the achievement of appropriate me-

chanical stiffness. Pure cardiac dECM hydrogels have long gelation times [78] and mechanical proper-

ties far below native cardiac tissue [203][81]. This is a practical problem, since sedimentation during 

the extended gelling time will make cell seeding difficult [204]. More importantly, however, it is known 

that the differentiated phenotype of heart cells is the most prominent on substrates with stiffness com-

parable to that of the native heart [188].  

Various approaches to reinforce cardiac dECM are available, and include for instance covalent cross-

linking [205] or combination with additional hydrogels [206]. Williams, et al. combined the two ap-

proaches by blending fibrin with dECM from neonatal and adult rat hearts, followed by crosslinking 

with transglutaminase [79]. However, the lack of specificity of transglutaminases rises concerns about 

cellular toxicity in vitro [79] and possible side effects such as autoimmune reaction due to altered self-

epitopes in vivo [207]. To avoid such side reactions, we here use fibrin obtained by coagulation of fi-

brinogen with human thrombin [190] to raise the level of stiffness in dECM-fibrin blends in a more 

specific and safer way. The use of fibrin as opposed to synthetic polymers [206] is motivated by the 

reported increased efficiency of cardiac reprogramming in the presence of this biopolymer [88].   

Finally, the third element of the cardiomyocyte niche to be addressed in this study is the stromal sup-

port by fibroblasts. Although the cardiomyocytes in native heart tissue form around 75% of the cardiac 

tissue volume, they are 30-40% of the  total cell number [38], the remainder being mainly endothelial 

cells and fibroblasts [208]. Fibroblasts are surrounding the cardiomyocytes and connect different layers 

of the myocardial tissue, which provides mechanical anisotropy due to the cell alignment in this com-

plex structure [209]. The fibroblast cells in native heart tissue have a major and complex roles in cardiac 

development, myocardial structure, cell signaling, and electromechanical function [38][210].  In vitro, 

co-culture with fibroblasts has been shown to enhance skeletal muscle regeneration from myogenic 

progenitor cells as well as electrophysiological maturation of iPSC-derived cardiomyocytes [211]. More-

over, this anisotropic structure leads to higher electrical conduction in the direction of fiber orientation. 

Therefore, developing a model to mimic the spatial organization of the cardiomyocytes is imperative 

for functional cardiac tissue engineering. We hypothesize here that co-culture with fibroblasts in the 

context of a mechanically and biologically relevant matrix could be used to enhance differentiation of 

cardiomyocytes from myoblast progenitor cells. 
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We use the H9c2 cell line as a model system for cell differentiation [212]. Originally derived from rat 

embryonic ventricular heart tissue, this immortalized line spontaneously differentiates towards skeletal 

muscle upon reaching confluence [212]. Yet, upon exposure to retinoic acid, cardiac differentiation can 

be recovered [213]. The cardiac differentiation efficiency of H9c2 cells can be further enhanced by the 

presence of fibroblast-derived matrix in addition to the retinoic acid [214]. Our aim is to optimize car-

diogenic differentiation of H9c2 by combining fibroblast support with appropriate mechanical and ma-

trix cues in composites of coagulated fibrin and porcine cardiac dECM hydrogels. We aim at replacing 

the exogenous retinoic acid by endogenous cues to simplify the differentiation protocol. This allows to 

avoid the presence of the strong, widespread effects of retinoids on gene expression in screening and 

gene expression profiling experiments [215].  

Regarding the development of a cardiac in vitro niche with relevant cellular, mechanical and matrix 

components, a major aim is also to better support physiological electromechanical activity and syn-

chronization of primary neonatal cardiomyocytes. Hence, we also investigate synchrony, beating rate 

and recovery time of neonatal cardiomyocytes in various hydrogel compositions including fibrin, colla-

gen I and Matrigel, but also the composites fibrin-collagen I and dECM-fibrin. This allows us to further 

refine our comprehension of niche effects, with relevance to culture of primary neonatal cardiomyo-

cytes and the optimal definition of tissue engineering and transplantation matrices. Figure 2-2 shows a 

schematic of the work in this chapter, including extracellular matrix decellularization, hydrogel prepa-

ration based on dECM and characterization, and cardiac cell functionality in this novel hydrogel. 

 

 

Figure 2-2 Schematic of the proposed approach in this chapter. Phase 1: dECM-fibrin hydrogel preparation, Phase 2: characteri-

zation of the hydrogel. Phase 3: investigating the functionality of cardiac cells in the hydrogel. Phase 4: the application of this 

model.  

E 
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2.2 Methods  

2.2.1 Extracellular matrix decellularization 

Decellularized porcine cardiac extracellular matrix forms the basis of the dECM-fibrin hydrogel studied 

in this chapter. The procedure for decellularization of the cardiac tissue was based on published litera-

ture[189]. Briefly, porcine heart tissue was obtained from a local slaughterhouse and the ventricles cut 

into pieces of about 1 mm in thickness. The pieces were rinsed with deionized water and then stirred 

in 1% Sodium Dodecyl Sulfate (SDS) in a phosphate buffered saline (PBS) solution for 48-72 h at 4°C, 

followed by 1% Triton X-100 for an additional 30min. Finally, the preparation was stirred in deionized 

water overnight and freeze-dried. The dECM powder thus obtained was suspended in 0.1M HCl, fol-

lowed by pepsin (Sigma P6887) digestion for 72 hours (100mg of dECM and 10mg of pepsin per 1mL of 

HCl) [189]. The pH was then adjusted to 7.4 by gradual addition of NaOH, yielding a solution of 100 

mg/mL dECM. dECM stock solution was finally obtained by adding Dulbecco’s Modified Eagle Medium 

DMEM (Thermofisher, cat# 41965) to reach a final dECM concentration of 50mg/mL. The steps of this 

procedure are shown in figure 2-3. 

 

 

Figure 2-3 ECM decellularization protocol: A. Cutting the ventricles to small pieces, B. Rinsing with deionized water followed by 

stirring in 1% Sodium Dodecyl Sulfate (SDS) in a phosphate buffered saline (PBS) solution for 48-72 h at 4°C. C. Stirring with 1% 

Triton X-100 for 30min. D. Freeze drying the decellularized pieces to provide the dECM powder. E. Suspending dECM powder in 

0.1M HCl, followed by pepsin digestion for 72 hours. F. pH adjustment to 7.4 by gradual addition of NaOH. 
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2.2.2 Extracellular matrix characterization 

To verify the extent of decellularization, the residual DNA content in both native and decellularized 

tissue was measured. For this, dECM (respectively intact cardiac tissue) was dissolved in lysis buffer (0.5 

M EDTA pH 8.0, 0.5% sodium dodecyl sulfate) and 100µg/mL proteinase K (Sigma, P4850) overnight at 

55℃ [216]. The resulting suspension was vortexed, and proteins precipitated with phenol-chloroform, 

followed by centrifugation at 13700rpm for 40min. DNA was then isolated by recovery of the top (aque-

ous) phase, followed by addition of 0.5 mL ethanol, resuspension in deionized water, and quantification 

by Carry 50 spectrophotometer using a quartz cuvette at 260nm. For further quantification of dECM 

composition, collagen and Glycosaminoglycan (GAG) content in the dECM were measured using the 

Sircol™ Soluble Collagen Assay kit and Blyscan Sulfated Glycosaminoglycan Assay kit. The protein con-

centration of the dECM was also measured using Pierce™ BCA Protein Assay Kit to have better under-

standing of the collagen content of the dECM. For that, we considered collagen as the control sample. 

Finally, histological sections of dECM were obtained by standard paraffin embedding. The sections were 

stained with hematoxylin-eosin (H&E), Sirius red, and Miller staining and scanned using an Olympus 

VS120-L100 microscope slide scanner to verify the presence of collagen and elastin. 

 

2.2.3 Hydrogel preparation  

To produce the compound dECM-fibrin hydrogel, we first prepare a pre-gel solution. For this, we mix 

100 µl of 50mg/mL dECM stock solution (as described above), 528 µl of 50mg/mL fibrinogen (Sigma, 

F3879) solution, 100 µl of HEPES 1M pH 7.4 and 269 µl of DMEM. To induce gelling of the pre-gel solu-

tion, we then add 1.7 µl of Thrombin (Sigma, T1063, 250U/mL) and 1.3 µl of calcium chloride 1M, and 

start incubation at 37 ℃. This yields a final composite gel with 5mg/mL dECM and 26.4 mg/mL fibrino-

gen. 

Matrigel (Sigma, E1270, solution supplied at 9mg/mL) was diluted to 3mg/mL before gelation by using 

DMEM. Collagen I (Sigma, C4243, solution supplied at 3mg/mL) was diluted to 1mg/mL with DMEM 

prior to gelation. This also neutralized the pH. Finally, the fibrin-collagen I composite was prepared by 

mixing 157 µl of 3mg/mL collagen stock solution, 314 µl of DMEM, followed by 528 µl of 50mg/mL 

fibrinogen. Gelling was then induced by adding 1.3 µl of calcium chloride and 1.7 microliters of throm-

bin (250U/mL).   

To include cells, the necessary amount of cells to achieve a final total cell concentration of 106 cells/ mL 

was pelleted, followed by complete removal of the supernatant. The pellet was resuspended in pre-gel, 

followed by induction of gelation by addition of calcium chloride and thrombin solutions (fibrin-based 

hydrogels), and placement at 37℃ in 5% CO2 atmosphere.  
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2.2.4 Mechanical properties  

To measure the mechanical properties, fibrin and dECM-fibrin hydrogels were prepared and pipetted 

into cryovials where they remained for 30 min at 37°C to gel. The samples were then removed from the 

cryovials and subjected to compression testing using a dynamic mechanical analyzer (TA Instruments 

DMA Q800). The storage and loss moduli are defined as follows [217]: 

Storage:  E' = 
𝜎0

𝜀0
 cos 𝛿,    Loss: E'' =  

𝜎0

𝜀0
 sin 𝛿 

Where σ0 is stress, ε0 is strain, and δ is the phase angle or phase lag between the stress and strain.  

The Young’s modulus is:       𝐸 = √𝐸′2 + 𝐸"2 

 

2.2.5 Microstructure characterization  

The microstructure was analyzed by scanning electron microscopy (SEM). For this, the hydrogel sample 

was frozen and lyophilized. The lyophilized sample was coated with a few nanometers (5-10nm) of gold 

prior to performing SEM imaging. 

 

2.2.6 dECM stability study with fluorescently labeled dECM 

To investigate the stability of the dECM in our composite hydrogel, we fluorescently labeled the dECM 

using rhodamine isothiocyanate [218]. For this, we suspended 300mg dECM powder in 10mL of 0.1M 

HCl. The pH was adjusted to 10.3 with 0.9mL NaOH 1M and 0.3mL of Na2CO3 1M. 6mg of rhodamine 

isothiocyanate was dissolved in 10mL of isopropanol, and this solution was added to the reaction mix, 

followed by 10mL of distilled water. After overnight incubation, the dECM was precipated and repeat-

edly washed with excess isopropanol, until a clear washing solution above strongly stained precipitate 

was obtained. The precipitate was air-dried overnight. dECM-fibrin hydrogels were prepared with flu-

orescently labeled dECM, using identical procedures as for unlabeled dECM. Fluorescent imaging was 

conducted after 1, 7, and 14 days of incubation in PBS at 37°C.  

 

2.2.7 H9c2 cell culture 

H9c2 cells were obtained from the European Collection of Authenticated Cell Cultures (ECACC) (Lot# 

17A028). The cells were cultured in DMEM medium supplemented with 10% fetal bovine serum and 

1% penicillin and streptomycin in 75 cm2 tissue culture flasks at 37°C and 5% CO2 in an incubator. In 
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accordance with supplier instructions, the H9c2 cells were passaged before reaching 70-80% confluency 

to avoid loss of differentiation potential [213].  

 

2.2.8 Nor-10 cell culture 

NOR-10 (ECACC 90112701) cells from skeletal muscle were obtained from the European Collection of 

Authenticated Cell Cultures. The cells were cultured in DMEM medium supplemented with 10% fetal 

bovine serum and 1% penicillin and streptomycin in 75 cm2 tissue culture flasks at 37°C and 5% CO2 in 

an incubator. They were split before reaching 70-80% confluency according to supplier’s notice [219].  

 

2.2.9 H9c2 differentiation 

As a starting point in our investigation into use of various hydrogels to enhance cardiogenic differenti-

ation of H9c2 cells, we used a known differentiation procedure of H9c2 cells to cardiomyocytes [220]. 

This procedure implies simultaneous decrease of the serum percentage to 1% and application of retin-

oic acid for 5 days, before one to two last days of culture in expansion medium (DMEM with 10% FBS 

without addition of retinoic acid) [220].  Using this protocol, we studied co-culture with Nor-10 fibro-

blasts (100/0, 70/30, 50/50, 30/70, 0/100 H9c2: Nor-10 ratios with the total cell density of 106cells/mL) 

in different concentrations of retinoic acid (0-2000nM) for enhancement of the cardiogenic differenti-

ation efficiency. With a fixed 30% H9c2, 70% Nor-10 ratio and in the absence of retinoic acid, we then 

screened various hydrogels such as collagen I, Matrigel, and the thrombin-coagulated dECM-fibrin hy-

drogel for their capacity to substitute for retinoic acid in H9c2 cardiogenic differentiation.  

 

2.2.10 Cell seeding onto hydrogel surfaces (2D) 

To study the biochemical influence of different hydrogels on cardiomyocyte differentiation in a 2D ge-

ometry, we prepared ca. 0.5mm high hydrogel blocks in 48-well plate. For this, we gelled 50µl of dECM-

fibrin, collagen or Matrigel in wells of interest. We then applied H9c2 cells mixed with Nor-10 fibroblasts 

at a ratio of 30% to 70% with density of 2.5×105 cells per cm2 on top of the hydrogels. The differentiation 

protocol was conducted without addition of retinoic acid: 5 days with 1% FBS in DMEM, followed by 1 

day of 10% FBS in DMEM [220]. 
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2.2.11 Cell seeding in 3D hydrogel 

To assess whether differentiation could be improved in 3D vs. 2D, we mixed dECM-fibrin pre-gel with 

Nor-10 and H9c2 cells (70/30 ratio, 106 cells/mL). Then thrombin and calcium chloride were added to 

the solution, and 200µl of the solution was rapidly poured in a 48-well plate where the hydrogel solid-

ified in the incubator. Collagen and Matrigel were used as controls. The differentiation protocol was 

otherwise identical to the differentiation experiments on the 2D hydrogels, with serum reduction only 

in the absence of exogenous retinoic acid. 

 

2.2.12 Immunostaining and 3D imaging  

For immunostaining, cell culture samples were fixed in 4% of paraformaldehyde (PFA) for 20min at 

room temperature (RT). Then, 0.1% Triton X-100 was added to permeabilize the cells for 30min at RT. 

By incubating cells with phalloidin-Atto 488 (Sigma 49409)  (1:50) for 45min at 4ºC, actin filaments were 

made visible in all types of cells [221]. 

We assessed the differentiation by measuring the fraction of H9c2 cells positive for troponin T by im-

munofluorescence using the T6277 antibody from Sigma. As this antibody detects both cardiac and 

skeletal muscle troponin T, we also confirmed cardiac differentiation on dECM-fibrin samples using an 

antibody specific to cardiac troponin T (Abcam, ab8295).  

For immunofluorescence, the cells were first blocked with 1% BSA for 1 hour at 37ºC. Troponin T pri-

mary antibody (Sigma, T6277, 1:50) was then added, followed by incubation overnight at 4ºC. Alexa-

568 secondary antibody (Sigma, A10037, 1:1000) was added after washing with DPBS (Gibco 2062235) 

and incubated for 45min at 37ºC, prior to washing with DPBS and staining with 4’,6-diamidino-2-phe-

nylindole (DAPI, 1:2000 from 5mg/ml stock solution) for 5min. DAPI was replaced with DPBS before 

imaging the cells under a fluorescence microscope. We quantify the differentiation percentage as the 

surface area covered by cells expressing troponin T, relative to the total area of the fluorescent images, 

and normalize to the percentage of H9c2 cells seeded in co-culture. 

 

2.2.13 Neonatal cardiomyocytes isolation  

To study the effect of the thrombin-coagulated dECM-fibrin hydrogel on primary cardiomyocytes, we 

isolated primary rat neonatal cardiomyocytes. Cardiac cells have been isolated from the neonatal 

Wistar rat hearts. Hearts are removed and ventricles are finely minced into cubes with 1mm ×1mm 

dimensions. The minced tissue was washed in an ethylene glycol tetra acetic acid-based heart mincing 

solution containing 100 mM NaCl, 2 mM EGTA, 5 mM MgCl2, 1 mM dithiothreitol, and 7 mM phosphate 
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buffer (pH 7) and resuspended in a dissociation solution containing 30 mg collagenase in 50 ml PBS plus 

12.5 µl 100 mM CaCl2. This solution was placed in a glass vial with a magnetic stirrer and stirred at 70 

rpm at 35°C for 10 min. the supernatant was discarded and fresh dissociation solution was added to 

dissociate the tissue. This dissociation cycle was repeated for 3 to 5 times. After the tissue is completely 

disaggregated, the solution is centrifuged for 5 min at 1000 rpm, the supernatant discarded and the 

cells are resuspended in culture medium. The cells were filtered using 70 µm cell strainer, pre-plated 

for 2h, recollected and filtered again to obtain a pure population of neonatal cardiomyocytes.  

 

2.2.14 Calcium imaging  

For calcium imaging, we seeded the primary rat cardiomyocytes (2.5×105cells/cm2) onto hydrogel slabs 

prepared in 48-well plates (50 µl of hydrogel per well, as before). Tissue culture controls were prepared 

by leaving out the hydrogel polymerization step. After 3 days of culture in DMEM with 10% FBS, the 

cultures were loaded with 2 μM Fluo-4 AM (F14217) for 30 min at 37°C. Calcium transients were then 

recorded using fluorescent microscopy at room temperature. Temporal peak detection was based on a 

custom ImageJ plugin, implementing the publicly available findpeaks function of Octave [222] in Java. 

The plugin is available for download at https://github.com/tbgitoo/calciumImaging, along with source 

code and a user manual. We used this plugin to evaluate local beating frequency and temporal phase 

shift from the calcium imaging videos. 

 

2.2.15 Beating characteristics 

To assess the contractile properties of primary cardiomyocytes in 3D cultures, we suspended the pri-

mary rat cardiomyocytes at a cell density of 106 cells/mL in pre-gel mixtures of dECM-fibrin, fibrin, and 

fibrin-collagen I composite. After gelling of 200 μL of cell-hydrogel mixture per well in a 48-well plate, 

the cultures were followed both visually and videographically. Synchrony and onset of beating was 

judged visually on a per-well basis. To quantify the mechanical beating rate of the cells, movies were 

acquired by connecting a video camera to the microscope, while maintaining the samples at 37℃ in a 

temperature-controlled chamber. For quantification of the beating frequency, we used the Pulse soft-

ware (Cellogy Inc.) [223]. 

2.2.16 Statistical analysis 

Data were compared using unpaired t-test (two-tailed, equal variances) in the GraphPad software. Error 

bars represent the mean ± standard deviation (SD) of the measurements (∗ p < 0.05, ∗ ∗ p < 0.01, and 

∗ ∗ ∗ p < 0.001). 
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2.3 Results  

2.3.1 Decellularization characteristics 

We successfully decellularized porcine cardiac extracellular matrix. As shown in Figure 2-4A, the total 

amount of remaining DNA is less than 50ng/mg of tissue, indicating essentially complete removal of 

cells [224]. The concentration of the extracellular matrix components collagen and glycosaminoglycans 

(GAG) was measured in the native tissue and after decellularization, and shows no loss of these com-

ponents in the resulting dECM (Fig. 2-4B, 2-4C). H&E, Sirius red for collagen and Miller for elastin stain-

ing confirmed the absence of cells and cell debris and the presence of collagen and elastin in the matrix 

after decellularization (Fig. 2-4D).  The result of BCA test for dECM and collagen suggests that the pro-

tein content of the 3mg/ml dECM is almost the same as protein content of 1.5mg/ml collagen. Hence, 

it shows that around 50% of the dECM components are protein (mainly collagen). 

 

                   

  

Figure 2-4 dECM and ECM characterization. A, B, C. DNA, Collagen, and GAG content of the dECM after lyophilization and dissolv-

ing in lysis buffer D. H&E, Sirius red and Miller staining used for staining the nuclei, Collagen and Elastin respectively, which proves 

the presence of collagen and elastin and removal of the DNA. *** = significant difference for p < 0.001 (N = 3-4 per condition). 

Scale bar: 100µm. 
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2.3.2 Mechanical properties 

Figure 2-5A shows the relation of between the elastic modulus and fibrinogen concentration in pure 

fibrin gels. In agreement with literature [191], higher fibrinogen concentrations are associated with 

higher Young moduli, although at the highest concentrations, a saturation effect can be seen. The eval-

uation of the storage and loss moduli in dECM-fibrin gels in a linear temperature scan is presented in 

Figure 2-5B. 

At 37℃, the Young’s modulus of the dECM-fibrin hydrogel stabilizes at about 21 kPa, falling into the 

reported range of native adult myocardium from 11.9 to 46.2 kPa [188]. This confirms that mechanical 

properties adequate for heart cell culture can be achieved with the thrombin coagulation method cho-

sen, eliminating the need for less specific crosslinking agents [188], [225]. 

 

Figure 2-5 Mechanical characterization. A. Stiffness of fibrin gels at different concentrations at room temperature. 

This allows to determine the optimum concentration of fibrinogen in the hydrogel. B. Storage and loss moduli of 

the dECM-fibrin hydrogel in a temperature scan (from 25 to 40). The Young’s modulus of the hydrogel can be 

calculated from these measurements. It is comparable to the one of the native heart. C. Gelation time of the dECM 

and dECM-Fibrin hydrogels at 37℃. In the case of the dECM-Fibrin hydrogel, 2 minutes are sufficient for handling 
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the gel *** = significant difference, p < 0.001 (N = 3-4 per condition). D. Macroscopic appearance of the gelated 

hydrogels (Scale bar: 5mm). 

 

2.3.3 Gelation time 

Fig. 2-5C shows that the gelation time of dECM alone, in the absence of cells, is about 10 minutes. By 

adding fibrinogen and thrombin to the hydrogel, the gelation time is reduced to about 1-2 minutes, 

which is sufficient for handling the cells in 3D while avoiding cell sedimentation. Figure 2-5D shows the 

macroscopic structure of the dECM-fibrin hydrogel after gelation.  

 

2.3.4 Structural characterization and dECM stability 

Fig. 2-6A shows a scanning electron micrography image of the dECM-Fibrin hydrogel, whereas Fig. 2-6B 

shows specifically the spatial distribution of rhodamine-labelled dECM within the dECM-fibrin compo-

site. The heterogeneous structure of the hydrogel can be observed in both imaging modes. This implies 

that coherent pieces of dECM subsist and are embedded into fibrin, rather than forming a spatially 

homogeneous mixture, with heterogeneity probably defining local niche structures.  Fig. 2-6C and 2-6D 

indicate stable maintenance of dECM within the dECM-fibrin composite at 7 and 14 days, with no loss 

of dECM detected. The confocal stack of control dECM-fibrin hydrogel without rhodamine labeling 

shown in Fig. 2-6E validates the specific detection of rhodamine-labelled dECM as it shows virtual ab-

sence of autofluorescence at the exposure settings used for Fig. 2-6B-2-6D. 
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Figure 2-6 Microstructural analysis of dECM-fibrin gels. A. Scanning electron microscopy image of the dECM-fibrin hydrogel.  B-

D. dECM was labeled with rhodamine isothiocyanate and gelled together with fibrin. Confocal images were taken after B) 1 day, 

C) 7 days, and D) 14 days, E) the dECM-fibrin hydrogel without rhodamine-labelling. The distribution of dECM is locally heteroge-

neous. No significant loss of dECM occurs during this time. Scale bar: 100µm 

 

2.3.5 H9c2 in co-culture with fibroblast cells 

To investigate the role of extracellular matrix components, and particularly dECM-fibrin as compared 

to control matrices such as collagen and Matrigel, we used cardiogenic differentiation of the H9c2 my-

oblast line as a model system[226]. The differentiation of H9c2 cells to cardiomyocytes is traditionally 

initiated by reducing the serum in the culture medium to 1% in the presence of all-trans-retinoic 

acid[220].  

In preliminary trials to adapt this procedure for use with our hydrogel systems, we found that retinoic 

acid induces fibrinolysis. This led to dissolution of fibrin-based gels. Retinoic acid is a known transcrip-

tional activator for the expression of fibrinolytic enzymes[227][228]. In addition, we find the dissolution 

effect to partly persist even in cell-free systems, indicating a chemical effect as well. Hence, our first 

step is to optimize cardiac differentiation in H9c2 cells in the absence of retinoids.  

Fibroblast-derived matrix has been shown to enhance retinoid-based differentiation of H9c2 cells[214]. 

Here, we assess whether a similar favorable effect on the H9c2 cardiogenic differentiation can be ob-

tained by direct co-culture with Nor-10 fibroblasts[229]. 

A B 
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We first optimize the co-culture ratio of H9c2 cells to Nor-10 fibroblasts. The aim is to increase cardio-

genic differentiation of H9c2 cells in the presence of a minimal amount of retinoic acid. For the sake of 

simplicity, we investigate this in 2D co-culture, without hydrogel, but systematically vary both the H9c2: 

Nor-10 seeding ratio and retinoic acid concentrations. Confirmation of specific cardiac markers is fur-

ther given in figure 2-7. These preliminary experiments were carried out on regular tissue culture plates 

to better quantify the effect of co-culture on H9c2 differentiation, and also to evaluate whether Three 

important conclusions can be drawn: First, in pure Nor-10 fibroblast cultures (“0-100” in Figure 2-7), no 

troponin T could be detected, regardless of the retinoic acid concentration. This indicates that cardio-

genic differentiation is specific to the H9c2 cells. Second, in the absence of retinoic acid, cardiogenic 

differentiation remains always low on tissue culture plates, regardless of the co-culture conditions. Fi-

nally, co-culture with Nor-10 fibroblasts lowers the concentration of retinoic acid necessary to achieve 

efficient differentiation. 

Overall, we see that on tissue culture plates, Nor-10 fibroblasts can partially substitute for addition of 

retinoic acid to induce cardiogenic differentiation in H9c2 cells. A minimal amount of retinoic acid (be-

low 15nM) remains however necessary. This contrasts with the co-cultures on and in 3D hydrogels, 

where efficient cardiogenic differentiation was obtained in the complete absence of exogeneous retin-

oic acid. This indicates that the combination of co-culture with Nor-10 fibroblasts and culture in the 

presence of various hydrogels completely substitutes for addition of retinoid acid. 
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Table 2-1 shows the percentage of cardiogenically differentiated H9c2 cells, evaluated as the relative 

surface area covered by cells expressing troponin T corrected for the proportion of H9c2 seeded. The 

heatmap (Table 2-1A), outlines the differentiation percentage of the H9c2 cells thus calculated for dif-

ferent values of the ratio of fibroblast cells to H9c2 cells and different concentrations of retinoic acid 

after 7 days in culture. The results demonstrate that the lower the fraction of H9c2 seeded, the higher 

the relative differentiation efficiency, indicating that neighboring Nor10 cells help drive the cardiac dif-

ferentiation of H9c2 cells. As a compromise between high relative differentiation efficiency and achiev-

able absolute numbers of differentiated cells, we choose the seeding ratio of 30% H9c2 cells to 70% 

fibroblast cells as the preferred condition for subsequent experiments. Of note, even this optimized co-

culture could not completely substitute for the addition of retinoic acid, as below 62.5nM the differen-

tiation efficiency started dropping, to reach only about 7% in the absence of the retinoid (Table 2-1B). 

Overall, we retain that performing co-culture with fibroblasts improves the differentiation efficiency 

and dramatically reduces the required concentration of retinoic acid for differentiation.  

 

 

 

 

 

 

 

Table 2-1  Differentiation of H9c2 cells in mono- and co-culture on tissue culture plates. A) The heat map of normalized differen-

tiation percentage of H9c2 cells for different concentrations of retinoic acid and for different ratios of H9c2 to fibroblast cells. 

Cultures in 2D, without hydrogel, for 7 days (differentiation duration). B) Selected numerical values for the differentiation per-

centages for the 30/70 ratio and 100/0 ratio.  
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Figure 2-7 Specific cardiac troponin T staining. A) Differentiation protocol B) Co-culturing and differentiation of H9c2 and fibro-

blast cells (30%/70% seeding ratio) with different concentrations of retinoic acid RA (0-1 micromolar), on tissue culture plates C) 

Co-culturing and differentiation of H9c2 and fibroblast cells (30%/70% seeding ratio) on dECM-fibrin, no retinoic acid added. 

A 
Fix, stain cardiac Tropo-

nin T (Abcam, ab8295 ) 

5 days DMEM-1% FBS 

B: +/- retinoic acid 
1-2 days DMEM-10% FBS 
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2.3.6 Cell seeding and differentiation on hydrogel-coated surface 

We next assessed the capacity of various hydrogels to enhance cardiogenic differentiation in H9c2 cells. 

We also aimed at replacing the retinoic acid in the H9c2 differentiation protocol by similar favorable 

effects mediated by the microenvironment. 

Having confirmed that Nor-10 fibroblasts favor cardiogenic differentiation of H9c2 cells, we seeded 

H9c2 cells and Nor-10 fibroblasts at a ratio of 30%:70% onto hydrogel slabs in 48 well plates. Figure 2-

8A to 2-8D show the extent of troponin T expression on dECM-fibrin, Matrigel, collagen and tissue cul-

ture plate control after 1 week of differentiation. Figure 2-8H quantifies the percentage of differentia-

tion of H9c2 in co-culture with fibroblasts on the different materials. The proportion of differentiated 

H9c2 cells is larger on the dECM-fibrin hydrogel than on cell culture plates (P=0.0001) and Matrigel 

(P=0.0024), but similar to the one on collagen (P=0.645). These results suggest that the influence of 

dECM on the differentiation of H9c2 cells is likely mediated by its collagen content.  

The effect of suitable extracellular matrix is striking: The combination of co-culturing the H9c2 cells with 

Nor-10 fibroblasts and the presence of either dECM-fibrin or collagen outperforms even the highest 

concentrations of retinoic acid in H9c2 monoculture in 2D (comparison to Table 2-1B, 100/0 ratio, 

2000nM retinoic acid, P=0.0059 between dECM-fibrin and 2D, and P= 0.0106 between collagen and 

2D).  
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Figure 2-8 Differentiation of H9c2 cells in co-culture with fibroblasts on different hydrogels (2D) and in the dECM-fibrin hydrogel 

(3D) in the absence of retinoic acid. Differentiation A) on dECM-fibrin, B) on Matrigel, C) on collagen I, and D) on cell culture 

plates after 7 days of differentiation E) Confocal images of the differentiation of H9c2 cells in the 3D co-culture of 30% of H9c2 

cells and 70% fibroblasts in dECM-fibrin hydrogel after 7 days (differentiation duration). F) top view, and G) bottom view of the 

cells in dECM-fibrin hydrogel. H) Percentage of differentiation of H9c2 cells on different hydrogels in 2D and 3D. Troponin T 

staining shows the differentiated cells in red. Phalloidin stains the actin filaments of all the cells in green and DAPI in blue stains 

the nuclei. Scale bar: 100µm (P=0.0024 for dECM-fibrin vs. Matrigel, P=0.0001 for dECM-fibrin vs. cell culture plate, and P=0.645 

for dECM-fibrin vs. collagen). 
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2.3.7 Cell seeding and differentiation in 3D hydrogels 

Having evaluated and optimized differentiation efficiency on the surface of various hydrogels, our next 

step was to proceed to a truly 3D co-culture configuration. For this, we included the suspended cells 

H9c2 and Nor-10 cells to be co-cultured in the dECM-fibrin hydrogel prior to gel formation. Cells cul-

tured in the 3D structure of the dECM-fibrin hydrogel attached, spread, and formed a network through-

out the wells. We also attempted 3D culture in collagen I and Matrigel[230], [231], but could not carry 

out the entire differentiation protocol in 3D, since after about 2 days, the gels had become very soft 

with a large part of the cells attached to the floor of the wells. 

Figure 2-8E shows the H9c2 cell differentiation in the 3D hydrogel using Troponin T staining. The top 

and bottom view of the 3D hydrogel has been shown in figure 2-8F, and 2-8G. The cells attached, 

spread, and formed a network throughout the wells. The differentiation percentage of H9c2 cells in co-

culture with fibroblasts in 3D dECM-fibrin hydrogel was 83±8% (Figure 2-8H). This is significantly better 

than the 2D co-cultures of H9c2 and fibroblast cells on top of dECM-fibrin coated surfaces (P = 0.0007), 

indicating a specific advantage of the 3D configuration. To achieve a similar differentiation efficiency in 

2D, the combination of retinoic acid and co-culture is required (P=0.77). 

Due to the fragile nature of the pure collagen I gels, we could not assess whether there is a difference 

between dECM-fibrin and collagen I regarding H9c2 differentiation in 3D. However, from the 2D results 

given in Figure 2-8H, it seems that the primary advantage of the dECM-fibrin gel over collagen I in the 

H9c2 system is mechanical ruggedness, both gels showing high differentiation capacity. 

Overall, we conclude that the very high differentiation efficiency in our 3D co-culture system affords 

the freedom to avoid retinoids altogether. Co-culture with Nor-10 fibroblasts, the 3D environment, and 

a collagen-based matrix all have a positive effect on cardiac differentiation of H9c2 cells.                    

 

2.3.8 Neonatal cardiac cells on 2D and in 3D hydrogels  

To study the effect of different hydrogels with a more physiologically relevant cell system, we next 

cultured primary neonatal cardiomyocytes on surfaces (2D culture) of dECM-fibrin hydrogel, in com-

parison with various controls: tissue culture plates, the commercial matrices collagen I and Matrigel, as 

well as a fibrin-collagen I composite. This latter is the closest analog to dECM-fibrin with chemically 

defined composition. To assess electrophysiological activity, we videographically recorded intracellular 

calcium ionic concentration variations by using the Ca2+ indicator Fluo-4 AM at 3 days of culture. Sample 

videos are provided as supplementary Videos S4 (dECM-fibrin), S5 (fibrin-collagen I), S6 (collagen I), S7 

(Matrigel), S8 (tissue culture plate). From the calcium oscillation videos, we evaluated local frequency 
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(Figure 2-9A to 2-9E) and local phase (Figure 2-9F to 2-9J). The results indicate essentially perfect syn-

chrony on the dECM-fibrin hydrogel, regarding both frequency (2-9E) and phase (2-9J). This is followed 

by fibrin-collagen I where the phase analysis (2-9I) shows some individual desynchronized cells and 

regions with increased lag. The other conditions show even higher degrees of variability in phase and 

frequency, common timing being nearly lost on Matrigel (2-9G). This indicates that dECM-fibrin per-

forms best regarding synchronization of calcium influx. The result correlates with morphological obser-

vation: cell spread and morphological connectivity improve in parallel with synchrony along the series 

Matrigel, collagen I and tissue culture plates, fibrin-collagen I, culminating in dECM-fibrin hydrogels. 

Having established optimal properties of the dECM-fibrin matrix regarding synchronization of calcium 

influx, we next investigated mechanical contraction activity. In light of the results obtained by calcium 

imaging, we compared 3D cultures of rat neonatal cardiomyocytes in dECM-fibrin hydrogels to similar 

cultures in fibrin alone and fibrin-collagen I. 

The normal beating rate of the neonatal rat heart is around 276-423 beats per minute (bpm)[232], 

whereas for isolated primary cells in vitro on standard cell culture conditions it is about 100-115 bpm, 

(manufacturer’s notice[233], confirmed in preliminary trials). Figure 2-9K shows a profound effect of 

the extracellular matrix environment on the beating rate. At 77 bpm at 5 days of culture, pure fibrin 

gels sustain a relatively low beating rate, whereas fibrin-collagen I (166bpm, P=0.0001 vs. fibrin) and 

even more so dECM-fibrin cultures (206bpm, P=0.0001 vs. fibrin-collagen I) approach the expected rate 

of the neonatal heart. The recovery of the mechanical beating function was gradual as indicated by the 

progressive rise of beating frequency for all conditions in Figure 2-9K, and started earlier in the dECM-

fibrin hydrogel as compared to the other conditions. 

Finally, in Figure 2-9L, we visually quantified the synchrony of the neonatal cardiac cell cultures. The 

neonatal cardiomyocyte extracts seeded in dECM-fibrin gel displayed synchronous contractions from 

the first day on, and for at least 10 days. In contrast, cardiomyocytes seeded in fibrin did not show 

synchronous beating until day 5 and typically stopped beating after 7 days.  The cardiomyocytes cul-

tured in fibrin-collagen I showed intermediate behavior by reaching synchronicity at day 3, but similar 

to fibrin, they did not beat after 7 days. These results confirm the superior results obtained with the 

dECM-fibrin hydrogel in calcium imaging (Figure 2-9A to 2-9J), and make dECM-fibrin the optimal hy-

drogel for primary neonatal cardiomyocyte culture among the various options compared here.  
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Figure 2-9 Calcium transients and beating characteristics of cardiomyocytes interacting with different hydrogels. A-J) Calcium 

imaging for neonatal cardiomyocytes seeding onto different hydrogels, and tissue culture plate (control). A-E) Frequency, F-J) 

Phase (positive values indicate earlier beating, negative value retardation). Hydrogels used in calcium imaging: tissue culture 

control (A and F), Matrigel (B and G), collagen I (C and H), fibrin-collagen I (D and I) and dECM-fibrin (E and J). K) Beating rate for 

the first 5 days for neonatal cardiomyocytes seeded 3D in fibrin, fibrin-collagen I and dECM-fibrin hydrogels. L) Synchronization 

as the percentage of synchronously beating wells (four wells per condition) during 5 days in the 3D hydrogels. Scale bar: 100µm. 
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2.4 Discussion  

In this study, we develop a hydrogel blend of fibrin and decellularized porcine cardiac matrix to improve 

the cellular niche for cardiomyocyte cell culture. For this, we successfully decellularized porcine ven-

tricular tissue, with maintenance of collagen, glycosaminoglycans and elastin components. The addition 

of fibrinogen to the dECM thus obtained, followed by coagulation with thrombin, provided a Young 

modulus of about 20kPa, in the range of adult cardiac tissue[188]. We used this system in conjunction 

with fibroblast co-culture to robustly differentiate the H9c2 myoblast line into a cardiomyocyte pheno-

type while avoiding retinoic acid. Finally, we demonstrated excellent maintenance of electromechanical 

activity in neonatal cardiomyocytes by quantification of beating activity as well as calcium imaging.  

An important aim in the design of the hydrogel system was to match the physical stiffness of native 

myocardium (10-50kPa range, [67], [188]).  To mechanically reinforce the intrinsically soft cardiac 

dECM, we chose the specific coagulation of fibrinogen by thrombin, as opposed to more generic agents 

such as transglutaminase[79][234] or genipin[214][235] We find the thrombin-coagulated fibrin gels to 

be softer than similar gels crosslinked by transglutaminase[79], but we could compensate for this by 

increasing the fibrinogen concentration correspondingly. The specificity of thrombin[236] is advanta-

geous for both in vitro and anticipated in vivo applications, and probably allowed us to avoid cellular 

toxicity observed in transglutaminase crosslinking[79]. 

We used the H9c2 cell line to investigate cardiogenic differentiation. By combining 3D embedding into 

dECM fibrin hydrogels with co-culture with Nor-10 fibroblasts, we obtained over 80% differentiation 

efficiency. While the utility of adding fibroblasts or fibroblast-derived matrix in H9c2 differentiation has 

repeatedly been demonstrated[237][29][60], the differentiation efficiency in our system is rather high 

compared to previous reports[237][214]. Nota bene, we obtain our results in the absence of retinoids. 

We achieved this by stepwise optimization of three key elements of the cardiac cell environment: 

choice of the extracellular matrix, its physical properties, and the co-culture composition. The result 

should simplify pharmacological screening, as retinoids are known to broadly affect cellular processes 

beyond specific cardiac differentiation[239].  Further, avoiding the strong transcriptional effects of ret-

inoids[239] could also simplify investigation of communication between cardiac fibroblasts and cardio-

myocyte, which today remains only partially understood[240].   

The ultimate aim of an in vitro cardiac model should be to replicate the electromechanical beating func-

tion. Comparative culture of freshly isolated rat cardiomyocytes on dECM-fibrin, fibrin-collagen I and 

fibrin control hydrogels indicate specific advantages of the dECM-fibrin composite as it performs best 

regarding recovery of physiological beating frequency and reacquisition of synchrony. In line with these 

results, dECM-fibrin also outperformed collagen I, Matrigel, tissue culture plates, and also fibrin-colla-

gen I regarding synchronization in calcium imaging. The result correlates well with morphological anal-

ysis: cell spreading and enhanced geometric contacts are overall associated with higher frequency and 
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better synchrony, with reinforcement by mechano-electrical feedback on substrates with physiological 

stiffness[241]. Given that we seed a native cardiomyocyte population including various pacemaker 

cells, these results replicate native cardiac physiology[242]: better connectivity directly provides better 

synchrony, but also better spread of the highest pacemaker frequency. This subtly graded response of 

the native cardiomyocyte population contrasts with the differentiation of the H9c2 cell line, where the 

presence of collagen was as efficient as the dECM-fibrin composite in inducing cardiogenic differentia-

tion, in essence independently on mechanical properties.  

Interaction of cardiomyocytes with extracellular matrix proteins is known to be of prime importance 

for cardiac differentiation and electrophysiological maintenance. For example, a multitude of integrins 

with affinity for collagen I, but also laminin and fibronectin are expressed on cardiomyo-

cytes[243][244][241][245]. It is fully conceivable that the presence of a more complete mixture of ex-

tracellular matrix components in the cardiac dECM is important not only for fine electrophysiological 

regulation, but also for cell spreading and thus geometrical connectivity of neonatal cardiomyocytes. 

In contrast, collagen I may suffice in H9c2 to induce a pro-cardiogenic, but ultimately non-functional 

cell state.   

Mechanical aspects probably play a more important role in mechanically beating cells as well. Ideal 

energy transmission to the substrate is expected to occur at near physiological stiffness (neither too 

soft, preventing force development, nor too stiff, preventing substrate deformation)[138], [246], [247]. 

Mechanical feedback [241], could therefore help explain why the most physiological frequency and 

best synchrony for the neonatal cardiomyocytes are indeed found for the composite hydrogels, and 

not for the softer collagen, Matrigel or pure fibrin or on the other hand the hard tissue culture plates.  

This chapter answered a number of questions regarding the impact of 3D culture, hydrogel character-

istics and the functionality of the cardiac cells. There are some technical and conceptual issues being 

addressed in the review process of the original publication. There is above all and foremost the need 

to constitute a fibrin-collagen control that precisely matches the collagen concentration in the dECM-

fibrin hydrogels. This is required to define exactly the utility of performing the time-consuming dECM 

isolation vs. simple usage of purified commercial collagen I. This implies more precise efforts to quantify 

the collagen concentration in the final dECM. Therefore, while the comparison in figure 2-4b and c holds 

and allows to state that indeed, relatively little change of composition in terms of GAG and collagen is 

observed during decellularization, it is necessary to further investigate the absolute amounts in order 

to explain or resolve the discrepancies with literature. Hence, we conducted BCA test to measure the 

exact concentration of the collagen in dECM and the results showed that around half of the dECM con-

centration is collagen which is matched with the literature. 

As knowledge of the absolute composition of the dECM extract is necessary to constitute a matching 

fibrin-collagen I control, these investigations are ongoing. Beyond this work, one can then consider 
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conducting more biological experiments such as cell differentiation to cardiac lineage, gene expression, 

and long-term functionality assays. Using the introduced hydrogel in this chapter, we will proceed to 

provide more tissue-like structures in chapter 3, by aligning the cardiac cells in this hydrogel in 3D struc-

ture.   
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 Trabeculae carneae in vitro 

model as the smallest cardiac tissue 

unit 

 

 

 

 

 

This chapter presents an in vitro trabeculae carneae model as the smallest cardiac tissue unit which will 

be made by using the hydrogel presented in chapter 2. It has been indicated in the previous chapter 

that dECM-fibrin hydrogel can be considered as an effective environment for cardiac cell survival, dif-

ferentiation and functionality. Motivated by the fact that the cell alignment in native cardiac tissue is 

one of the critical parameters of functionality of the tissue, and also the trabeculae carneae can be 

extrapolated to represent the tiniest building blocks of the cardiac tissue which resembles the myocar-

dium characteristics and functionality, the main focus of the following chapter is on developing trabec-

ulae carneae model in vitro by aligning the cardiac cells in 3D with dimensions comparable with trabec-

ulae carneae structures using the hydrogel and investigate the impact of 3D surface topography and 

spatial geometry on the alignment and function of the cardiac cells in the hydrogel. 

 

3.1 Introduction  

To improve our understanding of cardiovascular physiology, diseases, and related therapies, there is a 

need to perform studies on cardiac models in vitro [17]. This implies to recapitulate the complex micro-

environment of the heart. Studies made using such in vitro cardiac models can be a step towards 



 

82 

 

reaching more accurate pharmacological responses when developing new drugs targeting cardiovascu-

lar diseases (CVDs), compared with the existing drug screening [248] methods.  

In native myocardial tissue the arrangement of the cardiomyocytes and fibroblasts within the ECM plays 

an important role in tissue function, in particular in the  generation of contractile force as well as in 

biological, electrical and mechanical functions [249]. The three-dimensional nature of this tissue struc-

ture and the appropriate distribution of cell patterns within it, is directly related to the operative and 

active forces it produces [209]. Additionally, the electrical conduction in the heart is anisotropic and 

depends on cardiomyocyte fibers orientation as electric current spreads faster in the long axis of cardiac 

fibers [210]. Therefore, a precise and realistic knowledge of the myocardial fiber architecture and its 

physiology is essential to accurately understand and interpret cardiac contraction and propagation of 

the electrical stimulus and mechanical functions [250]–[252]. Consequently, to have a reliable in vitro 

model of the heart tissues, recapitulating the anisotropic spatial arrangement of the cardiomyocytes 

seems to be a significant criterion and still an open question that should be considered in designing the 

3D functional cardiac models in vitro [249], [106].  

In the recent years, 2D and 3D micro-physiological models of the heart have been the subject of studies, 

as they can be used as platforms for drug screening, for testing drug delivery and for developing tissue 

engineering methods [253]. Several studies performed the alignment of cells in 2D cell culture using 

different methods and demonstrated that the cardiomyocyte cell alignment provided a higher expres-

sion of related genes and a better differentiation of the aligned cells [254],[255]: Grosberg et al. cul-

tured heart muscle cells on polydimethylsiloxane (PDMS) thin films patterned with fibronectin using 

microfabrication techniques, such that the myocytes self-organized into an anisotropic tissue. The ob-

tained contractile structures were later electrically stimulated and exposed to drugs to evaluate their 

cardiotoxicity [256]. Bursac et al. modified coverslips by creating linear grooves made by micro abrasion 

or by depositing micropatterned fibronectin lines. They studied the effect of such patterned substrates 

on cardiomyocyte organization and on the anisotropy of the propagation of action potentials [257]. Au 

et al. seeded neonatal rat cardiomyocytes on micro-grooved polystyrene substrates fabricated by em-

bossing and showed that the myocytes aligned with the grooves [258]. Agarwal et al.[259] patterned 

fibronectin lines on microcantilevers and showed sarcomeric alignment in the seeded cardiac tissues. 

Their system was used to evaluate the in vitro response of the engineered cardiac tissues to isopro-

terenol, a pharmacological agent.  Annabi et al. covered the surface of PDMS micro-channels with 

methacrylated gelatin (GelMA) and methacrylated tropoelastin (MeTro) to promote the adhesion of 

cardiomyocytes. The presence of MeTro in the micro-channels enabled the formation of well-defined 

elongated sarcomere structures, and induced a better adhesion and contractility of the myocytes com-

pared with the GelMA-covered channels [260]. Zhao et al. showed that in 2D, the myotubes formed on 

the microstructures were highly aligned along the longitudinal axis of the structures and propagated 

their alignment to the 200µm gap area with a slanting angle around 70°, while the myotubes formed  
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on smooth surface or the gaps in order of mm, had no special direction[261]. They also showed that by 

adding another layer of cells on top of the aligned myotubes, the alignment spread and although the 

top layer was not in close contact with the grooves, they followed a similar highly aligned structure. 

However, the thickness of their observed structure was limited to 40µm.   

 

Although many studies have provided methods to engineering cardiomyocyte alignment in vitro in a 2D 

environment, there are still several challenges that need to be addressed as cells naturally reside in a 

3D micro-environment in vivo and a variety of studies suggest that cells may behave differently in 2D 

and 3D constructs [262],[106]. There are a few studies evaluating cell alignment in 3D cellular constructs 

in vitro using simple methods without the need for external stimulation to the cells [105] (e.g. no me-

chanical stretching, electrical stimulation or flow induced shear-stress). Very successfully, large ring-

shaped self-condensing structures made from a collagen-Matrigel mix seeded with neonatal rat cardi-

omyocytes causes alignment of the cells along the along the tangential direction [136][82]. Elevated 

oxygen pressure and high insulin levels were however necessary to ensure the possibility to the high 

metabolic needs and unfavorable diffusion characteristics of the large constructs [82]. More fundamen-

tally, the reason for cardiomyocyte self-alignment remains unclear. In order to better dissect and re-

produce the elementary mechanisms for cardiomyocyte alignment, a number of researchers resorted 

to microfabrication techniques. For instance, Mosiewicz et al. demonstrated the spatiotemporal in situ 

modulation of the mesenchymal stem cells invasion of a PEG hydrogel, using light activated patterning 

of the hydrogel with desired ECM proteins and growth factors [263]. Norman et al. prepared PDMS 

parallel channels with dimensions of 40×70×25µm. Fibroblast-seeded collagen was molded and con-

fined in these channels to induce the cell alignment in 3D [264]. Aubin et al. encapsulated different cell 

types such as cardiomyocytes, fibroblast, and endothelial cells in a photosensitive GelMA-based pre-

polymer and pipetted this photosensitive hydrogel between a PEG-coated glass slide and an untreated 

coverslip. Using UV light, they could pattern the cell-laden hydrogel and quantify the cell elongation 

and alignment [249]. Mathur et al. [165] presented a microfabricated chip in which human stem cell 

derived cardiomyocytes were cultured in 3D in a central chamber and where lateral channels surroun-

ding the main chamber acted as vasculature, allowing nutrient delivery via diffusion, while protecting 

the tissue in culture from shear forces. The system was used to confirm the drug response of the cardiac 

cells to two pharmacological agents, verapamil and isoproterenol. Sidorov et al.[265] assembled cardiac 

cells loaded in fibrin gel into a 3D tube-like structure and used these constructs to assess their passive 

and active mechanical and electrical characteristics. Engelmayr Jr et al. developed an accordion-like 

honeycomb scaffold in poly (glycerol sebacate), using microfabrication techniques. This design provided 

a porous, elastomeric 3D anisotropic scaffold in which neonatal rat heart cells were cultured. The ob-

tained cell constructs demonstrated mechanical properties similar to the one of the native ventricular 

myocardium, controllable stiffness, directionally-dependent electrical excitation, and better heart cell 
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alignment than isotropic control scaffolds[266]. Although several research groups are mimicking the 

cardiac tissue with various approaches to align the cells in a 3D structure, there are still challenges for 

3D alignment in larger constructs and investigating the impact of 3D cell alignment on cell behavior and 

functionality[106].  

Many studies indicate the influence of micro and nano grooves on cell alignment in 2D and 3D struc-

tures, however, these models might not sufficiently resemble the native cell microenvironment. For 

this reason, understanding the smallest physiologically relevant, functional myocardium tissue unit in 

the native heart is imperative. The answer to this question is the trabeculae carneae (Figure 3-1), which 

are irregular muscular structures that pattern the inner surface of both ventricles of the heart [29]. 

These structures are the smallest collections of aligned cardiomyocytes in the heart, with dimensions 

of 0.5 to 3 mm in length and from 50 to 500 µm in diameter [28]. Because of the dimensions of the 

trabeculae carneae, oxygen and nutrient can diffuse easily in these structures [267]. The vascularization 

in the trabeculated myocardium is less than that of the compact myocardium, which is why it is often 

favored by researchers for the study of ionic, mechanical and metabolic activity of the cardiac muscle 

[28],[268]. Therefore, a cardiac model which mimics the trabeculae carneae, can provide interesting 

knowledge in this field.  

 

     

Figure 3-1 A. Photograph of a human heart opened by a frontal incision illustrating the trabeculae carneae and papillary mus-

cles[29]. B. Rat right ventricular trabeculae in situ. Photomicrograph of a Bouin's-fixed, PSR-stained rat RV in which the free wall 

has been reflected to reveal the presence of trabeculae. The two narrow arrows point to thin, free-running preparations of the 

sort sought by experimentalists. The heavier arrow points to a wider, apparently strap-like, specimen[28]. Copyright © 2020 

Rockefeller University Press. 

 

The main difficulty for creating such a model is obtaining the orientation of the cells in large 3D culture 

which develops our goal for this chapter. The hydrogel composition and also the physical restriction 

which is forced by the patterning play a critical role in cell alignment. The physical environment affects 

the function of the cells through the mechano-transduction process. Cells have the ability to sense and 

A B 
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respond to a large variety of signals, namely biochemical or biophysical cues. This means, the physical 

cues around the cells are integrated by being converted to biochemical intracellular signaling responses 

that results in changes in cell function [269]. When an outside-in force is applied to cell-ECM, almost 

every aspect of the ECM is deformed and rearranged. On the other hand, an inside-out force transmis-

sion path also exists [269]. Polymerization and de-polymerization of microtubules generates pushing 

and pulling forces which controls the position of mitotic spindles, chromosomes and nuclei [270]. When 

the head of actin filaments are pulled, traction forces are generated which deforms the ECM [271]. 

Forces can affect the protein domains existing in the ECM which can lead to revealing cryptic sites for 

engagement and signaling of cellular receptors [269]. All of these signals can lead to the change of 

orientation of the cells in a predefined microenvironment.   

Our hypothesis in this chapter is that if we can make oriented 3D constructs of the size of trabeculae 

carneae. For that, we present a simple method to control cell alignment in 3D cell-laden hydrogels, 

which are patterned using microfabricated PDMS grooves with large dimensions (from 100 µm to 350 

µm) similar to the dimensions of the trabeculae carneae. The alignment of the cells in the grooves with 

dimensions less than 100 µm has been proved in several studies [17], [272]. Here, we expect to provide 

more relevant model of trabeculae carneae with larger dimensions. The dimensions more than 350 µm 

are also less relevant due to the lack of vascularization and cell apoptosis in the middle of the 3D struc-

ture. Figure 3-2 demonstrates a schematic of the work in this chapter. Hence, the questions that we 

answer in this chapter is that whether the cells in proximity to the corners of the grooves will follow 

the alignment and if so, how far this alignment can be propagated. Finally, we evaluate the model in 

terms of its dimensions compared to trabeculae carneae, detachability, alignment stability, and con-

tractility maintenance. 
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Figure 3-2 Grooves microfabrication and their use for cell culture: a. photoresist deposition b. direct laser writing photolithogra-

phy c. development d. Bosch process e. PDMS molding f. obtained PDMS component g. cell culture and differentiation leading to 

3D aligned cell constructs. In this work we used dimensions of 100 µm to 350 µm.  

 

3.2 Methods 

3.2.1 Hydrogel preparation 

As we discussed in chapter 2, one of the most promising approaches for creating the 3D cardiac tissue 

models is using hydrogels, because of their biocompatibility, physical, mechanical and chemical prop-

erties. In this part of the work, we used the dECM-fibrin hydrogel which is described in the previous 

chapter, and proved to provide appropriate mechanical and biological environment for the cells. It has 

been shown that the mechanical properties of this hydrogel are in the range of native cardiac tissue (~ 

20 kPa) and it can provide a microenvironment for the cells to improve their biological properties, such 

as differentiation, beating rate and synchronicity in vitro. In this chapter, the same hydrogel is used as 

the basis of the 3D structure preparation.  
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3.2.2 Microfabricated grooves for cell alignment 

To prepare the mold for patterning the hydrogel, microfabricated grooves were designed and manu-

factured with different dimensions on a silicon wafer. Figure 3-3 determines the main steps of silicon 

wafer etching. The samples were fabricated using direct laser writing photolithography and deep silicon 

etching using the standard Bosch process.  

A silanization step is conducted after the fabrication of the wafer by exposing the wafer to the evapo-

ration of Trimethylsilyl chloride (TMCS) under the chemical hood. Silanization is a covalent effective 

surface modification which reacts with hydroxyl groups of the material surface and act as a non-sticky 

surface layer. Hence, it finally enables to detach easily the PDMS from the silicon surface. Six different 

channel size were produced (channel size × spacing: 100 × 100 μm, 150 × 150 μm, 200 × 200 μm, 250 × 

250 μm, 300 × 300 μm, and 350 × 350 μm) on a single sided 100mm Si wafer. These master molds have 

been used to pattern polydimethylsiloxane (PDMS). PDMS is inexpensive, easy to pattern, flexible, bio-

compatible, optically transparent and permeable to gases which makes it ideal for cell experiments. 

The PDMS used in this work is a well-mixed 1:10 combination of the curing agent and PDMS polymer. 

This mixture has been degassed before use, for removing the air bubbles, and then poured on the sili-

con wafer. It was kept at 80°C for two hours for PDMS curing.  After removing the patterned PDMS 

from the silicon wafer, it was exposed to an oxygen plasma to make it hydrophilic on the PDMS surface 

which is crucial for hydrogel patterning and cell culture. 
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Step Process description Cross-section after process 

Mask 1_ Silicon mold for PDMS 

01 

HMDS + Positive 

Photoresists Coating  

Machine: ACS 

PR : AZ 1512HS – 1.5um  

02 
Direct Writing 

Machine: MLA150 

 
 

03 
Development 

Machine: ACS 
 

04 Deep silicon etching 

 

05 Stripping 
 

  

Figure 3-3 The steps of groove microfabrication including photoresist coating, direct laser writing, developing, deep silicon etch-

ing using the standard Bosch process, and stripping.  

 

3.2.3 Cell culture 

In this chapter, we used the same cell model as described in previous chapter which is based on cocul-

turing the H9c2 cells with fibroblast cells in the presence of hydrogel. As it is mentioned in the previous 

chapter, in general, the H9c2 cells need retinoid acid for differentiation. However, in co-culture with 

fibroblast cells in dECM-fibrin 3D hydrogel, they can differentiate properly. We, also, used neonatal 

cardiac cells to investigate the behavior of the CMs in terms of their beating and synchronicity. The 

details of culturing have been explained in the previous chapter.  
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3.2.4 Cell seeding on PDMS (2D) and in 3D hydrogel 

To demonstrate the impact of 3D culture on cell alignment and functionality and compare it with 2D 

cell culture, H9c2 cells in co-culture with fibroblasts as well as neonatal cardiac cells have been cultured 

on the PDMS molds presenting grooves, with and without hydrogel. For the 2D culture, the cells were 

just attached on the plasma treated PDMS substrate and for the 3D culture with hydrogel, the cells 

were mixed with pre-gel. Thrombin and calcium chloride were added to the pre-gel solution for its 

gelation. 200µl of the cell-suspended solution was rapidly poured in the PDMS mold to fill, solidify and 

pattern the hydrogel. The medium was changed every two days.  Therefore, in the case of 2D mono-

layer, the cardiac cells directly attached and spread on plasma treated PDMS, however, in the case of 

3D hydrogel, the cells attached to the polymer chains of the hydrogels and formed a 3D network of the 

cells in the gel.  

 

3.2.5 Immunostaining and 3D imaging  

To investigate the expression of specific proteins of the cardiac cells, the samples were stained for dif-

ferent antibodies. Prior to staining, the cell samples were fixed with 4% paraformaldehyde (PFA) for 

20min at room temperature. Then, 0.1% TritonX-100 is added to permeabilize the cells for 30min at 

room temperature. Actin filaments are stained by incubating the cells with phalloidin-Atto 488 (1:50) 

for 45min at 4ºC. Finally, cells were stained with DAPI (1:2000) for 5min, for labelling DNA.  DAPI is then 

removed and replaced with DPBS before imaging the cells under the ZEISS LSM 700 inverted confocal 

microscope. 

 

3.2.6 Cell orientation  

To examine the orientation of cells in 2D, the H9c2 cells were cultured on patterned, plasma-treated 

PDMS chips, without the use of hydrogel. For 3D investigations, the cells were first mixed with Fibrin-

dECM hydrogel and then cultured on the patterned, plasma-treated PDMS chips. The resulting PDMS 

microgrooves containing cell-laden hydrogel were soaked in culture media at 37°C. Cells cultured in 

unpatterned gel were prepared and used as control. To quantify the orientation of cells, the orientation 

index was measured in 100µm x 100µm images area, repeated 3 times, using OrientationJ, a plugin for 

ImageJ software. The analyzed results are the normalized ratio of oriented cells to the total number of 

cells counted. 
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3.2.7 Beating characteristics 

To investigate the beating characteristics of the cardiomyocytes in 3D cultures with and without pat-

terning, the cardiac cells were cultured at the cell density of 106 cells/mL in pre-gel mixtures of dECM-

fibrin on patterned or unpatterned substrates. Synchrony and onset of beating was judged visually on 

a per-well basis.  

 

3.2.8 Statistical analysis 

Data were compared using unpaired t-test (two-tailed, equal variances) in the GraphPad software. Error 

bars represent the mean ± standard deviation (SD) of the measurements (∗ p < 0.05, ∗ ∗ p < 0.01, and 

∗ ∗ ∗ p < 0.001). 

 

3.3 Results  

3.3.1 Microfabricated grooves for cell alignment 

The microfabricated grooves with different dimensions have been fabricated using silicon wafers as a 

mold for PDMS chips. This standard photolithography and dry silicon etching process has been done at 

the center of micronanotechnology (CMi) at EPFL. Figure 3-4C shows the scanning electron microscopy 

images of the fabricated grooves. Si etching with pulsed process (Bosch process) using AMS200 etcher 

machine which is an optimized Deep Reactive Ion Etching (DRIE) system for Silicon wafers, is well-de-

fined and accurate process. Therefore, as it is shown in the figure 3-4, the grooves are nicely fabricated 

in the predefined dimensions.  

The surface treatment of the silicon wafers is critical to prevent PDMS sticking. Thus, a silanization step 

after wafer fabrication allows passivation of the surfaces and removing the PDMS from the silicon wa-

fer. For that, a few droplets of TMCS were placed in the small cup located in desiccator. The fabricated 

wafer has to be totally clean and without any dust or particles. So, before placing the wafer in the 

desiccator, the wafer has to be cleaned with nitrogen gun. By placing the desiccator under vacuum, the 

TMCS evaporates and provides a passive layer on silicon wafer (figure 3-5). 

 

 



 

91 

 

 

Figure 3-4 A. Etched silicon wafer for microgroove’s fabricating. B. patterned PDMS which is molded from the silicon wafer. C. 

SEM pictures of Microfabricated grooves patterned in silicon wafer using direct laser writing photolithography and deep silicon 

etching using the standard the fabrication process described in Figure 1, and based on the Bosch process. Grooves of different 

dimensions were made: (a)100×100 µm, (b)150×150 µm, (c)200×200 µm, (d)250×250 µm, (e)300×300 µm, (f)350×350µm.  

 

Figure 3-5 the passivation step of silicon wafer using TMCS [273]. 
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To provide the patterned PDMS substrate, first, Sylgard 184 silicone base, and Sylgard curing agent 

were prepared with the ratio of 10:1, mixed for 1 min at 2000 rpm and degassed for 2 min at 2200 rpm.  

Then the mixture was placed in a vacuum desiccator for final degassing. The PDMS mixture was poured 

over the passivated silicon wafer and degassed again to both remove the bubbles and enhance the 

filling of the microfabricated structures. The final step for preparing the PDMS mold is curing the PDMS 

by placing the sample in an oven at 80°C for 2 hours. After cooling, the PDMS can be easily peeled off 

from the silicon wafer while preserving the microstructures.  

PDMS is hydrophobic with no reactive surface. To use it as a substrate for culturing the cells, a surface 

activation step has to be done. By treating the PDMS samples with oxygen plasma before use, one can 

make the surface hydrophilic. Hence, we exposed the PDMS samples to oxygen plasma with 100 W 

power for 60s. This step should be done right before the use of PDMS substrate due to the fact that the 

PDMS surface try to reconstruct the hydrophobic surface within hours.  

 

3.3.2 H9c2 cell culture in 2D and 3D  

Controlling the patterns and mechanical anisotropy of in vitro cell cultures in order to develop func-

tional tissue is highly important [274]. Hence, the size of the 3D structure containing the aligned cells is 

critical. To achieve this goal, confocal images of the 3D cell cultured inside the hydrogel were acquired 

and the orientation of the cells in different stacks has been observed. Figure 3-6 describes a schematic 

of the whole procedure for aligning the cells, and the confocal images of the cell alignment in 2D and 

3D cell cultures on patterned PDMS chips. Briefly, the cells were cultured on the patterned PDMS sub-

strate in two manners: first, culturing a monolayer of H9c2 in co-culture with fibroblasts on patterned 

PDMS substrate to provide a 2D configuration of the cell alignment, and second, 3D culturing of the 

same cell combination in the dECM-fibrin hydrogel to provide a 3D structure which is confined with the 

walls of microfabricated patterns on PDMS. Hence, they provide a tubular structure of the cell-laden 

hydrogel with defined dimensions. In all cases, for 2D and 3D cell cultures and regardless of the groove 

dimensions, the cells show an elongated shape and a preferential alignment with the groove’s direction. 

The images show that the cells are aligned in the designed pattern in the hydrogel. It can be justified 

with the fact that the contact guidance of the wall corner, orientation of the cells in proximity and the 

formation of gap junctions forced the cells to orient. Even though the cells are not in direct contact with 

the mold, the contact guidance from the corner of the microstructure forces the cells to align in the 

direction of the grooves. This orientation propagates to the cells that are far from the walls in 2D, or in 

the bulk of the hydrogel in 3D culturing.  
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Figure 3-6 Confocal imaging of cell alignment using microfabricated grooves. A. Cells cultured on patterned PDMS molds without 

hydrogel, creating the 2D stripes, B. Cells encapsulated in the dECM-fibrin hydrogel and cultured in patterned PDMS mold in 3D. 

Cell alignment is observed in all cases, regardless of the structure dimensions, in both 2D and 3D. the red dash line indicates the 

confocal image stack. For 2D culture the observation took place at the bottom of the grooves and for 3D culture, the middle 

stack, means 175 µm distance from the bottom of the groove was observed.  

 

3.3.3 Cell orientation measurement 

The alignment of the cells in 3D hydrogel was observed by examining the orientation in different stacks 

of confocal images. Figure 3-7 shows the middle stack for the 3D structure and the orientation of the 

cells. The orientation in the same direction of the grooves has been investigated in all the stacks. Figure 

3-7 illustrates two important results: Firstly, the cells aligned in the patterned hydrogel, however, by 

increasing the dimensions, this alignment cannot propagate anymore. Moreover, the alignment of the 
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cells has impact on the shape of the nuclei as it displays the pulled and elongated nuclei in the direction 

of the microgrooves, which verifies the effect of alignment on intracellular structure and organization.  

 

 

Figure 3-7 The confocal images of the alignment measurement of H9c2 in co-culture with fibroblasts in A.3D culture in hydrogel, 

on flat substrate (no grooves), and B. 3D culture in hydrogel, inside a 300 µm wide groove (at h = 175 µm). Phalloidin staining in 

green shows the alignment and organization of the actin filaments in the cells. Nuclei staining with DAPI in blue displays the 

elongation and orientation of nuclei in patterned substrate. The middle stack of the confocal images (h= 175 µm) has been se-

lected for this alignment observation. Scale bar: 200 µm. 

 

To quantify the alignment of the cells, calculate the maximum distance of cell alignment in 3D hydrogel 

and also verify the impact of inner corner contact guidance on cell alignment, different stacks of the 

confocal images with the height of 0, 150, 250, and 350 µm from the bottom of the groove were se-

lected. Using OrientationJ plugin in ImageJ software, three regions of interest in each stack with the 

area of 100 µm × 100 µm close to each wall and in the middle of the stack were identified (figure 3-8). 

Each sample was experimentally repeated three times. The analyzed results are an index of orientation 

which is the normalized ratio of oriented cells to the total number of cells counted. The maximum of 

the orientation index is 1.  
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Figure 3-8 A. the contact guidance of the corners to improve the cell alignment in a groove. B. the regions of interest (ROI) in a 

stack of confocal image for measuring the alignment of the cells. Measurements are repeated for several heights. ROI area 

100x100 µm. Positions: 1 and 2 = near the wall, 3 = center of the groove. 4, 5 and 6: repeat of analysis in proximal position in the 

groove. 

 

Therefore, the orientation of the cells in different distances can be quantified. Figure 3-9A indicates the 

orientation of the cells in different stacks from 0 to 350 µm. by increasing the height from the bottom 

of the groove, the orientation index decreases, however, this reduction is not significant (the 50 and 

300 µm distance from the inner corner are identical. It is showed differently to be able to recognize 

two sides).  

Figure 3-9B shows the distance from the inner corner versus the orientation index. In this measure-

ment, we considered a groove with 350 µm by 350 µm dimensions. Hence, the maximum distance from 

the corner is 391 µm (350 µm from the bottom and 175 µm from the corner). The middle ROI of the 

350 µm stack has the maximum distance from the corner (391 µm) and lowest orientation index. How-

ever, as the index is 0.6, it is still considered as the oriented sample. Therefore, we can conclude from 

these measurements that we could align the cell in 3D structures up to 350 µm by 350 µm.  

A 
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Figure 3-9 The measurement of cell alignment and its relation with distance from the groove’s corner in a groove with 350 µm 

by 350 µm dimensions. A. the cell alignment in different height from the bottom of the groove. B. the orientation index in differ-

ent distance from the inner corner of the groove. Maximum distance from the corner in this case is 391 µm.  

 

How far from the corner can the cell align? To investigate the maximum distance of the alignment 

propagation in the 3D hydrogel and whether the alignment is due to the corner edges of the grooves 

or not, we fabricated a groove with large width (2mm) to be considered as a single edge (figure 3-10). 

Hence, the cells in 3D hydrogels in this structure are just restricted in one side. The measurements on 

confocal images were conducted using OrientationJ as described above.  
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Figure 3-10 A. the contact guidance of the corner in a groove with infinite width. The middle confocal stack of H9c2 cells in co-

culture with fibroblasts in 3D dECM-fibrin hydrogel B. DAPI staining, and C. Phalloidin staining. The cells are restricted in one side. 

The height of the groove is 350 µm and the width is 2mm which can be considered as infinite. Scale bar: 200 µm. 

 

Figure 3-11 shows the distance from inner corner in each confocal stack. The results display that by 

increasing the distance from the side wall and the bottom of the groove the orientation gradually loses. 

In the layer of 400 µm above the substrate plane, no orientation can be detected. To have better un-

derstanding of the impact of distance from the inner corner on cell alignment, we calculated the dis-

tance by knowing the vertical and horizontal distance of each ROI and plot it versus the orientation 

index. Figure 3-11B demonstrates that the orientation of the cells can be retained up to ~250-300 µm 

distance from the inner corner of the wall. The alignment of the cells with distances more than that is 

gradually disappeared. 

In the case of the groove with 350 µm by 350 µm dimensions, as the cells constraint with two walls, 

they will sense the contact guidance from both side, which leads to the extension of the orientation up 

around 500 µm distance.  

200 µm 

A B C 
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Figure 3-11 The measurement of cell alignment and its relation with distance from the groove’s corner in a single edge configu-

ration. A. the cell alignment in different height from the bottom of the groove. B. the orientation index in different distance from 

the inner corner of the groove. Maximum distance with the orientation of the cells is around 250-300 µm from the inner corner.  

 

We continue the experiments with 350 µm groove dimension, due to the fact that in this size, we have 

the highly aligned 3D structure with the dimensions comparable to trabeculae carneae, and also, we 

are not concerned about the vascularization and oxygen and nutrient deficiency. 
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3.3.4 Detachability and stability of the hydrogel from PDMS substrate 

One of the most important criteria for a 3D model is its ability to maintain the structure without external 

supports. It makes the structure more similar to the native tissue and provides a platform to study 

different parameters on the cells without limitations regarding the supportive material. Especially, in 

this case, although the PDMS is a great material in terms of its flexibility and transparency, its porous 

structure leads to absorption of media and compounds, which makes it not reliable for drug discovery 

studies. Therefore, having a 3D free-standing structure of the cells is a huge improvement. Using the 

introduced platform, we can easily peel off the cell-laden hydrogel and have the free-standing structure 

as it is shown in figure 3-12. The dimensions of this structure can be modified based on the application.  

Figure 3-12A shows the cardiac cells in 3D patterned hydrogel in culture. The peeled off hydrogel in 

figure3-12B indicates the ease of handling and the stability of the patterned structure. Figure 3-12C is 

the macroscopic view of the cultured cells in 3D hydrogel without the support of PDMS mold for one 

week after detaching from the patterned surface. Finally, in figure 3-12D, the alignment of the cells in 

free-standing hydrogel is observed by staining the actin filaments of the cells with phalloidin.  

 

A  

C  D  

B  

Figure 3-12 Patterned hydrogel A. the patterned hydrogel in culture. B. peeled off from the PDMS mold. It is easy to handle such 
a free-standing structure. C. the H9c2 cells alignment has been preserved in the peeled structure. The lines of aligned cells in the 
hydrogel are visible. D. the cells are stained with phalloidin and DAPI to show the alignment stability in the free-standing structure 
for 1 week after the detachment from the PDMS mold.  

B  
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3.3.5 Beating characteristics  

The beating rate of the neonatal cardiac cells in the patterned hydrogel was compared with the random 

distribution sample without any pattern. The results showed that the maximum frequency of the beat-

ing has not changed significantly. However, 3D patterned hydrogel maintained the beating for longer 

time than non-patterned. It is been shown that the contractility in random distributed sample last for 

approximately 10 days with the gradual loss of the beating rate from day 5. In the patterned sample, 

the beating loss happened after 14 days and it maintained the physiological beating till day 10. Figure 

3-13 displays the alignment of the neonatal cardiac cells in the microgrooves and the comparison of 

beating rate in patterned and unpatterned hydrogel.  

 

 

Figure 3-13 the comparison between the beating frequency in the 3D dECM-fibrin hydrogel, with and without pattern.  
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3.4 Discussion 

The aim of this chapter was to develop a platform for aligning the cells in 3D environment in a size 

comparable with trabeculae carneae which is the smallest physiologically relevant part of the myocar-

dium. Hence, we described a simple method to align the cells in free-standing condition and showed 

that the cardiac cells encapsulated in micropatterned dECM-fibrin hydrogel can self-organize into a 3D 

aligned structure without an external force. This alignment is due to the contact guidance of the inner 

corner of the grooves. Seeding cardiomyocytes in grooves of dimensions between 100 and 350µm in a 

3D cell culture without any other interactions during cell culture is sufficient to obtain highly aligned 

3D cardiac cells. We investigated the maximum dimensions of cell alignment propagation in an infinite 

groove to realize how far the cell orientation can be propagated from a corner, which is up to ~250-300 

µm based on the measurements. This 3D constructs can detach from the PDMS surface that makes it 

an ideal model for drug screening studies. In addition, the neonatal cardiac cells cultured in this model 

displayed longer time maintenance of the contractility. Overall, this model can be considered as a re-

capitulation of the trabeculae carneae in in vitro condition which is the basis of many pharmaceutical, 

biological, and bioengineering studies.  

One of the critical factors in cell orientation propagation is the stiffness of the microenvironment. It can 

define the distance that the cells can sense each other and their signals. The stiffer niche provides 

shorter distance. As it has been discussed in the previous chapter, the dECM-fibrin hydrogel that we 

have used in this work has interesting features for the differentiation, and functionality of the cardiac 

cells. The modulus of the native myocardium is in the range of 11.9 to 46.2 kPa. The mechanical prop-

erties of trabeculae carneae is also in the same range (around 20kPa)[275]. In the case of this study, 

the mechanical stiffness of dECM-fibrin hydrogel is around 20 kPa (as it is measured in chapter 2) and 

comparable with the native cardiac tissue, which suggest providing a microenvironment similar to the 

native heart myocardium in vivo. This means that the cells have almost the same physical environment 

and effect on their neighboring cells as they face in native tissue. On the other hand, the main compo-

nent of the hydrogel is ECM which provides different biochemical and mechanical cues such as proteo-

glycans, growth factors, mechanical stiffness and structural features which helps the cell survival, pro-

liferation, differentiation, and functional behaviors regulation.  

In this study the cytoskeleton morphology of the cells was examined by staining the actin filaments of 

the cardiac cells, to confirm that the cell alignment is not just an artifact due to topographical re-

strictions, and it is originated from the cellular response to the guidance. Several studies indicated that 

cellular orientation leads to long actomyosin bundles formation [276]. F-actin filaments staining of the 

cardiac cells in patterned structure both in 2D and 3D shows that the actomyosin fibers are aligned in 

the direction of the microfabricated grooves. This actomyosin fiber alignment has also been reported 
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in the patterned substrates with subcellular dimension, in which the spatial constraints is not the prob-

lem [277]–[279]. 

Along with actin filaments alignment, nuclei elongation was also observed in 2D and 3D patterned struc-

tures. However, the nuclei were mainly spherical in the case of unpatterned surfaces. The observed 

elongation is comparable with the studies showing the cell orientation in a wide range of width and 

depth from nano to micro dimensions [5], [280]–[287], which confirm the response of the cells to the 

contact guidance and propagation of the alignment in bigger dimensions, in our case 350 μm width and 

depth.  

We indicated that the cells which are sensing the groove’s corner constraint are forced to reorient. This 

is in agreement with the study reporting that the cell orientation is initiated with sensing the edges of 

the microgrooves by filopodia [288]. As discussed in the introduction of this chapter, when the cells are 

culturing on microfabricated substrates, the contact guidance of the micropatterned structure encour-

ages the cell to remodel and adapt to the environment. It is been verified that between surface topog-

raphy and microenvironment properties, the topographical features have greater influence on cell 

alignment [289]. Based on this remodeling and reorganization, the cells which are close to the edge of 

the patterned substrate will get the directional growth in the direction of the pattern, and this topo-

graphical changes considerably influence the cytoskeletal organization, alignment, and cell morphology 

[5], [289]–[291]. One study investigated the 2D cell alignment in different microchannel dimensions 

and suggest that for the channels wider that 500 μm the orientation cannot be observed [292]. This is 

in agreement with our results in this study for 3D cell patterning, which observed clear alignment in the 

approximately wide microgrooves up to 350 μm by 350 μm width and depth and the loss of orientation 

for wider grooves. When the cells are limited in one side by the wall of the groove, the results showed 

that the alignment can propagate to around 250-300 μm from the corner in 3D environment.   

The cells in native tissue perform mechano-electric feedback. It means that the neighboring cells can 

sense each other and remotely control their microenvironment and transfer the deformations through 

the ECM. Therefore, this alignment can be propagated to the neighboring cells and in the bulk of the 

3D structure, as it is shown in the results.  

One study used 3D printing of gelatin hydrogel for patterning the substrate and determined that the 

cells cultured on the patterned hydrogel in 2D which are in contact with the wall of microchannels align 

to the direction of channel and these aligned cells guide the neighboring cells to induce more alignment. 

Therefore, the cells within the channel respect the same direction. They reported that on wider chan-

nels (~800 μm), the guidance of the cells in contact with the edge is less effective, and no special orien-

tation can be observed [292], [293]. Similarly, our study totally confirms the orientation in these dimen-

sions and also use the same assumption to justify the alignment in 3D patterned hydrogel. Therefore, 
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the cell orientation in 3D hydrogel can be explained by edge sensing of the cells, contact guidance of 

the nearby cells and the propagation of the alignment in the whole structure.  

The neonatal cardiac cells were aligned to the direction of the microgrooves. Their beating frequency 

has not altered, and was similar to the beating rate of the 3D random cell culture (~200 bpm) which is 

discussed in previous chapter. The dECM-fibrin hydrogel induced cardiac cell beating in the range of rat 

neonatal rate (around 276-423 bpm). However, the beating last for at least 2 weeks in aligned struc-

tures, which was a benefit compared to the non-patterned samples. These results are in agreement 

with several papers where they show the longer beating time and retaining the activity of the cardiac 

cells in the patterned samples. Whereas, a gradual loss of the contractility was observed on unpat-

terned substrates [5], [294]–[296]. The beating behavior of the cardiac cells in vitro is dependent on the 

density of the pacemaker channels [297]. It can be concluded that the alignment of the cells in addition 

to the mechanical and physical properties of the hydrogel can improve the recovery of the synchronicity 

and contractility of the cardiac cells in vitro. Hence, conducting q-PCR for quantifying the density of 

different ion channels in the cells in different states will provide evidences to explain the beating be-

havior. 

The cellular alignment in the cardiac tissue dictates most of the physical, mechanical, and electrical 

properties of the cells and plays a vital role in tissue functionality. Using microfabricated grooves with 

dimensions up to 350µm × 350µm, we could align the cardiac cells encapsulated in the dECM-fibrin 

hydrogel, while preserving their viability and function, to create an in vitro trabeculae carneae.  

In principle, the groove’s size more than 350 µm are less relevant because of the deprivation of nutri-

ents and oxygen for larger structures and lack of microvasculature. In addition, larger dimensions are 

not needed in this step, because of the fact that trabeculae carneae is limited to these dimensions. 

Controlling the alignment of the cardiac cells in 3D in vitro tissue models was a challenge, however, 

using this model, we can provide the smallest aligned myocardium tissue unit of the heart in the lab for 

more research in different fields. 

One group of possible end-users of in vitro trabeculae carneae model is toxicologists and the pharma-

ceutical industry. They require realistic cardiac models in order to perform relevant pharmacokinetics 

and pharmacodynamics studies [172]. It is proved that the kinetics of drug diffusion obtained in 3D 

cardiac cell models have a behavior closer to native tissues compared to 2D tissue cultures. In 3D car-

diac models that mimic the native tissue architectures, the cell–cell and cell–matrix interactions im-

prove the cell function [298]. 

This chapter was dedicated to the alignment of the cardiac cells in 3D structure with defined dimensions 

to provide an in vitro trabeculae carneae model as the smallest cardiac tissue unit. Next chapter will 

focus on the mechanical stimulation application in 3D hydrogel. The reason of continuing the study with 
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applying mechanical stimulation is that, since the impact of external stimuli on the maturation of the 

tissues has been proved, we would like to improve cell functionality and maturity by providing more 

native tissue-like structure.  
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 Mechanical stimulation in 

the 3D cardiac cells cultured in hydro-

gel  

 

 

 

 

 

Previous chapters have introduced the hydrogel for 3D cardiac cell culturing and a simple and efficient 

method to align cells in 3D constructs. This chapter presents the impact of mechanical stimulation on 

the functionality and alignment of 3D cardiac model and its relevance to the native tissue behavior.  

 

4.1 Introduction 

4.1.1 The native mechanical environment of cardiac cells  

Mechanotransduction is the transformation of mechanical signals to the intracellular biochemical ac-

tivities which regulates and alters the cell response to the external and internal forces [299], [126], 

[300]. In general, the cells can sense their microenvironment such as substrate elasticity, mechanical 

signals and biochemical cues, and respond accordingly, for example by reorganization or changing the 

protein expressions [300]. 

The cardiac cells in native cardiac tissues are located in a dynamic environment with a numerous me-

chanical (contractility of the heart), physical (blood shear flow), biochemical (gradient of different com-

ponents), and electrical (signal transmission between cells) stimulations. This dynamic structure plays 

a great role in tissue metabolism, functionality, and the fate of cells. Cardiovascular diseases lead to 



 

106 

 

dramatic alteration, remodeling and reorganization in cardiac tissue, which finally leads to the heart 

failure and death [301]. Cardiomyocytes within the myocardium are locally orientated parallel to each 

other, and the resulting locally dominant myocyte orientation is referred to as ‘fiber-orientation’ [301], 

[296]. Native ventricular myocardium is composed of several sheets of oriented cardiac cells and myo-

fibers. This orientation differs from endocardium to epicardium and forms a helical rotation which 

makes the complex cardiac tissue structure (figure 4-1) [301], [302], [303], [304], [305].  

The mechanical cycle undergone by the cardiac muscle is known and has been outlined in the introduc-

tion of this thesis. The strain (elongation followed by contraction) amplitude in each cycle is about 20%, 

although the stress does not completely return to zero due to incomplete emptying of the ventricles 

(Table 1-2). As also illustrated in Table 1-2, the cardiomyocytes are both passively elongated (during 

cellular relaxation in diastole) and work actively against high load will contracting (systole). A static 

stress component remains at all points of time due to incomplete emptying of the ventricles (Table 1-

2).    

Locally, mathematical models of cardiac mechanics as well as the experimental measurements in ani-

mal cardiac tissue indicate that this overall complex mechanical setting leads to uniformity in the direc-

tion of cardiac fibers [306]. This in turn provides strong conduction and optimal distribution of the con-

tractile forces of the heart as a result of mechanical anisotropy in this tissue [302]. How the different 

components of the local stress- and strain-cycles interact to produce or maintain such optimal local 

geometry is not fully understood at present. 
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Figure 4-1  the configuration of the cells and fibers in native cardiac tissue. This organization differs from endocar-

dium to epicardium which provides a helical rotation in the alignment of the cells [301], [307]. 

 

Beyond the local alignment of fibers along the main stress and strain direction, there is also a complex 

helicoidal organization evident at the macroscopic scale (figure 4-1). Indeed it is known that the heart 

muscle twists along its long-axis during ejection, which is supported by helical rotation in the fiber align-

ment of the tissue [50]. Indeed, ventricular contraction is accompanied not only by circumferential 

shortening, but importantly by clockwise basal rotation and counterclockwise apical rotation. Alto-

gether, this produces a wringing motion. Mechanistically, this rotational motion arises not uniformly, 

but because superficially (subepicardially) generated rotation overpowers opposing forces generated 

more deeply (subendocardially) located fibers with opposing rotational orientation (figure 4-1). Indeed, 

due to the difference in the radius of the cross section in both base and apex of the heart, subepicar-

dium creates higher torque than the subendocardium. The wringing motion during contraction also 

helps ejection because it progressively aligns both the superficial (subepicardial) and deep fibers (sub-

endocardial) along the vertical (base to apex) axis of the heart, further enhancing shortening (figure 4-

2). Similarly to the efficiency of wringing motions in drying tissue fabrics, this twist motion is critical for 
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heart function: without this torsion, the 20% circumferential contraction would at best lead to an ejec-

tion fraction of the human of about 15-20%, while physiologically, it reaches 60-70% [51]. Quantita-

tively, the rotation is major: the subendocardial fibers find a 60° angle to the long axis and the fibers in 

subepicardial run at an angle of 60° in opposite direction [51]. Any cardiac problem which leads to the 

alteration in the heart shape, can change the rotation of the heart and the angles of the myocardial 

fibers (figure 4-2) [51].  

 

    

 

 

Figure 4-2 A. Myocardial fiber orientation and direction of rotation. Myocardial fibers in the subepicardium helically run in a left-

handed direction, fibers in the mid layer run circumferentially, and fibers in the subendocardium helically run in a right-handed 

direction. B. Myocardial contraction and rotation. When myocardial fibers on the subepicardial side contract, clockwise rotational 

torque is produced at the base and counterclockwise rotational torque at the apex. When myocardial fibers on the subendocar-

dial side contract, counterclockwise rotational torque is produced at the base and clockwise rotational torque at the apex. C. 

Opposite rotation at the base and apex. Subepicardial radius is larger than subendocardial radius (r2 > r1). Therefore, subepicar-

dial rotational torque is larger than subendocardial rotational torque (R2 > R1). Reprinted with permission from [51]. Copyright © 

2011 Korean Society of Echocardiography. 
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4.1.2 Mechanical environment and cellular phenotype  

Based on this fundamental knowledge, one should consider that the repair of damaged cardiac tissue 

or providing a reliable cardiac model in vitro requires a special consideration of the mechanical behavior 

and function of the cardiac cells in dynamic microenvironment [308]. The ECM is composed of orga-

nized collagen fibers which contribute in mechanical stiffness and 3D structure of the native heart [309]. 

Therefore, the hydrogel that we introduced in this work, will be advantageous in promoting the cells to 

reorganize themselves in the direction of the collagen fibers. However, in static, stress-free conditions 

the mechanical microenvironment of the cells in native tissue is not appropriately recapitulated. Sev-

eral studies have indeed shown that long-term culture of the cardiac cells in static conditions leads to 

a loss of their phenotype, functionality, and dedifferentiation [310]. For that, applying a mechanical 

stimulation to the system is a step forward to have a 3D cardiac model with the most similarity to the 

physical and mechanical properties of the native tissue [311].  

Overall, it has been proven that the mechanical stimulation, for instance by uniaxial stretching, en-

hances the organization, functionality, cell morphology, proliferation, lineage commitment, differenti-

ation and strength of engineered tissues [126], [145], [312], [313] [314]. Cellular responses to stretch 

stimulation may depend on the properties of extracellular matrix (ECM) and vary in different cell types 

and different mechanical stimulation regimes [126]. Figure 4-3 displays some of the most important 

effects of mechanical stimulation on cells, including the cell-cell, and cell-ECM communication, gene 

and protein expression, cell survival, and ion channel function.  

 

 

Figure 4-3 the impact of mechanical stimulation on cells. Mechanical forces to the cells alter the intracellular organization and 

response of the cell, which finally leads to promotion in cell-cell communication, survival, protein and gene expression, ion 

channel functionality alteration, etc. Reprinted with permission from[315], [316]. Copyright © 2005 by the American Physiolog-

ical Society and Copyright © 2007, The American Physiological Society 
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Several research groups worked on applying mechanical stimulation in 2D and 3D constructs. This stim-

ulation in 2D culture is mostly based on either the stiffness of the substrate material (as discussed in 

chapter 2), or the mechanical stretching of the substrate (e.g. uniaxial, biaxial, multiaxial) with different 

approaches (e.g. cyclic stretch, step-wise increasing the stretch, or holding a stretching regime for an 

extended period of time). The impact of mechanical stiffness on the substrate has been discussed in 

detail in chapter 2. Here, we focus more on the stretching of the cells in 2D and 3D. Overall, the inter-

esting outcomes of all of these studies include cellular and sarcomere organization, gene and protein 

expression change, and improvement in functional properties.  

Several investigations suggest that mechanical cyclic stretching in 2D leads to the proper excitation-

contraction maintenance, activity of the stretch-sensitive ion channels, enhancement of gene expres-

sions [126], [317]. Other studies investigate the impact of mechanical stretching on cardiomyocytes 

maturation by comparing the alignment, expression of myosin heavy chain and gap junction content, 

and increase of the binucleated cardiomyocytes [66], [128]. Dynamic stretching in 2D has impact on 

intracellular and extracellular organization [318]. Some studies showed the effect of stretching on aug-

mentation of growth factors such as VEGF secretion [319]. Although these results are promising for 

developing a cardiac model in vitro, they do not meet the main criteria of the human tissues which is 

3D tissue constructs. 

The elasticity and stiffness of the biomaterial matrix due to the complexity of cell distribution and focal 

adhesions is more difficult to define in a 3D structure rather than 2D [145], with maybe the exception 

of simple cylindrical or ribbon-like geometries [82]. The presence of a variety of parameters such as 

cytoskeleton reorganization, cell-cell and cell-ECM interactions, limited nutrient and oxygen diffusion, 

as well as complex force distribution make the 3D models more difficult to design and understand. It is 

been shown in different studies [105], [116], [151], as well as this thesis, that the cardiac cells in 3D 

environment, even without mechanical stimulation promotes tissue function and maturity. Adding me-

chanical stimulation improves it even more, with improvements in cellular organization and integrity, 

increasing in cell length and width, increasing the mitochondrial density, upregulating the metabolic 

activity, and maintenance of cardiomyocytes phenotype[320]. The 4D (3D+time, figure 4-4) aspect is 

however a challenge in experimental design, as not only the hydrogel parameters, but also the stimu-

lation parameters such as frequency, stress axes, amplitude and duration make it harder to compare 
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the studies (Figure 4-3, [315]). In any case, to potentially guide and manipulate matrix anisotropy, more 

insight in 3D is required [145].  

 

 

Figure 4-4 Schematic of engineering the cell microenvironment from 2D to 3D and 4D[59]. Reprinted with permission from [59]. 

Copyright (2017) American Chemical Society.  

 

There are known synergistic effects between mechanical stimulation and use of other cues. For exam-

ple, Gu et al. focused on the effect of mechanical stretching combined with substrate topography in 2D 

cultures of human mesenchymal stem cells. They observed significantly higher expression levels of de-

sired markers, confirming a synergistic effect of a biomimetic environment (such as substrate pattern) 

and mechanical stimulation in their system [320]. 

 

4.1.3 Mechanical stimulation and cellular alignment  

Understanding and predicting cell orientation in 3D structures to obtain functional tissue engineered 

constructs is crucial, since the cell orientation strongly influences tissue mechanics [308]. The strong 

geometric and also the unusual helicoidal organization of the native heart raises the question of the 

mechanisms of cell alignment. Beyond a favorable biochemical influence, one would expect the cardi-

omyocytes to use mechanical cues of their particular static and dynamic environment for the purpose 

of optimizing cell orientation.  
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To investigate this, stretching experiments in various configurations have been performed in the liter-

ature. Stretching of cells in general and cardiomyocytes in particular can fundamentally be carried out 

in a static mode (extension or force maintained) or a dynamic mode (cyclic), in 2D or 3D [104], [126]. 

Due to the spontaneous beating in activity cardiomyocytes, dynamic stretching can be further synchro-

nous with electrical excitation (for example, by working against an external spring load [82]) or be im-

posed irrespective of spontaneous electrical and contractile activity. Given the many parameters in-

volved, the research field at present is at the stage of assembling the elements.  

Based on the Zimmermann et al work, nearly perfect parallel cardiomyocyte arrangement including in 

3D millimetric structures was obtained by self-condensation in defined extensional geometries (pre-

sumably mostly static stress [82]). This alignment was maintained during auxotonic contraction (with 

both deformation and force varying over time, synchronized with beating activity by the use of an ex-

ternal spring as a load [82]). However, no trace of helicoidal cell orientation was found in such geome-

tries. 

In 2D cultures, conflicting results regarding cell alignment were found when applying external cyclic 

stretch. Indeed, both Dhein et al. [121] and Salameh et al. [133, p. 43] performed uniaxial cyclic stretch-

ing of neonatal cardiomyocytes on ECM-functionalized PDMS membranes. Dhein et al. [121] observed 

nearly parallel, Salameh et al. [133, p. 43] essentially perfectly perpendicular orientation with regard to 

the stretch axis. These results are not only conflicting, but challenging to interpret. Dhein’s observation 

of parallel alignment seems in intuitive agreement with the self-condensation experiments [82] and the 

native structure of the heart and its alignment of cardiomyocyte along the collagen-fibers and direction 

of local contraction [51]. Yet, in cyclic stretch experiments, perpendicular alignment is observed for a 

wide range of cells [308], rather in agreement with the observations by Salameh et al. [133, p. 43].   

The conflicting results and apparent inconsistencies point towards a lack of understanding of the full 

set of experimentally important conditions. A first aim of this chapter is to evaluate what type of align-

ment cyclic stretch in a 3D environment would produce, as the observed conflicting results might result 

from non-physiological 2D effects. 

An important observation in this regard is that a substrate of sufficient stiffness is required for efficient 

cellular orientation. Ghibaudo et al. [300] indeed investigated the morphological  changes and migra-

tion responses in 3T3 fibroblasts cultured on PDMS pillar arrays. By varying the shape and length of the 

pillars, they could produce virtual surfaces of defined overall rigidity and anisotropy. In this setting, they 

found that the fibroblasts aligned along the direction of strongest rigidity, by development of stress 

fibers and focal adhesions in the direction where the substrate deformation was least. On overall softer 

substrates, this mechanism was less efficient, as focal adhesions remained less defined [300]. There-

fore, for experiments implicating cellular orientation sufficiently stiff substrates are required. This basic 

requirement for the study of cellular orientation by mechanical cues is met by dECM-fibrin composites, 
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as the minimal requirement is that cells should be able to successfully spread [300]. As shown in chapter 

2, this is indeed the case for the H9c2 cells, fibroblasts, and neonatal cardiomyocytes.   

Beyond the question of 3D vs. 2D conditions, it seems probable that the cells integrate a variety of local 

mechanical microenvironment cues, some leading to perpendicular, and others to parallel orientation, 

to determine their final alignment angle. An insufficiently understood component in cyclic stretch ex-

periments could explain the inconsistencies. To address this possibility, it is necessary to develop a 

deeper fundamental understanding of how cells integrate mechanical cues to determine alignment.  

The alignment of fibroblasts has been comparatively well studied, and so we shall use experimental and 

theoretical results from their study to develop a more fundamental view here. For fibroblasts, it is well 

established that cyclic strain leads to alignment perpendicular to the direction of deformation, a phe-

nomenon referred to as strain avoidance [134], [308]. At first glance paradoxically, it is also well ac-

cepted that fibroblasts align parallel to the main axis of stress in self-organization experiments [135].  

Detailed mechanical modelling resolves this apparent contradiction and simultaneously provides a pos-

sible cellular integration mechanism [308]. The fibroblasts cells constantly probe their environment by 

excreting traction [308]. If the substrate gives way to this traction, stress fibers in that direction are 

depolymerized, and their actin monomers redistributed to the remaining stress fibers, that are corre-

spondingly reinforced [308]. The cells ultimately align to the axis with most stress fibers. In this view 

cyclic strains leads to periodic compression of the stress fibers oriented along the main cyclic strain 

direction. This leads to their depolymerization [308], with a resulting re-orientation perpendicular to 

oscillatory principal strain and stress axis [308].  

In self-condensation experiments (fibroblasts:[135], similarly with cardiomyocytes: [46]), the substrate 

can be condensed in all directions, except the externally maintained long axis imposed by the experi-

mental geometry. The substrate giving way in all but this preferred direction, the stress fiber model 

[308] predicts that the stress fibers will be maintained preferentially along this preferred direction. 

Given the pulling action of the cells, this is also the main direction of stress, and this result in parallel 

alignment to the main axis of the experiment, as opposed to perpendicular one in cyclic stretch.  

Hence, according to the stress fiber dynamic model [308], although the fundamental mechanism of 

depolymerization of stress fibers upon loss of tension, or worse compression, is the same in both cyclic 

stretch and self-condensation experiments, the macroscopic observations are different. Alignment oc-

curs perpendicular to both main stress and strain direction in cyclic stretch, but along the main stress 

and minimal strain direction in self-condensation experiments. Self-evidently, this analysis should serve 

as guard against overly inaccurate generalizations of cell alignment along or perpendicular to main 

stress or strain directions in a given experiment. In fact, in the cyclic strain experiments, the linear static 
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strain component is typically neither controlled nor specified, and the analysis above suggests that this 

unspecified component may account for major experimental discrepancy. 

Besides clarifying possible differences between 2D and 3D geometries, it is also an aim of this chapter 

to evaluate the possibility to produce oblique alignments between 0° and 90°, to lay a basis of future 

developments of helicoidal structures as found in the native heart. 

There are indeed signs in the literature that by more subtle force interplay, intermediate angles are 

possible. In the cyclic strain experiment by Dhein et al. [121], cardiomyocytes show only nearly, but not 

fully parallel orientation with the main strain axis. A deviation of 11-20° was indeed observed [121]. 

The precise reason for this observation could not be elucidated in the study by Dhein et al [121]. A 

temptative hypothesis would be that the cell integration mechanism for determining the preferred long 

axis is not digital, but analogous, with different influences being integrated by the actin polymerization 

and depolymerization dynamics [308]. Such an integration mechanism between different alignment 

cues has indeed been observed before, namely in a 2D setting by the interaction of chemical pattern in 

2D with cyclic stretch stimulation , using the myoblast cell line C2C12[321]. 

With the insights provided here, and the results of chapter 3, intermediate angles to a preferred direc-

tion should be possible to achieve experimentally: Cyclic stretch should produce a perpendicular orien-

tation, geometric alignment in grooves a parallel one. If the cells can integrate both cues through their 

cytoskeleton dynamics [308], applying both should lead to intermediate orientations. Orientation at 

oblique angles also suggests a connection to the helicoidal structure of the heart, with incremental 

small rotations through the layers from endocardium to epicardium (figure 4-2). However, while sug-

gestive, we cannot possibly prove such a hypothesis here. The experiments performed here are indeed 

purely in vitro, and the complex process of the embryonic development of the heart by itself contrib-

utes to laying down appropriately oriented tissue. These processes result from the coordination of mi-

gration, growth, contraction and physical forces [322] that are far beyond the scope of this thesis.     

Therefore, the first goal of this chapter is to understand how cardiomyocytes orient in response to 

mechanical stimuli in 3D constructs. The second aim is to evaluate whether the cells are capable of 

integrating the geometric alignment cues (chapter 3) with mechanical stimulation cues to achieve in-

termediate orientation angles. This understanding of the impact of mechanical forces on the alignment 

of the ECM is important in developing cardiac models, where providing appropriate mechanical anisot-

ropy is essential [323]. In future work, it may be the basis of a more complex helicoidal alignment unit. 

Here, we develop a platform to culture and align the cardiac cells as realistically as possible to native 

tissue. We design and fabricate a user-friendly stretching device for studying the impact of mechanical 

stretching on 3D structures. An interface is developed to control different parameters like the frequen-

cies and elongation. Also, a mold is designed for fabricating a flexible chamber of 4 cm2 with grooves at 
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the bottom as a platform for 3D cell culturing. Cell stretching within 3D constructs is one of the most 

effective and physiologically relevant stimulations for tissues. We provide here a reliable and realistic 

platform for 3D mechanical stretching with appropriate function to use in in vitro cardiovascular tissue 

engineering[312], and use it to provide proof of principle of off-axis alignment. 

 

4.2 Materials and methods 

4.2.1 Stretching device and working principle 

The fabricated device is designed to culture cells especially cardiac cells in a standard CO2 incubator 

and impose controllable uniaxial stretching motion on the cell-seeded transparent PDMS chamber dur-

ing the culture procedure. The designed stretching device can precisely manage the elongation and 

frequency of the stretching motion using a software interface written in MATLAB.  This stretching de-

vice can be easily installed in and removed from a CO2 incubator.  

The apparatus consists of three parts, as shown in Figure 4-5. The first part (figure 4-5A) is a computer-

ized control system used outside of the incubator composed of an electrical board (Step motor control-

ler, TMCM-1110 STEPROCKER, Trinamic) which is connected to the mechanical stimulator device using 

wires and can be controlled easily by a user-friendly interface to adjust the desired elongation and 

frequency. The second part is (figure 4-5B) the mechanical device which is composed of a stepper motor 

(5 mm, 1.8°, 0.06 Nm, QSH2818-32-07-006, Trinamic) which is used to apply the mechanical cyclic 

stretching motion to the PDMS chamber using a stainless-steel screw connected to the movable part 

of the stretching jaw.  The third part (figure 4-5C) is a transparent PDMS chamber for culturing the cells 

in 3D constructs. This PDMS chamber can be fabricated either with or without the microgrooves on its 

surface. This part can be easily fixed to four pins provided on the device. The PDMS chamber is fixed in 

one side and movable in the other side to apply the stimulation to the cells in culture. 

The PDMS chamber is autoclavable and is covered with a PDMS lid to prevent the contamination of the 

cell culture. The working place of the device can also be sterilized with 70% ethanol. Hence, the risk of 

contamination is low.  

4.2.2 Design of control system 

To control the frequency and elongation of the chamber, we wrote a MATLAB code. This code provides 

a user-friendly interface which is shown in figure 4-6 to control different related parameters such as 

the elongation and frequency.   
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Figure 4-5 Schematic of the mechanical stretching device. A. electronic board for controlling the device, B. Sche-

matic of the mechanical system, and the real fabricated mechanical device. C. flexible, PDMS chamber placed in 

the device. 

 

 

Figure 4-6 The interface of the mechanical stimulator. Different parameters can be adjusted.  
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4.2.3 Design of transparent chamber for cell culture 

PDMS has several features such as mechanical stability and elasticity, chemical inertness, optical trans-

parency, gas permeability, ease of fabrication, and biocompatibility which makes it well suited for cell 

experiment applications [324]. The schematic design of the mold for PDMS chamber preparation is 

shown in figure 4-7A. We use Polytetrafluoroethylene (PTFE) to fabricate the mold which enables us to 

inject PDMS in it (figure 4-7B). After the PDMS injection, it is placed in an 80°C oven for 2 hours to cure. 

For the PDMS chamber with the grooves, microgrooves were fabricated using direct laser writing pho-

tolithography and deep silicon etching using the standard Bosch process with channel size × spacing of 

350 × 350 μm (As it is described in detail in chapter 3). This master molds have been used to pattern 

polydimethylsiloxane (PDMS) and the patterned PDMS was replaced manually at the bottom of the 

chamber (figure 4-7C). 

 

Figure 4-7 PDMS chamber fabrication, A. the schematic of the mold design, B. the PDMS chamber fabrication with-

out grooves, C. PDMS chamber fabrication with grooves.  

 

4.2.4 Cell culture 

We conducted experiments with two groups of cells: H9c2 in co-culture with fibroblasts, and neonatal 

cardiac cells from rats. The H9c2 cell line, obtained from the European Collection of Authenticated Cell 

Cultures (ECACC) (Lot# 17A028), was cultured in DMEM medium supplemented with 10% fetal bovine 

serum and 1% penicillin and streptomycin in 75 cm2 tissue culture flasks at 37°C and 5% CO2 in an incu-

bator. The neonatal cardiac cells were isolated from newborn rat’s heart and used freshly after isola-

tion. The neonatal cells also were cultured in DMEM supplemented with 10% fetal bovine serum and 

1% penicillin and streptomycin.  
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4.2.5 dECM-fibrin hydrogel preparation and cell seeding 

To demonstrate the impact of mechanical stimulation on 3D cardiac cell culturing, we used the same 

dECM-fibrin hydrogel, that has introduced and characterized in chapter 2. Briefly, it was obtained by 

mixing dECM and fibrinogen at a final concentration of 5 mg/mL and 26.4 mg/mL, respectively. Once 

all components have been mixed, the H9c2 cells in co-culture with fibroblast cells were added to the 

pre-gel at a concentration of 1×106 cells/mL. Lastly, thrombin and calcium chloride were added to the 

pre-gel solution to trigger the gelation of the hydrogel. 500 µl of the cell-suspended solution was rapidly 

poured in the PDMS chamber with and without the grooves to solidify and pattern the hydrogel. The 

medium was changed every two days. The same cells have been cultured on the substrates without the 

hydrogels, as the control group for comparison between 2D and 3D mechanical stimulation effects.  

 

4.2.6 Hydrogel adhesion to the PDMS chamber 

Although PDMS has properties of interest for cell culture, its extremely hydrophobic nature often limits 

its applicability[325]. Therefore, various methods have been proposed to modify the PDMS surface to 

convey hydrophilicity ranging from oxygen plasma treatment to chemical modifications[324]. In this 

work we used plasma treatment (as described in chapter 3) to modify the chemical surface groups of 

PDMS and right after the plasma treatment, the hydrogel was placed in the chamber. The connection 

between the hydrophilic surface and the hydrogel provides sufficient bonding to prohibit the detach-

ment of the hydrogel from the PDMS chamber. We suggest that coating the PDMS chamber with hy-

drophilic hydrogel would be effective enough and enhance the attachment of the hydrogel to the PDMS 

chamber as no detachment has be observed during mechanical stimulation time period. The resulting 

PDMS-patterned hydrogel environment was used as an in vitro cell culture platform to study 3D cellular 

behavior in response to cyclic mechanical strain.  

 

4.2.7 Mechanical stimulation 

The cells in 3D dECM-fibrin hydrogels were incubated 48 hours before mechanical stimulation to have 

enough time for cell attachment and spreading either in the hydrogel or to the plasma-treated PDMS 

surface. In this work, we chose 15% elongation and 1Hz frequency which is the physiological range of 

mechanical stimulation in native heart. This regime was applied to the samples 4hours/day for one 

week. The reason of choosing an intermittent stretching regime is that it is confirmed that intermittent 

mechanical stimulation compared to continuous stimulation, leads to higher tissue regeneration and 

improve the expression of cardiac related genes and proteins [326]. 
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4.2.8 Immunostaining and 3D imaging  

To investigate the expression of proteins, the samples were stained. For that, the samples were washed 

with PBS and fixed with 3% paraformaldehyde (PFA) for 15 min at room temperature. Then, they were 

washed again with PBS and permeabilized with Triton 0.3% in PBS for 15 min. In the case of phalloidin 

staining for actin filaments, the cells were incubated with phalloidin-Atto 488 (1:50) for 45 min at 4°C. 

For α-actinin, and connexin-43, the staining procedure continued by another washing step with PBS, 

and blocking with PBS-BSA 1% for 10 min at room temperature. The primary antibody in PBS -Tween 

0.1% - BSA 1% was added to the samples for either 1 hour at 37°C or overnight at 4°C. They were washed 

another time with PBS-Tween 0.1%, and the secondary antibody in PBS -Tween 0.1% - BSA 1% was 

added to the sample for 1 hour at 37°C. Finally, the cells were washed and stained with DAPI for 5min, 

for labelling DNA.  DAPI is then removed and replaced with DPBS before imaging the cells under the 

ZEISS LSM 700 inverted confocal microscope. 

 

4.2.9  Beating characteristics 

To assess the contractile properties of primary cardiomyocytes in 3D cultures, we suspended the pri-

mary rat cardiomyocytes at a cell density of 106 cells/mL in pre-gel mixtures of dECM-fibrin and poured 

it in the PDMS chamber to apply mechanical stretching. The cultures with and without mechanical stim-

ulation were followed both visually and videographically. To quantify the mechanical beating rate of 

the cells, movies were acquired by connecting a video camera to the microscope. Temporal peak de-

tection was based on a custom ImageJ plugin in Java, which was introduced in chapter 2 [222]. We used 

this plugin to evaluate local beating frequency and temporal phase shift from the heatmap videos of 

the samples with and without mechanical stimulation. 

 

4.3 Results  

4.3.1 Mechanical stimulator 

The fabricated mechanical stimulator device integrated well into the cell culture condition without any 

special problem. The PDMS chamber fabrication was also replicable and easy to handle. Using the 

MATLAB code, one can control the elongation and the frequency of the stimulation. Also, the hydrogel 

was completely attached and connected along all the corners to the PDMS chamber. We assume similar 

tissue strains in different 3D structure layers.  
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4.3.2 Cell orientation in 2D and 3D culture, with and without patterning 

Based on the findings of the previous chapter, in the static condition, the cardiac cells cultured in the 

3D hydrogel without any pattern, distribute homogenously in the dECM-fibrin hydrogel, according to 

the polymer chains of the hydrogel and no specific orientation can be observed. However, using micro-

grooves for patterning the hydrogel encourage the cells to align in the direction of grooves. This align-

ment can propagate to the whole structure with the dimensions of 350 µm × 350 µm. Figure 3-6 in 

chapter 3 shows these results.  

In this chapter we studied the impact of dynamic stretching by applying mechanical stimulation to the 

cells which are cultured in 2D or 3D, with and without pattern. This allows to address the influence of 

mechanical stimulation in 3D, and also the interplay with geometric alignment. In 2D, the cells align 

along the grooves in the absence of mechanical stimulation (chapter 3). They orient perpendicularly to 

the stretch direction on flat PDMS substrates, in agreement with the results by Salameh et al. [133], 

but  not Dhein et al. [121]. When applying stretch to cells cultured on patterned substrates, the effect 

of stretch dominates and orientation nearly perpendicularly to the axis of stretch is observed (figure 4-

8A to C). 

The cell responses in 3D structures was different. By applying the mechanical stimulation to the samples 

in the hydrogel without patterning, slight orientation perpendicular to the stretch axis is found (figure 

4-8D, P= 0.013 against 45° for random orientation between 0° and 90°). However, possibly due to diffi-

culties in coupling of the mechanical stretch from the flat PDMS to the hydrogel, the effect remains 

comparatively weak. When the mechanical stimulation is applied cells cultured in 3D, on grooved sub-

strates, the result depends on the configuration between stretch and groove direction. When the cyclic 

stretch is applied in the same direction of the microgrooves, the cells orient themselves to a direction 

with an angle around 40 to 60° to the direction of the mechanical stretching. Figure 4-8F shows the 

orientation of the cardiac cell in 3D culture with the mechanical stimulation parallel to the direction of 

microgrooves. On the contrary, as it is shown in figure 4-8E, if the cyclic stretch is applied perpendicu-

larly to the grooves, the orientation of the cells along the grooves (and perpendicular to the stretch) is 

reinforced (t-test between grooves only and grooves + perpendicular stretch, P= 0.21). Figure 4-8G 

shows explicitly the combination of two stimuli due to mechanical stimulation and topographical align-

ment which leads to the formation of a competition and orienting the cells at an angle around 45°. 

Figure 4-8H quantifies the orientation degree based on different conditions.   
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Figure 4-8 H9c2 co-cultured cells in 350μm width and height grooves stimulated under A, B, C. 2D culture, and D. 

3D condition without pattern, E. 3D condition with pattern perpendicular to the direction of stimulation, and F. 3D 

condition with the pattern parallel to the stretching (15%, 1Hz). Stained with Phalloidin and DAPI. Cell concentra-

tion (1 million cells/mL). G. the competition between mechanical and topological patterning. H. the degree of ori-

entation in different culture conditions.  

 

Overall, our results confirm strain-avoidance in cyclic stretch [133], [308] in 2D and 3D, and show that 

cell alignment by topography and cyclic stretch interact and can produce intermediate angles. 
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4.3.3 Expression of cardiomyocytes related markers  

We performed immunofluorescence staining for α-actinin and connexin-43 in both groups of cells, with 

and without mechanical stretching after one week, and quantitatively analyzed their expression to 
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compare these two groups. According to the images of the staining, the expression of connexin-43 and 

α-actinin increased strongly in the sample with applied mechanical stimulation (figure 4-9).  
α

-a
ct

in
in

 
C

o
n

n
ex

in
4

3
 

Mechanically stimulated Static  

0

10

20

30

40

50

60

70

80

90

100

α-actinin cx43

Ex
p

re
ss

io
n

 p
er

ce
n

ta
ge

 (
%

)

Stimulated

Not stimulated

Figure 4-9 The expression of α-actinin and connexin-43 in neonatal cardiac cells cultured in 3D dECM-fibrin hydrogel under me-

chanical stimulation and static condition (without mechanical stimulation). A. the immunofluorescence stainingof the neonatal 

cardiac cells, B. the expression percentage of the proteins.  
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We quantified the protein expression percentage as the surface area covered by cells expressing the 

marker, relative to the total area of the fluorescent images. This approach assumes that there is little 

cell growth in our conditions, and near 100% confluency. The expression of α-actinin and connexin-43 

which are more mature genes increases (P= 0.0017 for α-actinin, and 0.00013 for connexin-43). 

Hence, the combination of both 3D culture and mechanical stimulation improves cardiomyocytes mat-

uration, confirming prior results also in our particular setting [320].  

4.3.4 Beating characteristics of neonatal cardiac cells 

From the videos of neonatal cardiac cells cultured under mechanical stimulation or without stimulation, 

we evaluated local frequency (Figure 4-10) and local phase (Figure 4-11). The results indicate essentially 

perfect synchrony in the 3D dECM-fibrin hydrogel, in both conditions. The noises are mostly because of 

the 3D culture condition. The local frequency results show higher frequency in the sample with applied 

mechanical stimulation.  The results of visual quantifying the beating rate, 10 days after the culture and 

applied mechanical stimulation, shows around two times higher beating rate in the stimulated sample 

(120bpm vs. 60bpm). 

                                     

            

Figure 4-10 Local frequency of neonatal cardiac cells cultured in 3D hydrogel, top. With and bottom. Without mechanical stimu-

lation.  
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The local phase shows the synchrony in both conditions. The slight difference between two groups 

could be because of 3D culturing of the cells, which adds complexity to the observation and analysis 

of the movies. 

          

          

Figure 4-11 Local phase of neonatal cardiac cells cultured in 3D hydrogel, top. With and bottom. Without mechanical stimulation. 

 

4.4 Discussion 

The main focus of this chapter was on the impact of mechanical stimulation on the cardiac cells in 3D 

and simultaneous engagement of mechanical stretching and hydrogel patterning on cardiac cell func-

tionality, orientation and protein expression. In principle, mechanical stimulation of the constructs can 

be coupled with the mechanisms that modify gene and protein expression, orientation, and function-

ality of the cells [104]. Hence, understanding the impact of dynamic environment on cell fate is crucial 

for the development of cardiac tissue models. In this work, we combined the mechanical stimulation 

and 3D culture in dECM-fibrin hydrogel to provide more desirable and tissue-like environment for the 

cardiac cells in vitro and compared it with 2D culture, and the static condition. 
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As demonstrated with the results of this work and other studies, in 2D culture, mechanical stimulation 

leads to cellular reorganization in a direction nearly perpendicular to the stretching direction to mini-

mize the substrate deformation and the internal strain on each cell in response to extracellular stresses, 

which is called strain avoidance response [145], [308], [327], [328], [106]. It is been investigated in sev-

eral studies that the stretch avoidance response is cell type dependent and it mainly alter by strain 

amplitude, stretch magnitude, and the duration of stimulation [329]. The result of Dhein et al. [121], 

with nearly parallel alignment of cardiomyocytes to the cyclic stretch axis seems to be an outlier in light 

of this well-established theoretical framework, our results, and also the results of Salameh et al. [133]. 

The combination of mechanical stimulation and surface topography in 3D improves the recapitulation 

of the in vivo conditions, as judged by the enhanced expression of the maturity markers α-actinin and 

connexin 43. However, the primary question is what the impact of simultaneous application of mechan-

ical stimulation by cyclic stretch and anisotropic geometrical cues would be. By applying cyclic stretch 

to 3D cultures undergoing topographical alignment by grooved substrates, we find the two effects in-

teract approximately additively. When cyclic stretch and grooves are aligned the applied mechanical 

strain reorients the cells nearly perpendicular to the direction of stretching, while the microgrooves 

promote the cell alignment in the direction of their axis. An oblique orientation of the cells (around 45°) 

in 3D patterned hydrogel with applied mechanical stimulation in the direction of the microgrooves re-

sults, and indicates interaction between the alignment mechanisms. When the mechanical stimulation 

is perpendicular to the groove’s orientation, both forces encourage the same orientation (the grooves 

promotes the alignment in the direction of their axis, which is already perpendicular to the direction of 

the stretching motion). In the case, the alignment along the grooves is reinforced by the cyclic stretch. 

These results are in agreement with known results obtained in 2D, using a myoblast cell line [321]. In 

this study, an intermediate angle at 47.9° reflecting competition of chemical patterning and cyclic 

stretch was found. Our results transpose these results to a 3D setting with cardiomyocytes and align-

ment by 3D geometry rather than 2D chemical patterns. 

There remains the question of physiological relevance of the results obtained in our 3D hydrogel system 

with cyclic stretch. The mechanical stimulation on neonatal cardiac cells in 3D enhanced the expression 

of connexin-43 and α-actinin. This means that the stimulation improves the integrity and maturation of 

the 3D constructs. Moreover, the beating analysis of the 3D structures with and without mechanical 

stimulation confirm the higher beating rate and more integrity of the cardiac cells in dynamic condition. 

Hence, overall, providing a dynamic environment for the cardiac cell in in vitro condition promotes their 

maturity and functionality, and, in terms of orientation, it provides more physiologically relevant car-

diac model in 3D. This is in line with reported results. 

The oblique cellular orientation upon physiological orientation of aligned stretch and geometry at first 

glance seems at odds with the parallel alignment in myocardial bundles and the trabeculae carneae. To 

interpret these results, one has to come back to the origins of cell orientation. The cells are known to 
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avoid compressive strain on their cytoskeleton, favoring tension instead [308]. Contrary to our in vitro 

setting, in the physiological setting, cardiomyocytes are to a first approximation protected from such 

compressive strain.  

First, the myocardium does not relax completely during diastole, the ejection fraction is below 100% 

and ventricular filling starts immediately and rapidly [64]. So, there is a continuous tensile stretch su-

perimposed on the cyclic strain (Table 1-2). This static part of the native mechanical microenvironment 

is not replicated here, primarily due to experimental difficulties with permanent hydrogel deformation 

under constant stretch. However, as self-condensation experiments [46] show, such continuous tensile 

stress favors parallel alignment. Hence, an essential part of the mechanical physiological environment 

that favors parallel alignment of cardiomyocytes is not replicated here. It could be included, but to 

avoid problems with differences in permanent deformation between the substrates and the hydrogels, 

the freestanding structures would have to be used instead (Chapter 3). In addition, it would be neces-

sary to integrate force-monitoring during stretch experiments, as the length of the freestanding struc-

tures might change permanently. Based on the self-condensation experiments, adding and controlling 

the static part of the stress would be beneficial; this lack of control and knowledge of static stress may 

indeed explain the partly contradictory results reported in the literature [121], [133]. In any case, it 

would favor a more parallel alignment and thus narrow the gap between the in vivo alignment and in 

vitro observations. 

A second important consideration is that cells avoid loss of tensile stress in their cytoskeleton, but this 

is limited during the active part of the contraction cycle in native cardiomyocyte. Indeed, the molecular 

acto-myosin interaction during electrically activated contraction produces additional tension, rather 

than decreasing it [330]. This tension is maintained because the cells work against a high external load 

(aortic pressure, as transduced to high active wall stress, Table 1-2. In this sense, the passive compres-

sive part of the strain cycle as applied here is unphysiological. To avoid this problem, further sophisti-

cation of the stretch system would be required. Not only would one have to monitor and impose high 

forces during contraction, but actually ensure synchrony between electrical activity and applied forces. 

This requires integration with electrophysiological monitoring, beyond the scope of this thesis. This is 

partly addressed by using an external spring load in self-condensation experiments[82], although the 

constant spring load in this case is unsuitable to emulate the much higher loads during active contrac-

tion. 

Following these considerations, one may wonder whether at all the compressive part of the cyclic 

stretch experiments, which presumably cause the off-axis alignment [308], have some physiological 

relevance. To try to answer this question, one has to consider in full detail the cardiac contraction cycle. 

By subtle regionally variable ion channel functionality and expression, the contraction time span is 

known to be shorter in superficial (subepicardial) as compared to the deep (subendocardial) regions, 

and also shorter at the basal part of the ventricular walls than at the apex [51]. Thus, subepicardial and 
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basal regions contract slightly after, and relax slightly before the apical and subendocardial parts [50], 

[51]. This means that there is indeed a short time-window at the beginning and end of active contrac-

tion, where the neighboring already respectively still active tissues have the potential to cause signifi-

cant loss of tension along the main local stress axis. These time-windows being short compared to the 

overall cardiac cycle, one would expect only minor local deviations from perfect parallel alignment. The 

helical orientation of the fibers throughout the wall thickness (figure 4-1) is however precisely charac-

terized by slowly progressive rather than abrupt angle change. It is therefore conceivable that there is 

an a priori unexpected link between the subtly timed excitation and relaxation in the native myocar-

dium and the helical arrangement of the cardiac fibers. Clearly more elements are involved, since the 

considerations here do not give rise the chirality (handedness) observed in the hearts of most people 

[51], and also since the argument relies on pre-established regionality. But a slight off-axis orientation 

imparted by minor compressive elements could indeed help stabilize and optimize helicality once the 

major regions and characteristics are in place after embryonic development.   

Overall, our results of 3D cell alignment in the condition of applying both mechanical stimulation and 

groove constraint provides a possible mechanism for generation and optimization of helicoidal struc-

tures in the myocardium. Cyclic stretch is fully compatible with cells survival and development in our 

3D fibrin-dECM model system. In agreement with literature [320], maturation markers are indeed en-

hanced in neonatal cardiomyocytes under mechanical stretch condition, and the beating culture period 

is extended. As it has been mentioned in the introduction, the native heart muscle twists along its long 

axis because of the opposite rotation of the subepicardium and subendocardium. Structurally, this is 

reflected by a helical arrangement of cell and fiber alignment throughout the ventricle walls. The 

change of orientation is gradual, and our large off-axis orientations are probably to some extent un-

physiological due to experimental shortcomings. This concerns mainly the lack of static stress and lack 

of synchronization with electrical activity. Nevertheless, fundamentally, a mechanism capable of creat-

ing off-axis alignment is crucial for the generation of helical structures. Therefore, our developed model 

can be considered not only as physiological model regarding cardiomyocyte maturation, alignment and 

3D activity, but also as a first-of-its kind in vitro model to recapitulate and investigate an unexpected 

relation between the dynamic mechanical niche of cardiomyocytes and the helicoidal structures of the 

heart. 

It is worthwhile at this point to take a step back and relate the results obtained to the original hypoth-

esis regarding mechanical stimulation at the outset of this thesis. Outlined in the introduction, our hy-

pothesis was that mechanical stimulation would improve cell alignment and functionality. In line with 

literature [104], [126], our results leave little doubt about the usefulness of cyclic stretch regarding cell 

maturation. Cellular alignment however turns out to be governed by a multitude of effects. With cyclic 

stretch (as compared to static stress [46]), we seem to have chosen a mechanical stimulation regime 

that causes off-axis, rather than the intended parallel cardiomyocyte alignment. Therefore, this chapter 
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is an example of scientific work where the primary original hypothesis needs to be rejected. However, 

the unexpected negative answer is technically sound, theoretically founded and points toward a novel 

mechanism that could at least partially explain biological helicality in the heart. Although intellectually 

more challenging, this outcome is many ways more interesting than a simple confirmation of an antic-

ipated result. 

Technical future directions include the addition of static stress and synchronization with electrical ac-

tivity to improve matching with the physiological niche. This is expected to better reflect alignment of 

the cells with the main stress axis. It comes however at the cost of increased sophistication of the de-

vice. On a more fundamental level, it would be interesting to better understand the exact mechanisms 

behind the behavior of cells in 3D constrained and dynamic environment and its combination with pre-

patterning has to be investigated in both cellular and tissue levels. Also, different physiological and 

pathological range of mechanical stimulation should be conducted and evaluated to understand the 

impact of specific regimes on cell behavior and functionality. Numerous investigations can be applied 

to validate the maturity of the cells in this dynamic environment, such as more specific gene and protein 

expression, patch clamping, and drug testing. Understanding the details of this field eventually lead to 

the design and fabrication of more relevant in vitro models for study the diseases which are coming 

from mechanotransduction defects. On the translational level, the fundamental advance in under-

standing of the cell alignment could one day be used to use smart mechanical design to align cells 

seeded randomly by external forces only – with the potential to create not only a local trabeculae car-

neae unit, but a full helicoidal trans-ventricular unit or even transplantable, physiologically pre-oriented 

patches.   
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 Conclusion 

 

 

 

 

 

In this chapter, the summary of the main results of the project and their impact on future devel-

opments of cardiac in vitro models will be presented. 

 

5.1 Summary of the achieved results and conclusion 

Currently, the development of in vitro models of human tissues is one of the most challenging 

subjects for experimentalists in biology and can have an impact on cell biology, developmental 

biology, drug screening, cell therapy, and disease modeling. Recent advances in bioengineering 

and microtechnology have led to the numerous interdisciplinary ideas to overcome the difficulties 

related to the development of in vitro models of organs. Motivated by the fact that heart diseases 

cause one out of four deaths in developed countries, this thesis aims are developing a cardiac 

model which can find applications in decreasing the side effects of cardiac drugs, understanding 

the cell-cell and cell-ECM interactions, and investigating the maturation and functionality of car-

diac tissues in in vitro conditions. Cardiac models are promising platforms to conduct cost-efficient 

and time-efficient biological analysis before starting animal and clinical trials. The main objective 

of this thesis is to design and fabricate a novel model that can be used for 3D cardiac cell culture, 

differentiation, maturation and stimulation. This cardiac model will allow us to have a 3D-oriented 

cell structure on a stretchable substrate, which is useful for cell differentiation, studying the impact 

of different stimulation methods (mechanical, biochemical, and electrical) on cell fate, and also 

investigate the response of cells to different drugs or stimuli.  
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In general, making a stable 3D cellular construct requires the use of a biomaterial with sufficient 

mechanical stiffness. In this work, we studied a new combination of two natural hydrogels for 

myocardium regeneration: decellularized extracellular matrix from porcine ventricular heart tis-

sue, admixed with fibrinogen and coagulated under cell-compatible conditions with thrombin. Its 

mechanical properties are adjusted to match the ones of the native heart tissue (around 20 KPa), 

while the choice of thrombin as a specific crosslinking agent eliminates concerns of toxicity with 

more generic agents such as transglutaminase. We successfully tested this new hydrogel in the 

context of highly efficient, retinoid-free cardiac differentiation of the myoblast line H9c2. In neo-

natal cardiomyocytes, we show enhanced recovery, synchrony and beating frequency, as com-

pared to various controls, demonstrating the specific advantage of using the dECM-fibrin hydrogel 

over collagen analogs, fibrin alone, Matrigel and tissue culture plates. 

A simple and efficient microengineering technique, enabled us to develop a 3D platform with ori-

ented cardiac cells which resembles the trabeculae carneae structures in native cardiac tissue, 

which can be considered as the building blocks of heart tissue. There are two important features 

in the trabeculae which makes it interesting for experimentalists to study the mechanical, biolog-

ical and functional properties of the heart muscle; the cardiac cells are parallel to the direction of 

the trabeculae, and also they can easily exchange nutrients and oxygen by diffusion [331]. The 

proposed method for aligning the cardiac cells in microgrooves with similar dimensions to trabec-

ulae carneae units, provides the structures with rational dimensions and aligned cardiomyocytes 

comparable to these units. Hence, it can be considered as a valuable model for further investiga-

tions. Concerning the access to oxygen and nutrients, there is no need for adding further complex-

ity in the structure due to their small size. Regardless of the efforts for presenting this model and 

confirming the cell orientation in this 3D constructs, it still requires several validations in terms of 

developmental biology, differentiation, and functionality of the whole structure. 

As the cardiac cells in their native niche are living in a dynamic environment with several stimula-

tions, applying a mechanical stimulation to cardiomyocytes in culture mimics the native tissue be-

havior and improves the functionality of the platform for having a more reliable in vitro model. A 

cost-effective and user-friendly mechanical stimulator was designed and fabricated, which is com-

patible with cell culture conditions, i.e. the cell culture incubator and the stage of the microscope. 

One can control the mechanical stimulation regime for the cells in culture. The PDMS, flexible, 

transparent chamber for culturing the cells, provides a broad range of possibilities of experimental 

conditions, which makes it a great device for understanding the impact of this stimulation on cell 

fate and functionality. The obtained results suggest that mechanical stimulation enhances the in-

tegrity of the cells in the tissue by increasing the expression of gap-junction and cardiac-specific 
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proteins, and it alters the orientation of cells in 3D. This orientation can partially explain biological 

helicality in the heart. The preliminary results we obtained suggest promising opportunities to-

wards a more cardiac tissue-like structure.  

We anticipate the system we developed will be used both as robust a cardiac 3D cell model for 

drug screening, and as a building block for 3D printing, tissue engineering and transplantation in 

regenerative medicine.  

 

5.2 Outlook  

This work opened up several challenges and future prospective to investigate more in the field of 

cardiac tissue engineering and in vitro models.  In this section, I summarize some of the future 

works and the potential applications of this model that can be evaluated in more details in future 

explorations for understanding the cause of different biological responses of the cells in in vitro 

conditions. The outlook will be discussed in four main aspects: cell source, material, technologies, 

and applications.  

 

5.2.1 Cell sources  

Regarding the cell sources, as it is mentioned, cardiomyocytes are not the only cells in cardiac 

tissue. In this thesis, we already investigated the role of fibroblasts and its importance in cardiac 

tissue differentiation and maturation. Nevertheless, to make more reliable and precise cardiac 

models, one should consider the contribution of non-cardiomyocytes such as endothelial and 

smooth muscle cells in physiological and pathological behavior of cardiac cells. Hence, another 

important point to be considered in this case is the addition of these different cell types to the co-

culture system and to understand the significance of cell-cell communication in myocardial cell 

fate.  

In this research to proof the concept of providing a 3D aligned cardiac model, we limited the ex-

periments to just two cell types, i.e. H9c2 cells in co-culture with fibroblasts and neonatal cardiac 

cells. However, since another approach for future work will be the use of this model for studying 

molecular and developmental biology, other cell sources such as iPSCs or ESCs can be used for 

more advanced investigations for clarifying the mechanisms behind the different behaviors of the 

cells in 2D and 3D, cell fate, and optimizing the ESCs/iPSCs differentiation into cardiac lineage. This 

consideration will enable the researchers to improve the personalized medicine studies and would 
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revolutionize current complex differentiation procedures for having mature cardiac cells in in vitro 

condition.  

 

5.2.2 Material selection  

In terms of the material for 3D culture, dECM alone, it not well-understood yet. It is composed of 

a number of components that might have an impact on the cell culture. The combination of colla-

gen I content and appropriate mechanical stiffness explain most of the favorable properties, alt-

hough further investigation is needed to assess whether non-collagen I components of the dECM 

could be responsible for more subtle differences in early synchronization and long-term mainte-

nance of primary cardiomyocytes. 

In addition, currently, most of the microfabrication and microfluidic chips are based on PDMS be-

cause of its excellent properties. Although PDMS is a great material in terms of biocompatibility, 

transparency, porosity, and flexibility, it absorbs chemical compounds which makes it not totally 

applicable in drug screening/discovery. Hence, one technical points that is necessary to be consid-

ered is the use of PDMS in different applications. One needs to consider another appropriate ma-

terial as a substitute for PDMS, for instance tetrafluoroethylene-propylene (FEPM) elasto-

mer[332], Polyurethane elastomer[333], styrene-ethylene/butylene-styrene (SEBS) triblock copol-

ymer[334], or modifying the normal PDMS to decrease the abruption of small molecules, for ex-

ample by using PDMS-PEG-modified PDMS [335]. 

 

5.2.3 Technology   

Concerning the technology point of view, merging microtechnology with bioengineering provide 

promising ideas to tackle the challenges in the regenerative medicine field. Taking advantage of 

microfluidic systems can ease the assessment of different biochemical stimuli such as growth fac-

tors, drugs, differentiation media, and toxic or non-toxic compounds by precise dynamic control 

of the concentration, flow rate, and the time of exposure over the culture. This technology also, 

can be applied to provide nutrients and oxygen and remove the byproducts from the culture. In 

addition, microfluidic techniques are replicable and precise in their fabrication which can be per-

fect for high throughput applications. 

One of the key challenges in tissue engineering is vascularization, due to the fact that by increasing 

the size of the bioengineered tissue, the middle part of the structure will face the oxygen deficiency 
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and the lack of sufficient nutrition and growth factors which leads to the cell apoptosis. In our 

model, we did not experience this problem because of the size of our model which is in the range 

of trabeculae carneae dimensions. However, vascularization must be considered as an important 

factor especially for larger dimensions. Using microfluidic systems and designing channels for fluid 

flow, we can integrate the vasculature network in our model to overcome this limitation. In addi-

tion, the other idea regarding this limitation could be integrating oxygen-generator microparticles 

such as (PEG-H2O2) in our hydrogel which release oxygen in their microenvironment and is con-

firmed to decrease the fibrotic tissue formation and increase the vascular density in the infarct 

area after in vivo injection. 

Cardiac cells in native tissue are living in a dynamic environment with a variety of internal and 

external stimuli. Adding mechanical stimulation to our model reveals extremely interesting results 

in terms of the maturation and the alignment of the cells, because of the fact that it mimics more 

tissue-like environment for the cells. However, the mechanisms of this phenomena are not under-

stood and require further investigation in both cellular and tissue levels in 3D structure with dif-

ferent conditions.   

Electrical stimulation and recording would be another factor that can be applied to the 3D cardiac 

models. It can improve the maturity of the model to provide more consistent response of the cells 

in vitro. In addition, as the heart tissue is totally interconnected and the electromechanical signals 

between the cells have a key effect on tissue maturation and functionality, the electrophysiological 

properties of the 3D constructs has to be carefully understood and considered. In the future, merg-

ing different stimulations such as mechanical, biochemical and electrical stimuluses in the same 

model using microengineering techniques would be a great step towards a more tissue-like struc-

ture in in vitro conditions.  

 

5.2.4 Applications  

Although in this work we could introduce a cardiac model which meets some of the important 

features of cardiac tissue, the applications of this platform need to be investigated and validated 

more in depth. Motivated by the fact that the induced hydrogel can be injected and solidified in 

situ, other applications can be considered. One of these applications is bioprinting and 3D printing 

applications to fabricate platforms or scaffolds with desired spatial design[336]. In this application, 

synthesizing a biomaterial as the “biopaper” for printing and forming the expected 3D construct is 

needed. Besides the biocompatibility and mechanical properties of this material, its printability is 

the main criteria to choose the right one. It should be liquid during the printing process and 
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solidified by an external stimulus such as temperature, light, and ions. Therefore, the introduced 

hydrogel which has a short gelation time would be an ideal material in this application.  

One of the main drawbacks of cell therapy is losing a great number of injected healthy cells during 

and after injection due to the lack of critical support. This hydrogel can enhance the efficiency of 

cell therapy by providing a pre-supportive environment which can reinforce cell survival and pro-

liferation and encourage the cells to maintain their integrity, maturation and functionality. Hence, 

the hydrogel, either without cells and just as a supportive material, or in combination with differ-

ent cells to improve their functionality, can be injected in diseased soft tissues to control the ther-

apy which leads to positive clinical outcomes. 

Another approach would be transplantation of this model in in vivo conditions, for instance as a 

cardiac patch to facilitate the delivery of healthy cardiac cells in the target zone and improve the 

efficiency of the cardiac regeneration. In addition, it can be considered as the long-oriented cell 

fibers for injection. Since this model provides pre-oriented, well-integrated and functional cardiac 

cell platform, it can augment the rate of success in animal infarct models and clinical trials.  

In this thesis, we worked with cardiac cell lines and neonatal cardiac cells. However, as the aligned 

cardiac tissue in 3D was successfully prepared with this method, one can apply the same method 

for the other human tissues in which the orientation of the cells is crucial, such as nervous system, 

musculoskeletal and vascular tissues. The 3D alignment in different tissues will provide promising 

results and a powerful model to evaluate cell behavior and tissue function in vitro.  

Reliable and robust results in in vitro conditions will arise from years of follow-up rather than 

weeks or months. Hence, to provide an applicable and consistent model, one needs long-term 

culturing and follow-up. Also, reproducibility, handling procedure, and standardization of the 

whole process should be carefully considered in the way towards further pre-clinical the clinical 

applications.   

One of the main concideration in fabricating an engineered tissue is its correspondence with Ad-

vanced Therapy Medicinal Products (ATMPs) regulatory. In this case, the relevance of the animal 

cells and tissues, the working conditions and all the details of the experiments has to be checked 

with the standards. In this thesis the main concept of the work has been proved, however, the use 

of cell lines from different origins such as mouse and rat would not be accepted in standards. The 

use of pig heart would not make any special problem, as it is totally decellularized and the immune 

response would be negligible.  
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This works provided all the components for providing a reliable heart-on-a-chip system. However, 

the next step would be considering the high-throughput production of the chips for the experi-

ments by adding microfluidic channels or applying mechanical stimulation on several chambers at 

athe same time. Also, in this work, we investigated the trabeculae carneae, however, one could 

study bigger tissue by assembling these building blocks and providing microfluidic channels and 

shear stress to the engineered tissue for advanced investigations. These considerations will pro-

vide more interesting and reliable results.   

This work introduced a new biomaterial for cardiac tissue engineering and regeneration medicine 

and highlighted different parameters that have to be considered in this field to make more reliable 

and accurate model. The model validated with a variety of physical, mechanical and biological ex-

periments. However, definitely further works and validations are required to reach the ideal plat-

form representing the mature and functional cardiac tissue in different applications.  
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