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Genomic Profiling Reveals That Transient Adipogenic
Activation Is a Hallmark of Mouse Models of Skeletal
Muscle Regeneration
Laura Lukjanenko¤a¤b, Sophie Brachat, Eliane Pierrel, Estelle Lach-Trifilieff, Jerome N. Feige*¤a

MusculoSkeletal Diseases Group, Novartis Institutes for Biomedical Research, Basel, Switzerland

Abstract

The marbling of skeletal muscle by ectopic adipose tissue is a hallmark of many muscle diseases, including sarcopenia and
muscular dystrophies, and generally associates with impaired muscle regeneration. Although the etiology and the
molecular mechanisms of ectopic adipogenesis are poorly understood, fatty regeneration can be modeled in mice using
glycerol-induced muscle damage. Using comprehensive molecular and histological profiling, we compared glycerol-induced
fatty regeneration to the classical cardiotoxin (CTX)-induced regeneration model previously believed to lack an adipogenic
response in muscle. Surprisingly, ectopic adipogenesis was detected in both models, but was stronger and more persistent
in response to glycerol. Importantly, extensive differential transcriptomic profiling demonstrated that glycerol induces a
stronger inflammatory response and promotes adipogenic regulatory networks while reducing fatty acid b-oxidation.
Altogether, these results provide a comprehensive mapping of gene expression changes during the time course of two
muscle regeneration models, and strongly suggest that adipogenic commitment is a hallmark of muscle regeneration,
which can lead to ectopic adipocyte accumulation in response to specific physio-pathological challenges.
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Introduction

Skeletal muscle is a highly plastic tissue, which responds to

exercise or disuse by modulating the mass and composition of

contractile proteins [1,2]. In addition, muscle fibers have a strong

regenerative capacity as muscle injuries trigger the proliferation

and activation of satellite cells, a specific type of stem cells

expressing the marker Paired box protein 7 (Pax7) and committed

to the myogenic lineage [3–5], which subsequently fuse to injured

fibers to promote their efficient repair. Other cell types are also

involved in muscle repair during the different phases of the healing

process [4,6]. In particular, immune cells are recruited to

degenerating muscle to allow the removal of cellular debris and

support myogenesis [7,8]. In addition, a novel type of Pax7-

negative myogenic progenitors expressing the marker PW1 also

participate to muscle regeneration [9]. Despite the ability of

healthy skeletal muscle to regenerate, several pathological

conditions such as muscular dystrophies or aging impair satellite

cell homeostasis and myofiber regeneration [10,11], thereby

weakening muscle plasticity and integrity. In such diseases,

excessive cycles of degeneration/regeneration prime the muscle

for fibrosis and ectopic adipocyte accumulation, leading to an

exhaustion of the regenerative capacity and ultimately to impaired

muscle contraction.

Muscle ectopic adipogenesis is particularly prominent in

myopathies such as Duchenne muscular dystrophy, where young

boys with dystrophin mutations have important fat infiltration that

can reach up to 50% of muscle content in the gluteus muscle [12].

Intra-muscular fat accumulation also occurs in sarcopenia where

marbling of skeletal muscle by adipose tissue plays an important

role in contractile and metabolic dysfunction [13,14]. It has been

recently demonstrated that fat cells which invade skeletal muscle

originate from mesenchymal progenitors distinct from satellite cells

and expressing the platelet-derived growth factor receptor alpha

(PDGFRa) [15–17]. Using lineage tracing, PDGFRa has also

recently been recognized as a general marker for adipogenic

progenitors giving rise to mature fat cells in white and brown

adipose tissues [18,19]. Interestingly, muscle-resident PDGFRa-
positive progenitors can also give rise to collagen-type I expressing

cells, indicating that ectopic adipogenesis and fibrosis are regulated

in parallel from common fibro/adipogenic progenitors (FAPs)

[20,21]. In order to differentiate into pathological fat or fibrotic

depots, FAPs require external triggers, that remain to be

characterized, but rely on the muscle environment rather than

the progenitors themselves [15,17]. Human PDGFRa-positive
FAPs have also recently been demonstrated to have osteogenic

potential, and could contribute to pathological calcification of

skeletal muscle occurring during Myositis Ossificans [22]. How-
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ever, FAPs also seem to positively influence myogenesis and

muscle regeneration as they are activated upon muscle damage

and show increased expression of IL-6 [20], a factor that promotes

myogenesis [4,23,24]. In addition, when co-cultured with myo-

genic progenitors in vitro, FAPs induce myogenic differentiation in

a dose-dependent manner, suggesting that they might play an

active role in muscle regeneration [20]. Furthermore, it has

recently been demonstrated that IL-4/IL-13 signaling is activated

in FAPs in response to IL-4 secretion by eosinophils upon injury,

thus promoting FAP proliferation to support myogenesis and

inhibiting their commitment toward adipogenesis [25].

Many mouse models have been developed to study skeletal

muscle regeneration, out of which the intramuscular injection of

toxins such as cardiotoxin (CTX) has been one of the most

extensively studied [26]. In contrast, the intramuscular injection of

glycerol has recently been recognized as a new model of

regeneration which promotes ectopic adipogenesis in muscle

[16,17,20,27]. Although the model of intramuscular glycerol

injection has been technically refined recently [16], understanding

the causes and mechanisms of ectopic fat cell deposition remains

an open question. Towards that goal, we conducted a compre-

hensive profiling of the molecular and histological responses

occurring after muscle damage induced by CTX and glycerol at 4

different time points. Our results demonstrate that the myogenic

response overlaps to a large extent in both injury models.

Surprisingly, an adipogenic response was also detected in both

models, although glycerol induced stronger and more prolonged

adipocyte formation. Altogether, our data provide a comprehen-

sive correlation between the molecular and histological changes

differentially occurring during glycerol and CTX regeneration,

and the transcriptional signatures of these two injury models

constitute a key resource to further understand muscle regener-

ation and ectopic adipogenesis.

Materials and Methods

Animals
All animal experiments were approved by the Kantonales

Veterinäramt Basel Stadt, Switzerland. Adult C57BL/6J male

mice were purchased from The Jackson Laboratory, maintained at

22uC in a 12-h light–12-h dark cycle with unrestricted access to

regular diet and water and injured at 12 to 14 weeks old.

Figure 1. Glycerol and CTX induce similar kinetics of degeneration and regeneration. Control uninjured tibialis anterior muscle, and
tibialis anterior muscles injected with either 25 ml of 50% (v/v) glycerol or 10 mM CTX were sectioned and stained with laminin and DAPI 3, 7, 14 or
21 days after injection (dpi) (A), or with hematoxylin-eosin at 21 dpi (B). Cryosections were performed at the mid-belly part of tibialis anterior. Scale
bars, 100 mm. Yellow arrow: immune cell nuclei, white arrow: central nuclei, red circle: fat cell-like structure. (C) Quantitative analysis of total
myofibers and of myofibers with at least one central nuclei from laminin/DAPI stained sections. (D) qPCR analysis of the mRNA levels of different
markers of muscle regeneration. Data are expressed as mean 6 s.e.m., n = 5–6/group. * p-value ,0.05 vs. control. MYH, Myosin Heavy Chain.
doi:10.1371/journal.pone.0071084.g001
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Muscle injury and muscle preparation
25 ml of 50% v/v glycerol or 25 ml of 10 mM cardiotoxin (CTX)

was injected through two injections of 12.5 ml into tibialis anterior

(TA) muscle, using a 22 gauge needle (Hamilton). The intramus-

cular injections were performed under anesthesia using isoflurane

inhalation and mice were injected intra-peritoneally with 0.1 mg/

kg of Buprenorphine (Temgesic), one hour before injury and the

day after, as analgesic. Mice were sacrificed at the indicated time

points with CO2 (air mixture 85:15) in an inhalation chamber. TA

muscles were cut into two parts, one part being frozen into liquid

nitrogen for total RNA extraction and the other part being

embedded into OCT, frozen for 2 seconds in liquid nitrogen and

then frozen in isopentane cooled with liquid nitrogen for

histological analysis.

Immunohistochemistry and microscopy
Frozen muscle tissues were sectioned (10 mm thickness) using a

cryostat HM 560 (Microm-Thermo Fisher Scientific Inc). Muscle

sections were subjected to hematoxylin-eosin (H&E) staining and

the slides were mounted in Pertex (Histolab). Immunostainings

were performed using polyclonal antibodies against perilipin or

laminin detected using goat anti-rabbit IgG antibodies conjugated

to Alexa 488 or 555 (Molecular Probes), respectively. For perilipin

immunostaining, cryosections were allowed to dry during

10 minutes, and fixed in PFA 4% during 10 minutes. After 2

quick washes in PBS, samples were permeabilized during

10 minutes in 0.5% Triton X-100 (Sigma-Aldrich) in PBS (0.5%

PBTX), and blocked for 1 hour at room temperature in blocking

solution (2% Goat Serum (Sigma-Aldrich) in 0.5% PBTX).

Cryosections were stained during 3 hours at room temperature

using monoclonal anti-perilipin A/B antibody produced in rabbit

(Sigma-Aldrich) diluted at 1/250 in the block solution. After 3

washes of 5 minutes in PBS, slides were incubated during 1 hour

at room temperature with the secondary antibody diluted at 1/200

in the blocking solutions. Slides were washed again, and mounted

in Prolong Gold Medium with DAPI (Invitrogen). For laminin

immunostaining, cryosections were allowed to dry during

10 minutes and were permeabilized during 10 minutes in PBS

and blocked for 45 minutes at room temperature in the blocking

solution (10% Goat Serum (Sigma-Aldrich), 1% bovine serum

albumin (BSA) (Sigma) in 0,5% PBTX). Cryosections were stained

during 3 hours at room temperature using monoclonal anti-

Laminin antibody produced in rabbit (Sigma-Aldrich) diluted at

1/200 in the blocking solution. After 3 washes of 10 minutes in

PBS, slides were incubated during 1 hour at room temperature

with secondary antibody diluted at 1/200 in the blocking

solutions. Slides were washed again, and mounted in Prolong

Gold Medium with DAPI (Invitrogen). Stained tissues were

photographed using Olympus VS120 Virtual Microscopy Slide

Scanning System and analyzed using the VS-ASW FL software

measurement tools.

Image analysis
The number of myofibers with central nuclei was calculated

from laminin/DAPI stainings on all fibers of the section using an

automated image processing software developed internally (As-

toria). Cells expressing perilipin and their surface were counted

manually on the whole cryosection.

RNA extraction & preparation for profiling
Total RNA was extracted from the frozen tibialis part, using an

RNeasy Fibrous Tissue Mini Kit (Qiagen), and eluted in 40 ml
RNase free water. RNA concentration and quality was measured

by a ND-1000 spectrophotometer (NanoDrop, Thermo Scientific).

In case RNA quality was not acceptable (ratio 260/230,1.5),

samples were cleaned using a RNeasy Plus Micro Kit (Qiagen),

eluted in 15 ml and the new concentration and ratios measured

again. RNA final quality was assessed on an Agilent 2100

Figure 2. Ectopic adipogenesis occurs in both glycerol- and CTX-induced muscle regeneration. (A) qPCR analysis of the mRNA level of
the platelet-derived growth factor receptor alpha (PDGFRa). (B) Cryosections were performed at the mid-belly part of TA and subjected to H&E and
perilipin staining at each time points after injection. Representative perilipin (green) /DAPI (blue) fluorescent stainings at 21 dpi are shown next to an
H&E staining of the same region. Scale bars, 50 mm. (C), Quantitative analysis of perilipin expression assessed by counting and measuring the area of
all perilipin expressing cells per section. Data are expressed as mean6 s.e.m., n = 5–6/group. * p-value,0.05 vs. control, # p-value,0.05 in Glycerol
vs. CTX at same time points.
doi:10.1371/journal.pone.0071084.g002
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Bioanalyzer using the Agilent RNA 6000 Nano kit, and processed

for microarray when RIN.7.

Microarray processing and data analysis
RNA samples were subjected to microarray analysis on

Affymetrix GeneChip Mouse Genome 430 2.0 chips (Affymetrix,

Santa Clara, CA) according to the manufacturer’s recommenda-

tions. All statistical analyses were performed using R/Bioconduc-

tor (www.bioconductor.org). Quality control was performed using

both AffyQCreport and arrayQCmetrics packages. Data was

RMA normalized using RMA and scaled to a 2% trimmed mean

of 150. Probes with normalized expression values below 50 in all

groups were filtered out. Differential gene expression was

performed using a linear model approach (Limma). Genes with

a fold change higher than 2 and an adjusted P-value below 0.01

(Benjamini and Hochberg multiple testing correction) were

considered regulated. Venn diagrams were drawn using the

BioVenn online tool (http://www.cmbi.ru.nl/cdd/biovenn/) [28].

Gene set enrichment analysis (GSEA) [29], was performed on fold

change ranked list of all non filtered probesets collapsed to gene

symbols [30] using the Broad (www.broadinstitute.org/gsea) and

the Molecular Signature v3.0 gene sets databases. GSEA results

were further analyzed using the enrichment map tool [31] and

visualized in Cytoscape [32]. Other visualizations were performed

using Tibco Spotfire. Pathway maps were generated using

Pathvisio [33]. Data was submitted to the Gene Expression

Omnibus repository and is available under the accession number

GSE45577.

Reverse Transcription and qPCR
Total RNA extracts were diluted at 100 ng/ml and reverse

transcribed into cDNA using the High Capacity cDNA Reverse

Transcription Kit (Applied Biosystems) and then diluted 1/20.

Quantitative PCR reactions were performed on a BioRad

thermocycler (association of CFX384TM Real-Time System and

C1000TM Thermal Cycler) with HotGoldStar DNA polymerase

(qPCR Master Mix Plus, Eurogentec). The amplification curves

were analyzed by the BioRad CFX Manager software. Specific

Figure 3. Overview of transcriptomic analysis showing time-dependent genome wide regulation. (A) Principal component analysis
diagram showing most variation between time points along the first principal component axis (left graph), and differentiating between models along
the third principal component axis (right graph). (B) Venn diagrams comparing the number of regulated genes in the glycerol and CTX models vs.
control at 3 dpi, 7 dpi, 14 dpi and 21 dpi time points. Gene expression changes were considered significant when the absolute Fold Change .2 and
adjusted p-value ,0.01.
doi:10.1371/journal.pone.0071084.g003

Profiling of Glycerol and CTX Muscle Regeneration

PLOS ONE | www.plosone.org 4 August 2013 | Volume 8 | Issue 8 | e71084



Taqman probes (Applied Biosystems by Life Technologies) are

listed in Table S1. 18 S was amplified as qPCR normalization

control.

Statistical Analysis of qPCR and histology data
Statistical significance was assessed by the Student’s t-test for

binary comparisons. For comparison of more than 2 groups, one-

way ANOVA followed by Bartlett’s test was used. All data are

expressed as mean value +/2 s.e.m.; and unless otherwise

indicated, n=6 in each CTX and glycerol group; and n = 5 in

the control group were analyzed. A p-value smaller than 5% was

considered statistically significant.

Results

Glycerol and CTX induce similar myofiber damage and
degeneration, followed by rapid muscle regeneration
In order to compare the molecular profiles of muscle

regeneration after glycerol and CTX injection, the Tibialis

Anterior muscle of adult wild-type mice was injected with 25 ml
of 50% glycerol or 10 mMCTX and compared to a control muscle

3, 7, 14 or 21 days after injection. The dose of glycerol was

selected from a pilot study showing that 25 ml of 50% glycerol was

able to induce levels of myofiber damage in a slightly lower, yet

comparable range than our established model of CTX-induced

degeneration (figure S1) [34].

Figure 4. Gene set enrichment mapping of glycerol- vs. CTX-injected muscle. Gene set enrichment analysis was performed on glycerol-
injected compared to CTX-injected muscles 3 and 7 days after injection, and clustered according to gene set ontology. The size of nodes is
proportional to the number of genes contained in the gene set. Red nodes: gene sets upregulated in glycerol vs. CTX model, blue nodes: gene sest
downregulated in glycerol vs. CTX model, green bar: link between two gene sets sharing regulated genes.
doi:10.1371/journal.pone.0071084.g004

Figure 5. The inflammatory signature is stronger in response to glycerol than to CTX. qPCR analysis of the mRNA levels of various
macrophage markers and cytokines. Data are expressed as mean 6 s.e.m., n = 5–6/group. * p-value ,0.05 vs. control, # p-value ,0.05 in Glycerol vs.
CTX at same time points. Emr1; EGF-like module containing mucin-like hormone receptor 1; TNFa, tumor necrosis factor alpha, IL, interleukin; TGF-b1,
transforming growth factor beta 1.
doi:10.1371/journal.pone.0071084.g005
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As expected, the control muscle was composed of mature

differentiated myofibers with multiple nuclei lying exclusively at

the periphery of the cell (figure 1A). Both glycerol and CTX

injection lead to a complete destruction of myofibers in the

degenerating zones at 3 dpi, characterized by a dramatic reduction

of the number of myofibers concomitant with an important

infiltration of immune cells. Consequently, myofibers started

regenerating 7 days post injection in both models, as many newly

formed fibers with centrally located nuclei were observed, and the

gradual regeneration of myofibers was almost complete after 3

weeks in both models. At 21 dpi, a differential process could be

observed between the two models as glycerol-treated mice had

much more cellular structures devoid of eosin-positive cytoplasm,

which are reminiscent of mature white adipocytes containing

triglycerides in a large lipid droplet (figure 1B). In addition, the

regeneration capacity seemed slightly better with CTX than with

glycerol as the number of regenerating fibers with centralized

nuclei increased more rapidly and the total number of fibers

recovered more rapidly (figure 1C).

When the molecular profiles of key markers of muscle function

and regeneration were measured at the mRNA level, both models

initially induced a profound loss of myosin heavy chain IIB

(MYH4), which gradually recovered during the regenerative

process over 14 to 21 days (figure 1D). As expected, both CTX

and glycerol induced Pax7 expression at 3 dpi when satellite cells

proliferate in response to muscle injury, and Pax7 levels gradually

decreased during regeneration as the new pool of satellite cells

engaged in myogenic differentiation and lost the stem cell marker

Pax7. Consequently, the downstream myogenic transcription

factors MyoD, Myf5 and Myogenin were also strongly induced

at 3–7 dpi, but neither Pax7, nor MyoD/Myf5/Myogenin showed

differential regulation in CTX vs. glycerol-injected muscles. The

embryonic myosin heavy chain MYH8 was also strongly activated

at 7 dpi in both models as muscle regeneration transiently re-

activates embryonic myogenic programs occurring during devel-

opment [4,35]. Altogether, these molecular profiles demonstrate

that CTX and glycerol induce similar satellite cell activation and

myogenic differentiation.

In vivo ectopic adipogenesis is detected in both models
of regeneration but with a stronger amplitude and
persistence after glycerol injury
In order to study ectopic adipogenesis in the two models of

muscle regeneration, we first evaluated the expression of the

PDGFRa, a marker which is specifically expressed by fibro/

adipogenic progenitors (FAPs) [17]. As previously reported

[15,17,20], PDGFRa mRNA levels increased 3 days after

injection of both glycerol and CTX, and returned to the basal

expression level at 7 dpi (figure 2A), confirming that FAP

activation and proliferation occurs at similar levels after glycerol

and CTX injection. Adipogenic differentiation of FAPs was then

evaluated through a perilipin staining which labels lipid droplets

and allows outlining ectopic adipocytes (figure 2B). As previously

reported [16,17,36], perilipin expression was detected in the

interstitial spaces of muscles treated with glycerol and correspond-

ed to cellular structures devoid of eosin-positive cytoplasm in H&E

sections. Surprisingly, ectopic adipocytes also formed during

regeneration after CTX injury, suggesting that a transient

adipogenic response during muscle regeneration might be more

frequent than previously appreciated [17]. Most adipocytes

appeared 7 days after glycerol and CTX injections at a similar

level, and then slowly decreased in number during muscle

regeneration (figure 2C). However, the adipocytes that differen-

tiated in muscles injected with glycerol were generally bigger and

persisted for a longer time than in muscles injected with CTX in

which the number of fat cells decreased after 7 dpi.

Glycerol injection regulates more genes than CTX at the
genome wide level
In order to understand the molecular mechanisms of regener-

ation and ectopic adipogenesis, we performed a differential

profiling of the glycerol and CTX models at the 3, 7, 14 and 21

dpi time points using Affymetrix expression arrays. The numerous

variables contributing to inter-sample variations, averaged over all

the genes analyzed were reduced through a principal component

analysis (PCA) to three variables that account for the major

sources of variation in the dataset. Time after injury was the

predominant variable, as samples were grouped by time point in

the first dimension of the PCA diagram without any distinction

between the glycerol and CTX model (figure 3A). The most

distant samples in the PCA diagram were the 3 dpi samples,

indicating that both glycerol and CTX injections induce a major

gene expression change at 3 dpi which likely reflects the massive

physiological events and differences in cell-type composition

occurring during the first days after injury. Consistently, the

number of regulated genes was maximal at 3 dpi (5000–8000

genes, figure 3B). During the regeneration process, samples moved

in the PCA space towards the control group while the number of

regulated genes gradually decreased down to 250–700 regulated

genes at 21 dpi, demonstrating that damaged muscles gradually

return to normal physiological conditions within the 21 days of

repair. In addition to the prominent effect of time on gene

expression patterns, samples were separated according to model

(i.e. Glycerol vs. CTX) along the 2nd and 3rd component of the

PCA (figure 3A). The vast majority of genes were commonly

regulated in both models, but glycerol also induced a specific set of

genes while very little genes were specifically regulated by CTX

(figure 3B, Table S2). Altogether, these data demonstrate that

glycerol and CTX regulate similar pathways during regeneration

for which time after injury is the key factor. However, glycerol also

triggers a specific set of genes which likely accounts for additional

biological processes.

Glycerol specifically triggers a stronger expression of
anti-inflammatory cytokines and activates adipogenic
networks while repressing fatty acid oxidation
In order to assess the main biological functions of the numerous

genes regulated in muscle after glycerol and CTX-injections, we

performed a Gene Set Enrichment Analysis (GSEA) for the 3 dpi

and 7 dpi time points, and analyzed the different sets of genes that

were specifically enriched in glycerol- vs. CTX-treated muscles.

The significantly enriched genesets were analyzed using the

enrichment map tool and plugged into Cytoscape, a platform used

to visualize complex networks with integration of p-value data.

Figure 6. Adipogenesis and b-oxidation are differentially regulated in muscle after glycerol or CTX injection. qPCR analysis of the
mRNA levels of different adipogenic (A), or in fatty-acid oxidation (B) regulators. Data are expressed as mean 6 s.e.m., n = 5–6/group. * p-value
,0.05 vs. control, # p-value ,0.05 in Glycerol vs. CTX at same time points. Acadm, acyl-CoA dehydrogenase medium; Acs/l, acyl-CoA synthesase
short-/long-chain; Acss, Acetyl-coenzyme A synthetase; Acox, Acyl-coenzyme A oxidase, Palmitoyl; C/EBP: CCAAT/ Enhancer binding protein; Cpt,
carnitine palmitoyltransferase; Hadh, hydroxyacyl-CoA dehydrogenase; PPAR, peroxisome proliferator activated receptor.
doi:10.1371/journal.pone.0071084.g006
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Using this approach, genesets sharing a significant number of

genes are connected, generating a summarized network view of

the specific biological processes that are differentially regulated

between the 2 conditions (figure 4). Consistent with observations at

the individual gene level, more gene sets were differentially

regulated between glycerol- and CTX-injected muscles at 3 dpi

than at 7 dpi, demonstrating that the differential responses of

muscles upon glycerol- and CTX-induced injuries initiate early on

during the regenerative process.

The strong regulation of sets of genes involved in immune and

stimulus response (figure 4) was consistent with the crucial role of

inflammation in the muscle regeneration process [4,6]. Indeed,

3 days after glycerol injection, muscles were characterized by a

stronger signature for immune cells and proliferation/cell cycle

than after CTX injection, and the differences between both

models were partially (immune cell gene sets) or totally (prolifer-

ation gene sets) attenuated at 7 dpi (figure 4).

The importance of the sequential involvement of pro-inflam-

matory macrophages (or M1) and anti-inflammatory macrophages

(or M2) for muscle repair after an injury is well established [7,8].

In order to investigate if the inflammatory response is differentially

involved in both models after injury, we further analyzed

inflammatory molecular signatures in muscle using qPCR. As

expected, the mRNA levels of macrophage markers, such as

Emr1/F4/80, which is also expressed in eosinophils [37], and the

macrophage scavenger receptor MSR-1 massively increased at 3

dpi, and then rapidly decreased at 7 dpi (figure 5A). Interestingly,

Emr-1 and MSR-1 were more strongly induced by glycerol than

CTX with a 115–120-fold increase in the glycerol model and only

65-fold increase in the CTX model, suggesting that macrophages

could trigger a stronger inflammatory response to glycerol injury

and thereby potentially exacerbate glycerol-induced adipogenesis.

We also analyzed different cytokine expression profiles (figure 5A).

As expected, both pro-inflammatory cytokines such as the tumor

necrosis factor alpha (TNFa), the interleukins 1 beta (IL-1b) and 6

(IL6) and anti-inflammatory cytokines such as the transforming

growth factor beta 1 (TGF-b1) and the interleukin 10 (IL10) were

detected in muscle 3 days after injection of glycerol and CTX,

potentially resulting from an active presence of M1 and M2

macrophages in injected muscles. However, no IL-4/IL-13 signal

was detected in muscles at the mRNA levels (results not shown).

The similar expression of pro-inflammatory cytokines in muscles at

3 and 7 dpi in both models demonstrates that both models trigger

a similar early inflammatory response. In contrast, glycerol-

injected muscles had a stronger anti-inflammatory cytokine

mRNA expression as TGF- b1 and IL-10 inductions were

approximately 2 fold higher in response to glycerol vs. CTX,

suggesting that glycerol may elicit stronger M2 macrophage

activation. These cytokine mRNA profiles data illustrate that

glycerol induces a higher expression of anti-inflammatory cyto-

kines a few days after injury. These results likely illustrate a

different extent of inflammatory response between both models,

which could influence the cytokine balance and confound signals

sent to satellite cells, myoblasts and adipocyte progenitors, and

possibly influence adipogenesis.

Many gene sets involved in muscle contractile function, ion and

metabolite transport (membrane transport gene sets), and muscle

metabolism were down regulated in glycerol- vs. CTX-injected

muscles 3 days after injection (figure 4), indicating a stronger

molecular signature for muscle and metabolic impairment in the

glycerol model. To further characterize the difference between

both muscle regeneration models at the molecular level, we

performed a pathway analysis of the genes specifically or

differentially regulated by glycerol, which highlighted that

adipogenesis and fatty acid oxidation are differentially regulated

by glycerol and CTX at 3 dpi (figures S2, S3 and S4). The most

prominent findings were confirmed by qPCR at the single gene

level. Among these, the Peroxisome Proliferator Activated

Receptors (PPARs) were preferentially regulated in the glycerol

model. PPARc, the master adipogenic regulator [38,39], was

strongly over-expressed at 3 dpi in glycerol- vs. CTX-injected

muscles with a 3.2-fold increase in the glycerol model vs 1.6-fold

increase only in response to CTX, suggesting a prominent

engagement of glycerol-activated adipocyte progenitors in the

adipogenic program (figure 6A). Concomitantly, the transcription

factor CCAAT/enhancer binding protein a (C/EBPa) was also

more strongly activated by glycerol than CTX at 3 dpi (32- vs. 17-

fold activation, respectively). As adipogenic differentiation is

controlled by a transcriptional cascade which relies extensively

on PPARc and C/EBPa [38–40], we analyzed downstream

functional adipogenic markers.

In contrast, both PPARa and PPARb/d, which are prominently

expressed in skeletal muscle and control the expression of genes

involved in fatty acid catabolism [41,42], were down-regulated in

glycerol- vs. CTX-injected muscles (figure 6B, figures S2, S3, S4). In

particular, the acyl-CoA synthesase long-chain 1 and short-chain 2,

carnitine palmitoyltransferase 1, acyl-CoA, dehydrogenase medi-

um, acyl-coA oxidase 1 and hydroxyacyl-CoA dehydrogenase were

dramatically down-regulated 3 days after injection. Their expres-

sion gradually increased during muscle regeneration, and muscles

almost recovered the basal mRNA level 21 days after injury.

Interestingly, glycerol induced a stronger down-regulation of all 6

genes than CTX with a decrease of 70-95%, whereas CTX induced

a decrease of only 40–75%, illustrating a differential metabolic shift

occurring in response to glycerol or CTX injection.

Altogether, the microarray-based expression data and subse-

quent qPCR validation confirm that glycerol induces stronger

adipogenic differentiation which may relate to the stronger up-

regulation of some cytokines and immune cell markers in glycerol

injected muscles, and to the increased expression of adipogenic

regulators concomitant with a down-regulation of genes control-

ling fatty acid oxidation. The data also highlight that other

biological processes which are differentially regulated in glycerol

vs. CTX model at the mRNA level, such as immune response, cell

proliferation and muscle metabolism, may also influence ectopic

adipogenesis during muscle regeneration.

Discussion

Intramuscular adipogenesis has emerged as a physiopathological

condition of growing interest, due to the correlation between ectopic

fat in skeletal muscle and the reduction of muscle function and

metabolic homeostasis [43–45]. In the present study, we have

compared the molecular and cellular processes occuring during

glycerol- and CTX-induced regeneration. Both glycerol and CTX

induce acute muscle degeneration followed by efficient muscle

repair with similar time courses, when assessed at the histological

level or by the Principal Component Analysis (PCA) of the global

gene expression changes measured in both models. Consistent with

the well described mechanisms of muscle regeneration [4,6,46],

both models induced the transient loss of adult myosin heavy chains

(MYH), which recovered after temporary compensation by

embryonic MYH. Satellite cell activation also lead to similar

activation of the myogenic trasncription factors MyoD1, Myf5,

Myogenin. Despite similar or slightly lower levels of degeneration at

the histological level in glycerol than CTX-injected muscle, gene set

enrichment analysis suggested that the molecular and cellular

remodeling during degeneration could be stronger upon glycerol
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injection. Although the basis to this observation remains unclear,

one possibility is that glycerol and CTX may differentially damage

the cell membrane and the intracellular components.

Several studies have shown that PDGFRa-positive fibro

adipogenic progenitors (FAPs) proliferate upon muscle injury

and differentiate into ectopic adipocytes in muscle under certain

physio-pathological conditions [20,21,47]. As previously reported

[16,17], glycerol-induced regeneration promoted FAP prolifera-

tion and ectopic adipocyte formation in muscle in our experi-

ments. Previous studies have shown that adipogenic potential, and

more recently FAP proliferation, are induced in various models of

muscle injury [17,48]. It was, however, suggested that the muscle

environment is permissive to terminal adipogenic differentiation in

muscles injected with glycerol but not with CTX [17]. Consis-

tently, we also observed that PDGFRa expression was transiently

elevated 3 days after glycerol and CTX injection when the

PDGFRa-positive fibro-adipogenic progenitors (FAPs) proliferate.

However, our results demonstrate that CTX injection can still

transiently prime muscle towards adipogenic commitment, albeit at

a lower extent than glycerol. The transient adipogenic activation

observed in both models is supported by an activation of the

adipogenic transcription factors PPARc and C/EBPa, limited to

the first few days post injury, and the appearance of perilipin-

positive cells in muscle. These adipocytes are larger and more

persistent in the glycerol than in the CTX model, as the number of

perilipin-expressing cells and the fat area gradually decrease in the

CTX model during muscle regeneration. Upon muscle injury,

activated FAPs express high levels of IL-6 and co-culture

experiments have demonstrated that myogenic differentiation was

more efficient in the presence of FAPs [20]. Since we observed an

adipogenic response in the two regeneration models tested, it is

possible that ectopic adipogenesis may be a hallmark of muscle

regeneration that could be required for efficient muscle repair.

At the molecular level, glycerol induced a wider genomic

signature than CTX, which most likely accounts for the induction

of a stronger adipogenic commitment. Gene set enrichment

analysis also revealed the exacerbated regulation of various

biological processes by glycerol, which was particularly prominent

at early time points. Gene sets involved in proliferation/cell cycle

and immune response were strongly enriched 3 days after glycerol

injection, illustrating that the cell proliferation required to induce

the early steps of tissue repair is stronger after glycerol injection

and may participate to stronger ectopic adipogenesis. In partic-

ular, glycerol-injected muscles were characterized by a stronger

anti-inflammatory signature defined by increased TFG-b1 and IL-

10 levels, suggesting that the M1 to M2 macrophage transition

occurring during regeneration may differ in the two models and

thereby differentially affect adipogenesis. Finally, a differential

regulation of metabolic pathways also very likely contributes to the

stronger adipogenic response induced by glycerol. In particular,

gene sets involved in energy metabolism and mitochondrial

function, and many enzymes of fatty acid b-oxidation pathways

were down-regulated in glycerol-injected muscles. In contrast, a

stronger adipogenic signature was prominent in glycerol over

CTX muscle. These results therefore strongly suggest that a shift

in the balance between fatty acid storage and utilization

contributes to stronger ectopic adipogenesis in glycerol-injected

muscle. Interestingly, a molecular pathway analysis demonstrated

that PPARs could account for the transcriptional integration of

this orchestrated metabolic response. PPARc, the master regulator

of adipogenic differentiation [39], was more strongly regulated by

glycerol than CTX. In contrast, PPARa and PPARb/d, the

PPARs primarily involved fatty acid catabolism [41,42], were

down regulated in glycerol- vs. CTX-injured muscles.

Altogether, our data demonstrate that transient adipogenic

activation is an integral response of skeletal muscle regeneration

which is differentially modulated according to physio-pathological

conditions through inflammatory and metabolic cues. In addition,

these results also provide a comprehensive transcriptomic resource

of the genes commonly or differentially regulated during muscle

regeneration and ectopic muscle adipogenesis which will likely

turn useful for further characterization of these processes.

Supporting Information

Figure S1 Effect of glycerol dosage on muscle degener-
ation. Control uninjured tibialis anterior muscle, and tibialis

anterior muscles injected with 25 ml 25% (v/v), 25 ml 50% (v/v) or

50 ml 50% (v/v) glycerol, or 25 ml 10 mM CTX were sectioned

and stained with laminin and DAPI, 3 days after injection (dpi).

The total area occupied by laminin-surrounded fibers was

measured by histomorphometry.

(PDF)

Figure S2 Differential regulation of fatty acid beta
oxidation pathway in glycerol vs. control models. Relative
gene expression in glycerol-injected muscles vs. control muscles was

mapped on Wikipathways. Colors represent log2 of Fold Change

(logFC); blue, 22,logFC,0; red, 0,logFC,2, blue and red

intensity increases with the amplitude of regulation. Each rectangle

represents a probe and is separated into 4 sections, describing the fold

change values at 3, 7, 14 and 21 dpi as indicated in the legend. Lpl,

lipo-protein lipase; Acs/l, acyl-CoA synthesase short-/long-chain;

Acad, acyl-CoA dehydrogenase; Hadh, hydroxyacyl-CoA dehydro-

genase; Gyk&Gk2, glycerol kinases; Gpd2, mitochondrial gylcerol 3-

phosphate dehydrogenase 2; Tpi1, triosephosphate isomerase 1;

Crat, carnitine O-acyltransferase; Cpt, carnitine palmitoyltransferase;

Chkb, choline kinase b; Slc25a20, solute carrier family 25

(mitochondrial carnitine/acylcarnitine translocase); member 20.

(PDF)

Figure S3 Differential regulation of fatty acid beta
oxidation pathway in CTX vs. control models. Relative

gene expression in CTX-injected muscles vs. control muscles was

mapped on Wikipathways. Colors represent log2 of Fold Change

(logFC); blue, 22,logFC,0; red, 0,logFC,2, blue and red

intensity increases with the amplitude of regulation. Each

rectangle represents a probe and is separated into 4 sections,

describing the fold change values at 3, 7, 14 and 21 dpi as

indicated in the legend. Lpl, lipo-protein lipase; Acs/l, acyl-CoA

synthesase short-/long-chain; Acad, acyl-CoA dehydrogenase;

Hadh, hydroxyacyl-CoA dehydrogenase; Gyk&Gk2, glycerol

kinases; Gpd2, mitochondrial gylcerol 3-phosphate dehydrogenase

2; Tpi1, triosephosphate isomerase 1; Crat, carnitine O-acyl-

transferase; Cpt, carnitine palmitoyltransferase; Chkb, choline

kinase b; Slc25a20, solute carrier family 25 (mitochondrial

carnitine/acylcarnitine translocase); member 20.

(PDF)

Figure S4 Differential regulation of fatty acid beta
oxidation pathway in glycerol vs. CTX models. Relative
gene expression in glycerol-injected muscles vs. CTX-injected

muscles was mapped on Wikipathways. Colors represent log2 of

Fold Change (logFC); blue, 22,logFC,0; red, 0,logFC,2,

blue and red intensity increases with the amplitude of regulation.

Each rectangle represents a probe and is separated into 4 sections,

describing the fold change values at 3, 7, 14 and 21 dpi as

indicated in the legend. Lpl, lipo-protein lipase; Acs/l, acyl-CoA

synthesase short-/long-chain; Acad, acyl-CoA dehydrogenase;

Hadh, hydroxyacyl-CoA dehydrogenase; Gyk&Gk2, glycerol
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kinases; Gpd2, mitochondrial gylcerol 3-phosphate dehydrogenase

2; Tpi1, triosephosphate isomerase 1; Crat, carnitine O-acyl-

transferase; Cpt, carnitine palmitoyltransferase; Chkb, choline

kinase b; Slc25a20, solute carrier family 25 (mitochondrial

carnitine/acylcarnitine translocase); member 20.

(PDF)

Table S1 Reference of Taqman probes used for qPCR.
(DOC)

Table S2 List of regulated genes in the different models.
Lists of genes are separated in the different tabs by positive or negative

regulation and by time points in the different models (Glycerol vs.
sham, CTX vs. Sham or Glycerol vs.CTX). Genes with a fold change

higher than 2 and an adjusted P-value below 0.01 (Benjamini and

Hochberg multiple testing correction) were considered regulated.

(XLS)
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Figure S3. Fatty acid oxidation pathway in glycerol vs. CTX.  



Table S1. Taqman® gene expression assays used (Applied Biosystems by Life Technologies). 

Gene Reference  

18S rRNA 4319413E 
Acadm Mm01323360_g1 
Adipoq Mm00456425_m1 
Acox1 Mm01246831_m1 
Acsl1 Mm00484217_m1 
Acss2 Mm00480101_m1 
Cpt1b Mm00487200_m1 
C/EBP  Mm01265914_s1 
Ear5 Mm00658916_s1 
Ednra Mm01243722_m1 
Emr1-F4/80 Mm00802529_m1 
Exp Mm00514768_m1 
Fasn Mm00662319_m1 
Hadha Mm00805228_m1 
Hadhb Mm01210656_m1 
IL-1  Mm01336189_m1 
IL-4 Mm00445259_m1 
IL-6 Mm04446190_m1 
IL-10 Mm00439614_m1 
IL-13 Mm00434204_m1 
Msr1 Mm00446214_m1 
Myf5 Mm00435125_m1 
Myh4 Mm01332541_m1 
Myh8 Mm01329494_m1 
MyoD1 Mm00440387_m1 
Myogenin Mm00446194_m1 
Pax7 Mm00834082_m1 
PDGF-R  Mm00440701_m1 
PPAR  Mm00440939_m1 
PPAR  Mm00803184_m1 
PPAR  Mm00440945_m1 
Retn Mm00445641_m1 
TGF- 1 Mm01178820_m1 
TNF  Mm00443258_m1 
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Extrinsic signals that originate in the immediate cellular environment, 
commonly known as the stem cell niche, are critical for the regulation 
of MuSCs1. Following injury, the stem cell niche in muscle is subject 
to a coordinated flux of various cell types that interact directly with 
MuSCs or that release regulatory growth factors and ECM. These 
niche interactions regulate the activation, self-renewal, differentiation 
and return to quiescence of MuSCs. Recent work has revealed a funda-
mental role of structural elements in the niche. Tissue stiffness, which 
is largely dependent on the composition of the ECM, is a critical fate 
determinant for MuSCs2–4. Moreover, the ECM molecules collagen 
VI and FN have been shown to provide signals that are essential for 
MuSC self-renewal during the regeneration of adult muscle5–7.

The MuSC niche can be severely perturbed by chronic degenerative 
diseases of skeletal muscle that are accompanied by aberrant deposi-
tion of ECM and altered support cell dynamics8. De-regulated niche 
signals eventually lead to stem cell dysfunction and inefficient tis-
sue repair. Of note, a number of multisystemic conditions—such as 
aging, diabetes, obesity and cancer cachexia—are also accompanied 
by a loss of MuSC function and consequently by a decline of the 
regenerative capacity of skeletal muscle tissue9–12. In the elderly, this 
problem is also paralleled by a loss of MuSC numbers, resulting in 
dramatically delayed or incomplete healing of muscle following injury 
or surgery13–15. Impaired musculoskeletal recovery leads to prolonged 

immobility that in turn exacerbates the loss of muscle mass that often 
accompanies aging. Thus, inefficient muscle healing in the elderly is 
a major clinical problem, and therapeutic approaches for restoring 
MuSC function are needed.

It remains controversial whether intrinsic or extrinsic signals are 
the causative mediators of MuSC aging16. Changes in the niche may 
lead to long-lasting or irreversible cellular effects that could ultimately 
be interpreted as intrinsic MuSC aging. Notably, several studies have 
shown that a number of pathways are constitutively activated in aged 
MuSCs. This includes the p38 mitogen-activated protein (MAP) 
kinase and fibroblast growth factor (FGF)–ERK MAP kinase cas-
cades, as well as signaling through the Janus kinase (JAK)–STAT tran-
scription factor pathway17–21. Reduction of signaling through these 
pathways by using pharmaceutical inhibitors can restore MuSC self-
renewal and promote muscle healing in aged mice. These observations 
raise the question of whether changes in the stem cell niche lead to an 
upstream induction of these signaling cascades.

Here we describe that loss of FN from the aged-niche ECM in 
regenerating muscles impairs MuSC function by affecting integrin 
signaling through PTK2 protein tyrosine kinase 2 (PTK2; also known 
as FAK) and MAP kinase pathways. Restoration of FN levels in muscle 
from old mice (aged muscle) rescues MuSC function and improves 
muscle healing. Thus, loss of stem cell adhesion to niche-derived FN 
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Loss of fibronectin from the aged stem cell niche affects 
the regenerative capacity of skeletal muscle in mice
Laura Lukjanenko1,2, M Juliane Jung3, Nagabhooshan Hegde1, Claire Perruisseau-Carrier1, Eugenia Migliavacca1,  
Michelle Rozo4, Sonia Karaz1, Guillaume Jacot1, Manuel Schmidt3, Liangji Li4, Sylviane Metairon1,  
Frederic Raymond1, Umji Lee1, Federico Sizzano1, David H Wilson5,6, Nicolas A Dumont5,6, Alessio Palini1, 
Reinhard Fässler7, Pascal Steiner1, Patrick Descombes1, Michael A Rudnicki5,6, Chen-Ming Fan4,  
Julia von Maltzahn3, Jerome N Feige1,8 & C Florian Bentzinger1,8

Age-related changes in the niche have long been postulated to impair the function of somatic stem cells. Here we demonstrate 
that the aged stem cell niche in skeletal muscle contains substantially reduced levels of fibronectin (FN), leading to detrimental 
consequences for the function and maintenance of muscle stem cells (MuSCs). Deletion of the gene encoding FN from young 
regenerating muscles replicates the aging phenotype and leads to a loss of MuSC numbers. By using an extracellular matrix 
(ECM) library screen and pathway profiling, we characterize FN as a preferred adhesion substrate for MuSCs and demonstrate 
that integrin-mediated signaling through focal adhesion kinase and the p38 mitogen-activated protein kinase pathway is strongly 
de-regulated in MuSCs from aged mice because of insufficient attachment to the niche. Reconstitution of FN levels in the 
aged niche remobilizes stem cells and restores youth-like muscle regeneration. Taken together, we identify the loss of stem cell 
adhesion to FN in the niche ECM as a previously unknown aging mechanism.
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is a root cause for MuSC aging that can be targeted to restore the 
regenerative capacity of muscle tissue in the elderly.

RESULTS
Loss of fibronectin from the aged niche
To interrogate the effect of age-induced changes on MuSCs in the 
stem cell niche, we performed microarray profiling on freshly isolated 
cells from 9- to 10-week-old young animals and 20-month-old aged 
animals 3 d following muscle injury. The viability between young and 
aged cell populations using our flow cytometry isolation protocol was 
comparable (Supplementary Fig. 1a,b). As previously reported, we 
observed significant enrichment of components of the JAK–STAT and 
MAP kinase pathways in aged MuSCs, as compared to those in young 
cells, whereas expression of genes involved in cell cycle regulation 
was lower in aged cells17–22 (Fig. 1a–c and Supplementary Table 1). 
Notably, we also found that expression of components of the ECM–
receptor pathway, including integrins and syndecans, was de-regulated 
in aged MuSCs, as compared to that in the young MuSCs (Fig. 1d and 
Supplementary Table 1). This observation suggested that the ECM 
composition of the niche is affected by aging. To test this hypothesis 
we used a spectrum of ECM-protein-specific slow-off-rate-modified 
aptamers23 on homogenates from uninjured muscles (uninj.) and from 
muscles that were collected 3, 7 and 14 d post injury (d.p.i.) (Fig. 1e).  
Consistent with increased baseline fibrosis in aged muscles8, the 
majority of ECM molecules were present at higher levels in the unin-
jured aged mice than in the young control mice. Notably, as compared 
to muscles from young mice (young muscle), aged muscle showed an 
impaired ability to globally upregulate ECM molecules over a 14-d 
regeneration time course following injury (Fig. 1e,f). As previously 
reported5, FN levels were strongly increased following injury in young 
muscles and, in contrast to the other ECM components, declined 
sharply at 14 d. Moreover, we observed that old regenerating mus-
cles contained only 48% of FN protein, as compared to that in young 
muscles, at 3 d.p.i. and 43% of FN at 7 d.p.i. (Fig. 1g). Quantitative 
PCR (qPCR) analysis revealed lower levels of Fn1 mRNA at 3 d.p.i. but 
not at 7 d.p.i. in aged muscles, as compared to that in young muscles 
(Supplementary Fig. 1c), suggesting a substantial delay between Fn1 
gene expression and the accumulation of protein. In summary, young 
regenerating muscle shows a sharp peak in FN levels following injury, 
whereas this response is blunted in aged muscle.

To determine in which muscle-resident cell populations the 
expression of FN is affected by aging, we isolated MuSCs, fibro- 
adipogenic progenitors (FAPs) and lineage-positive (Lin+) cells 
(including immune, hematopoietic and endothelial cells) from muscles  
at 3 d.p.i. using flow cytometry. Of note, we observed 45% lower 
numbers of Lin+ cells in aged muscles than in young muscle con-
trols (Supplementary Fig. 1d). qPCR analysis revealed a 77% reduc-
tion of Fn1 mRNA expression in aged MuSCs and a trend toward 
lower levels in aged Lin+ cells, as compared to those in young cells 
(Supplementary Fig. 1e). To determine the overall contribution of 
the different cells populations to FN expression in young and aged  
muscles, we adjusted Fn1 mRNA expression by cell abundance  
(Fig. 1h). This revealed that the contribution of Lin+ cells to FN 
expression was orders of magnitude higher than that for all of the 
other cell types. Notably, aging lowered these levels by 55%. These 
observations demonstrate that Lin+ cells are major contributors to FN 
expression and that they are lost from aged regenerating muscles.

To directly address the effect of loss of FN from the niche, we 
generated FN-knockout (KO) mice by crossing animals carrying  
a tamoxifen-inducible Cre allele under the ROSA26 promoter to  

animals with a loxP-flanked (‘floxed’) Fn1 allele24,25 (which we here-
after refer to as iFN-KO mice). 4 weeks after the tamoxifen injection, 
the iFN-KO and control (Ctrl) mice were injured. 5 d later the muscles 
were collected, and Fn1 mRNA levels were assessed by qPCR (Fig. 1i). 
Fn1 transcripts were found to be 89.9% lower in iFN-KO mice than 
in control mice. Immunostaining tissue sections revealed a strong 
reduction in FN protein in iFN-KO mice as compared to that in con-
trol mice at 5 d.p.i. (Supplementary Fig. 2). Notably, the lower FN 
concentration in iFN-KO mice was sufficient to phenocopy the age-
related loss of MuSCs and was associated with a significantly lower 
number of paired box 7 (Pax7)-positive cells (to 77% of that measured 
in muscles from control mice) (Fig. 1j). Thus, FN is essential for the 
maintenance of MuSCs during muscle healing.

Fibronectin is a preferred adhesion substrate for MuSCs
MuSCs can adhere to FN through integrins and the syndecan-4– 
frizzled-7 (Sdc4–Fzd7) co-receptor complex5,26. This led us to inves-
tigate how FN compares to other ECM molecules with respect to cell 
adhesion. For this purpose we used an array containing 36 different 
ECM conditions spotted onto a layer hydrogel (Fig. 2a)27,28. Primary 
mouse-MuSC-derived myoblasts were seeded on these arrays, and the 
percentage of cells adhering to the different ECMs was determined 
after 3 h, 6 h and 24 h. Myoblasts could adhere most efficiently on 
spots that contained either FN or FN in combination with other ECMs 
at all of the time points tested (Fig. 2b). The best conditions at 3 h and 
6 h were spots with FN and laminin or with FN and collagen I at a 1:1 
ratio. At the 24 h mark, myoblasts were able to adhere more broadly 
over the array, but FN-containing spots were still preferred.

With the best ECM-protein-binding condition being FN alone, 
human myoblasts also showed a pronounced preference for  
adhesion to ECM components that were mixed with FN at all of  
the time points tested (Fig. 2c). Taken together, these results dem-
onstrate that FN is a preferred binding substrate for mouse and 
human muscle progenitors and that its loss from the aged stem cell  
niche could result in a de-regulation of signaling pathways that are 
modulated by cell adhesion.

Adhesion to fibronectin modulates MuSC aging pathways
To get a comprehensive understanding of the signaling pathways that 
are affected by adhesion of MuSCs to FN, we undertook a phospho-
rylation-profiling approach. To this end, we used an antibody array 
consisting of 1,318 site-specific antibodies covering a wide spectrum 
of signaling molecules. Mouse MuSC-derived myoblasts were grown 
on FN for 72 h and compared to cells grown on collagen I (Col),  
an excellent adhesion substrate that is commonly used in primary 
myoblast culture. Following background subtraction, phospho- 
specific signals were normalized to the signals of the antibodies that 
were raised against the unphosphorylated antigen. A total of 64 proteins  
were found to be more than 10% changed in their phosphorylation 
levels after comparing myoblasts that were grown on FN to those 
grown on Col (Supplementary Table 2). Notably, among the factors 
affected by growth on FN were the cell matrix receptor 1-integrin 
and several components involved in the ERK and p38 mitogen-acti-
vated protein kinase (MAPK) and cell cycle regulatory pathways, 
which are also altered in MuSCs as a consequence of aging17,20,21 
(Fig. 1b,c). Other factors whose phosphorylation levels was altered 
in response to growth on FN mapped to classes such as cytokine–
cytokine receptor, phosphatidylinositol, Wnt, regulation of actin 
cytoskeleton, phosphatidylinositol 3-kinase (PI3K)–protein kinase B 
(Akt) pathway and cell cycle pathway.
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To further verify that FN modulates the p38 and ERK MAPK aging 
pathways, we performed western blot analysis using extracts from 
myoblasts that were grown on Col, FN or laminin (LAM) for 72 h 
(Fig. 3a and Supplementary Fig. 3). Phosphorylation and total levels 
of p38 were lower in cells that were grown on FN than on Col or LAM. 
Growth on LAM led to increased ERK phosphorylation and total 

ERK levels. In contrast, total levels of ERK were reduced by growth 
on FN. These experiments demonstrate that sustained exposure to 
FN is able to curb signaling through two of the major aging-related 
pathways in MuSCs.

Adhesion signaling is known to coordinate the activity of a number 
of transcription factors29. Because we observed strong changes in 
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Figure 1 Aging affects FN  

levels during skeletal muscle  

regeneration. (a–d) Gene set  

enrichment analysis for  

KEGG-derived JAK–STAT (a),  

MAPK (b), cell cycle (c) and  

ECM–receptor interaction (d)  

pathways of freshly isolated  

young versus aged MuSCs at  

3 d.p.i. Nominal P values and  

false discovery rate (FDR) Q values  

are reported. FC Y/A, fold change  

young/aged. (e) Detection of  

ECM proteins in young and aged  

muscles under uninjured (uninj.)  

conditions or at 3, 7 and 14 d.p.i. RFU,  

relative fluorescence units; ECM-1,  

extracellular matrix protein 1; MEPE,  

matrix extracellular phosphoglycoprotein. Data represent means. (f) Changes ( ) of the RFU signal shown in e relative to the uninjured condition in 

young and aged muscles. Data represent means. (g) RFU signal for FN in young and aged muscles. (h) FN expression by different cell populations in 

young and aged muscles at 3 d.p.i. (i) qPCR for FN expression in muscles of control (Ctrl) or iFN-KO mice at 5 d.p.i. (j) Number of Pax7+ MuSCs  

per unit area in control and iFN–KO mice at 5 d.p.i. Unless otherwise specified, data are means + s.e.m. In a–d, n = 6 mice for young and n = 5 for 

aged. In e–g, n = 8 mice for young, aged uninj. and aged at 3 d.p.i.; n = 5 for aged at 7 d.p.i.; and n = 7 for aged at 14 d.p.i. In h, n = 5 mice for young 

and n = 6 for aged. In i,j, n = 3 mice per group for Ctrl and iFN–KO. ***P < 0.001, **P < 0.01, *P < 0.05; by one-way analysis of variance (ANOVA) 

followed by Bonferroni post hoc test (g) or by Student’s t-test (h–j).



©
20

16
N

at
u

re
 A

m
er

ic
a,

 In
c.

  A
ll 

ri
g

h
ts

 r
es

er
ve

d
.

A R T I C L E S

4 ADVANCE ONLINE PUBLICATION NATURE MEDICINE

several signaling pathways after MuSCs were grown on FN for sus-
tained periods of time, we decided to interrogate their transcriptional 
signature in comparison to that of cells grown on Col, using micro-
array analysis. Genes with a log2(fold change) 0.5 and an adjusted  
P value of 0.05 (Fig. 3b,c and Supplementary Table 3) were tested for 
enrichment by using the Kyoto Encyclopedia of Genes and Genomes 
(KEGG) pathway database. The highest numbers of genes that were 
upregulated by FN were found in pathways related to focal adhesion, 
cell cycle, p53 signaling, ECM–receptor interaction and small-cell 
lung cancer, whereas the highest numbers of genes downregulated by 
FN were associated with the lysosome pathway. Taken together, our 
data suggests that growth of cells on FN alters the activity of a number  
of signaling systems involved in cell adhesion and cell–matrix  
interaction on the proteomic and transcriptomic levels (Fig. 3d). 
These pathways involve integrin-mediated adhesion signaling, the 
p38 and ERK MAPKs and cell cycle regulatory pathways, which have 
all previously been implicated in MuSC aging17–22.

Lower adhesive capacity of aged MuSCs
Given the effects of FN on the adhesion signaling and aging path-
ways, we speculated that its prolonged loss from the aged regenerative 
niche might alter the adherence and survival capacity of MuSCs. To 
address this hypothesis we used flow cytometry to sort young and 
aged MuSCs, which we then plated on Col for 3 h, 6 h and 36 h directly 
after isolation. At the 3 h and 6 h time points, young and aged MuSCs 
were able to adhere equally well to the plates (Fig. 4a). After 36 h, 
however, the number of attached cells was reduced by 56% for the aged 
cells as compared to that for the young cells. To assess whether the 
mechanism leading to this difference involves anchorage-dependent  
programmed cell death (anoikis), we analyzed the cells by terminal 
deoxynucleotidyl transferase dUTP nick-end labeling (TUNEL)  
(Fig. 4b). This experiment revealed 40% higher numbers of TUNEL+ 
aged cells at 36 h than young cells. Therefore, owing to their reduced 
adherence capacity, aged cells are more prone to anoikis.

The cytoplasmic nonreceptor tyrosine kinase FAK is a central hub 
in the adhesion signaling pathway that is activated by FN (Fig. 3d) 
and is a suppressor of anoikis30. To investigate whether FAK levels 
are affected by the aging process, we compared freshly isolated young 
and aged MuSCs by immunostaining. This revealed that aging leads 
to a downregulation of FAK expression (Fig. 4c,d). Thus, loss of 
FAK could be the reason for the reduced adhesive capacity and the 
increased amount of anoikis in aged MuSCs.

FN has been shown to activate FAK through integrins29. This  
indicates that a loss of integrin signaling would recapitulate aspects 
of the MuSC aging phenotype, including impaired adhesion and  
FAK signaling. Indeed, comparable to aged cells, myoblasts isolated 
from 1-integrin-knockout (Itgb1−/−) mice31 were severely defective 
in their adherence capacity as compared to those isolated from control 
mice (Fig. 4e,f). Of note, Itgb1−/− myoblasts were able to adhere better 
to Col than to FN or LAM. This indicates that ECM receptors other 
than 1-chain-containing integrin dimers are involved in the adhe-
sion to Col. To determine whether 1-integrin (ITGB1) is required for  
FN-mediated FAK activation, we performed western blots from cells 
that were grown for 72 h on Col, FN or LAM. As expected, as compared 
to control cells, activating FAK phosphorylation by growth on FN was 
strongly perturbed in the Itgb1−/− cells (Fig. 4g and Supplementary 
Fig. 4). No differential FAK phosphorylation could be observed in 
cells that were grown on Col or Lam. These observations show that, 
similarly to aged cells, Itgb1−/− cells show impaired adhesive capacity 
and perturbed FAK signaling after exposure to FN.

Fibronectin rescues the adhesion capacity of aged MuSCs
Our data indicate that FN is a preferred adhesion substrate for MuSCs 
and that the concentration of this ECM component is decreased in 
the aged regenerative niche, leading to impaired FAK signaling and 
increased anoikis. Therefore, we decided to test whether aged MuSCs 
would show better attachment to FN, as compared to attachment in 
the presence of abundant adhesion substrates such as Col and LAM. 

aa b

c

Figure 2 Fibronectin is a preferred adhesion substrate for mouse and human muscle progenitors. (a) Graphical overview of the experiment.  

(b,c) Quantification of the adhesion of mouse MuSC-derived myoblasts (b) and human myoblasts (c) on ECM hydrogel arrays 3 h, 6 h and 24 h after 

seeding. The total number of cells adhering to the array was set to 100%. Shades of green or blue color indicate changes in adherence. Asterisks 

indicate conditions containing FN. Values are means from n = 3 ECM hydrogel arrays per time point from independent experiments.
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Cell
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Cell motility
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d

Figure 3 MuSC aging pathways are modulated by fibronectin. (a) Representative western blot analysis for the ERK and p38 MAP kinases from 

myoblasts grown on collagen I (COL), FN or laminin (LAM) for 72 h. Actin and a Ponceau-stained dominant band at the same molecular weight are 

shown as loading controls. (b,c) Gene Ontology analysis of statistically differentially regulated genes in microarray data from cells grown on FN versus 

those grown on Col for 72 h (n = 3 microarrays per condition). Graphs represent counts of up- (b) or downregulated (c) genes that are annotated to the 

indicated terms. (d) Mapping of proteins and genes that are differentially affected by FN to the KEGG adhesion–signaling system and its associated 

pathways. Light green indicates factors that are affected by FN at the proteomic level (phosphorylation), red denotes factors whose expression is 

changed at the transcript level, and blue indicates changes to factors at both levels.
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Indeed, FN significantly improved the attach-
ment of freshly isolated aged MuSCs at all of 
the time points following plating (Fig. 5a). 
Young MuSCs showed a similar preference 
for FN over Col or LAM (Supplementary 
Fig. 5). Growth on FN also reduced the num 
ber of TUNEL+ aged cells (Fig. 5b) and led to a 
minor but significantly higher number of pro-
liferating cells that incorporated EdU (Fig. 5c).  
These data indicate that FN can overcome sev-
eral age-related defects of MuSCs, including 
their impaired adhesion capacity, propensity 
for anoikis and reduced proliferative capacity.

To get further insights into the down-
stream mechanisms involved in the FN-
mediated restoration of adhesive capacity of aged MuSCs, we plated 
cells on either Col or FN in the presence of a FAK inhibitor (Fig. 5d). 
Treatment with the FAK inhibitor, as compared to that with a vehicle 
(Veh) control, led to lower numbers of adherent young cells on both 
Col and FN. However, aged cells that were plated on Col lost their 
responsiveness to FAK inhibition. In contrast, growth on FN restored 
the sensitivity of aged cells to the FAK inhibitor to levels observed in 
the young cells. These data demonstrate that FAK activity is specifi-
cally lost in aged cells and restored by FN. Therefore, FAK signaling 
is required for the improved adherence of aged MuSCs to FN.

Under conditions of enhanced stress and cell detachment, FAK 
can translocate into the nucleus32. Given the critical role for FAK in 
MuSCs that we identified, we set out to determine whether there were 
any changes in the subcellular localization of FAK between the young 
and aged cells. When comparing the growth of freshly isolated young 
and aged MuSCs on Col, we observed a higher proportion of cells 
that had a high ratio of nuclear FAK to total cellular FAK (Fig. 5e,f). 

Notably, growth on FN was able to restore the subcellular localiza-
tion of FAK to that found in young cells. Thus, aged MuSCs that are 
exposed to FN are under less stress, and their FAK signaling activity 
is restored to that observed in young cells.

Because our pathway-profiling assays (Fig. 3, Supplementary Fig. 3  
and Supplementary Table 2) showed that the ERK and p38 MAPKs 
are affected by FN, we decided to also interrogate these pathways 
for a possible role in the age-induced anchorage deficit of MuSCs. 
Pharmacological inhibition of the ERK MAPK pathway did not alter 
the number of young and aged cells that adhered to Col or FN (data 
not shown). In contrast, treatment with a p38 MAPK inhibitor, as 
compared to treatment with vehicle, led to a significantly higher 
number of adherent aged cells after growth on Col (Fig. 5g). In line 
with the suppression of the p38 pathway after prolonged exposure 
to FN (Fig. 3b), we observed that, as compared to vehicle-treated 
cells, p38 inhibitor had no further beneficial effects on the adhesion 
of aged cells on this substrate. These results demonstrate that ERK 
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Figure 4 Impaired FN-mediated adhesion 

signaling in aged MuSCs. (a) Adhesion of  

freshly isolated young and aged MuSCs  

3 h, 6 h and 36 h after seeding on Col.  

(b) Quantification of freshly isolated  

TUNEL+ apoptotic young and aged MuSCs  

at 3 h, 6 h and 36 h following adherence.  

(c,d) Representative images (c) and 

quantification (d) of freshly isolated MuSCs 

from young and aged mice that were seeded 

on Col and were subsequently stained for FAK. 

Scale bar, 25 m. (e) Representative images 

of crystal violet–stained 1-integrin-knockout 

(Itgb1−/−) (right) and wild-type (Ctrl) (left) cells 

that were grown on Col (top), FN (middle) and 

LAM (bottom) 2 h after plating. Scale bar, 

20 m. (f) Adhesion capacity of Itgb1−/− and 

Ctrl cells on Col, FN and LAM at 1 h and 2 h 

following plating. (g) Representative western 

blots for FAK and phospho-FAK (pFAK) from 

Itgb1−/− and Ctrl cells that were grown for 72 h 

on Col, FN or LAM. Gapdh is shown as a loading 

control. Throughout, data are means + s.e.m. 

In a,b,d, n = 3 mice per group. In e,f, n = 4 

independent cell culture replicates with n = 1 

low-magnification image recorded per condition. 

In g, n = 3 myoblast lysates per condition,  

each from a different mouse. ***P < 0.001,  

*P < 0.05; by two-way ANOVA followed  

by Bonferroni post hoc test (a,b,f) or by 

Student’s t-test (d). 
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signaling does not affect the adhesive capacity of MuSCs, whereas 
the age-related induction of the p38 pathway diminishes adhesion 
and cell survival.

FN treatment rejuvenates MuSCs and improves regeneration
To demonstrate that FN can also improve adhesion signaling and 
MuSC function in aged skeletal muscle, we injected mice with puri-
fied mouse FN at 2 d.p.i. and analyzed the regenerating tissue 3 d 
later (Fig. 6a). Injection of FN, as compared to injection with vehicle, 
led to a significantly higher abundance of FAK puncta in aged Pax7+ 
MuSCs (Fig. 6b). No significant effect of FN on total FAK levels was 
observed in muscles of young mice (Supplementary Fig. 6a). Similar 
to its effect on freshly isolated MuSCs in vitro (Fig. 5e,f), FN treatment 
also restored FAK subcellular localization in vivo in Pax7+ cells to that 
seen in young cells (Fig. 6c). Moreover, by using immunostaining to 
detect the cell proliferation marker Ki67, we observed that MuSCs 
from muscles of FN-treated aged mice are more proliferative, as com-
pared to MuSCs from muscles of vehicle-treated mice (Fig. 6d). No 
effect of FN treatment on MuSC proliferation was observed in muscles 
from young mice (Supplementary Fig. 6b). To investigate whether 
the FN-mediated restoration of adhesion signaling and proliferation 
of aged MuSCs also results in a higher number of cells available for 
differentiation and muscle repair, we quantified the abundance of 
cells that were positive for the myogenic commitment marker MyoD1 
(also known as MyoD). This revealed higher numbers of Pax7+MyoD+ 
and Pax7−MyoD+ cells in muscles from aged FN-treated mice, as 
compared to those from aged vehicle-treated mice (Fig. 6e,f). No 

positive effects on the abundance of Pax7+MyoD+ and Pax7−MyoD+ 
cells were observed as a consequence of FN injections, as compared 
to vehicle injections, in young muscles (Supplementary Fig. 6c,d). 
Taken together, these observations demonstrate that FN treatment 
of aged muscle is able to rescue FAK signaling in MuSCs and thereby 
restores their proliferative and myogenic potential.

To examine whether FN treatment can improve the function of 
MuSCs sufficiently to restore tissue healing in the aged, we injected 
muscles twice over a longer period of regeneration (Fig. 6g). Staining 
for developmental myosin heavy chain (devMHC), a marker of the 
earliest stage of muscle fiber formation, revealed that aged mus-
cles injected with FN contained less number of immature fibers at  
7 d.p.i. than those injected with vehicle (Fig. 6h). No changes in 
the abundance of devMHC+ fibers were observed between young 
FN- or vehicle-treated muscles (Supplementary Fig. 6e). Finally, 
in contrast to injection with vehicle, injection of aged mice with  
FN accelerated muscle regeneration and led to significantly larger 
muscle fibers at 7 d.p.i. (Fig. 6i). No effect on muscle fiber size 
was observed between young FN-injected or vehicle-treated mice 
(Supplementary Fig. 6f). Taken together, these results demonstrate 
that restoration of FN levels during muscle regeneration to those seen 
in young animals is able to rescue the niche-dependent loss of MuSC 
function that is associated with aging.

DISCUSSION
Old age in mammals is accompanied by a loss of MuSC function 
and number, leading to impaired healing of skeletal muscle following 
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Figure 5 Exposure to FN rescues adhesion signaling in aged MSCs. (a) Adhesion of freshly isolated aged MuSCs on Col, FN and LAM at 3 h, 6 h and  

36 h after seeding. (b) Quantification of freshly isolated TUNEL+ aged MuSCs 36 h after isolation and plating on Col or FN. (c) Proliferation of freshly 

isolated aged MuSCs grown on Col or FN for 96 h. (d) Percentage reduction in numbers of MuSCs that were seeded on Col (left) or FN (right) for 36 h 

and then exposed to a FAK inhibitor or to vehicle (control). (e) Representative images of MuSCs showing differential FAK subcellular localization after 

growth on Col (top) or FN (bottom). Scale bar, 2.5 m. (f) Cumulative probability of the ratio of nuclear FAK over total FAK in young and aged MuSCs 
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injury13–16. Aging is a multisystemic process, and it has been suggested 
that changes in circulating factors could be the principal mediators 
of MuSC dysfunction33. However, it has remained unclear whether 
such alterations in the systemic environment act directly on the stem 
cells or whether they lead to local changes in the niche that indirectly 
affect MuSC function. In support of the latter hypothesis, our study 
revealed that structural regulatory elements in the stem cell niche in 
skeletal muscle are profoundly changed as a consequence of the aging 
process and that these alterations de-regulate the majority of pathways 
that have previously been associated with MuSC aging17–22.

In contrast to the higher baseline fibrosis seen in uninjured aged 
muscles, we observed that following injury, old muscles failed to 
upregulate a transitional regenerative FN-rich extracellular matrix. 
Concomitantly, ubiquitous deletion of FN in iFN-KO mice leads to 
a reduction of MuSC numbers that reiterates the aging phenotype. 
We found that FN is a preferred adhesion substrate for MuSCs that 
regulates the p38 and ERK MAPK aging pathways through ITGB1 and 
FAK. Restoration of attachment to FN in the aged niche reactivates 
FAK signaling in MuSCs and thereby restores the regenerative capac-
ity of old skeletal muscle.

Our results revealed that Lin+ cells—which include immune, 
hematopoietic and endothelial cells—express high levels of FN and are 

extremely abundant in young regenerating muscles early after injury. 
Coinciding with the notably lower overall FN content in aged muscles, 
the contribution of Lin+ cells to Fn1 mRNA expression is much lower 
as compared to that in young tissue. In addition, our results show 
lower levels of Fn1 mRNA expression in aged MuSCs than in young 
MuSCs. It has been shown that self-renewal in the muscle lineage 
is dependent on autologous regulation by FN that is derived from 
MuSCs themselves5,7. Therefore, decreased local FN production by 
MuSCs further exacerbates the age-associated decline in niche FN 
and is likely to affect the maintenance of MuSCs in the tissue during 
regeneration. It is also possible that aging affects FN expression in 
muscle fibroblasts. However, there are no suitable surface markers 
available for the flow cytometric isolation of muscle fibroblasts34. 
Thus future studies will have to address the spatiotemporal contribu-
tion of individual FN-secreting cell populations to the MuSC niche 
using specific Cre drivers and reporter alleles.

Aged muscles have been demonstrated to contain higher levels of 
FGF2, which induces a break in MuSC quiescence, leading to regen-
erative failure17. FGF signaling is known to activate the JAK–STAT, 
phosphatidylinositol, PI3K–Akt and MAPK pathways35. Notably, we 
found that most of these pathways are also affected by FN. FGF sig-
naling is regulated by integrins that can serve as FN receptors36. Our 
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Figure 6 Fibronectin treatment restores  

the regenerative capacity of aged muscles.  

(a) Experimental protocol used for b–f.  
(b) Quantification of FAK levels in Pax7+ MuSCs 

in tissue sections of vehicle (Veh)- or FN-treated 

muscles. (c) Representative images of nuclear 

(yellow arrowheads) (top) or cytosolic (white 

arrowheads) (bottom) FAK puncta in Pax7+ 

cells (left) and quantification of the cumulative 

probability of the ratio (per cell) of nuclear 

FAK puncta/total FAK puncta. Kolmogorov–

Smirnov distance (D) in aged FN versus aged 

COL, and in young COL versus aged COL, are 

0.725 and 0.7, respectively. ***P values are 

1.48 × 10−9 and 6.15 × 10−9, respectively. 

(d) Representative images of Pax7 and Ki67 

staining in tissue sections from vehicle- (left) 

or FN-treated (middle) mice, and quantification 

of Ki67+ cells within the Pax7+ cell population 

(Pax7+Ki67+) (right). (e,f) Quantification of 

Pax7+MyoD+ (e) and Pax7−MyoD+ (f) cells per 

unit area in muscles of vehicle- or FN-treated 

muscles. (g) Experimental protocol used for h,i. 
(h) Representative images of muscle sections 

stained for developmental myosin heavy chain 

(devMHC) and laminin in vehicle- (left) or FN-

treated (middle) aged mice, and quantification 

of the percentage of devMHC+ fibers in  

muscles after the indicated treatments (right). 

(i) Representative H&E-stained images of muscle  

cross-sections from vehicle- (left) or FN-treated 

(middle) mice and quantification of fiber size on 

the basis of laminin staining (right). Throughout, 

bars and data points represent means + s.e.m. 

and  s.e.m., respectively. Mice used were n = 3 

(e, FN; f, FN; i) or n = 4 (b–e, Veh; f, Veh; h) per 

condition. In c, n = 10 cells were analyzed per 

mouse. In d,h,i, quantification was performed 

on stitched images covering the entire cross 

section of the tibialis anterior muscle of each 

mouse. **P < 0.01, *P < 0.05; by Student’s  

t-test (b,d–f,h,i). Scale bars, 5 m (c), 25 m 

(d) and 100 m (h,i).
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results demonstrate that signaling pathways downstream of integrins 
are de-regulated as a consequence of loss of environmental FN in aged 
cells. Thus, these observations indicate that changes in the content of 
FN in the MuSC niche are closely connected to age-related alterations 
in FGF signaling37.

At a very advanced age in mice, MuSCs enter a senescent state that 
is marked by high expression of the cell cycle inhibitor p16INK4A and 
failure of autophagy22,38. Of note, p16INK4A has also been shown to 
induce anoikis in several different cell types39. In line with our results, 
this study demonstrated that p16INK4A-mediated anoikis is strongly 
inhibited by FN but not by LAM. On the basis of these observations 
we speculate that restoration of the FN content of the niche could also 
be a strategy to overcome MuSC senescence in geriatric individuals.

Taken together, we discovered FN as a structural element in the stem 
cell niche that is critical for the maintenance and function of MuSCs 
during muscle regeneration. Loss of FN from the niche affects a sub-
stantial number of pathways and cellular mechanisms that have been 
implicated in MuSC aging17–22. Our work reveals that alterations in the 
ability of stem cells to adhere to the niche are a root cause of MuSC aging 
and a promising target for the rejuvenation of skeletal muscle tissue.

METHODS
Methods and any associated references are available in the online 
version of the paper.

Accession codes. Gene Expression Omnibus: microarray data have 
been deposited under accession number GSE81096 and GSE81225.

Note: Any Supplementary Information and Source Data files are available in the 
online version of the paper.
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ONLINE METHODS
Mice. All mice were housed under standard conditions and allowed access  
to food and water ad libitum. Itgb1−/− myoblasts and controls were isolated  
from both genders of mice, otherwise only male mice were used. Unless oth-
erwise indicated, the strain C57BL/6JRj (Janvier) was used. Young mice were 
between 9 and15 weeks of age, and aged mice were 20–24 months old. For 
isolation of cells from regenerating muscle, tibialis anterior, gastrocnemius and 
quadriceps muscles were injected with 50 l, 100 l or 50 l of 50% vol/vol 
glycerol in phosphate-buffered saline (PBS), respectively40. Animal experi-
ments were approved by the Vaud Cantonal Commission (Switzerland) for 
animal experimentation under licenses VD2620 and VD2947, the Institutional 
Animal Care and Use Committee (IACUC) of the Carnegie Institution for 
Science (USA) under the permit number A3861-01 and the Landesamt 
für Verbraucherschutz Abteilung Gesundheitlicher und technischer 
Verbraucherschutz (Germany) under Reg.-Nr 03-010/15. Fibronectin-floxed 
mice were provided by R.F., and the ROSA26–CreERT2 mice were provided 
by F. Stewart (Technische Universität Dresden, Germany)24,25. Experiments 
with iFN-KO and the respective control animals were performed in accord-
ance with University of Ottawa guidelines for animal handling and animal 
care, as determined by the University of Ottawa Animal Care Committee. 
iFN-KO and Ctrl mice were treated with four daily intraperitoneal injec-
tions of 100 mg per kg body weight (mg/kg) tamoxifen (Sigma) in corn oil at  
2–3 weeks of age. Tibialis anterior muscle injury in iFN-KO mice was induced 
at 6–7 weeks of age by a single injection of 50 l of 10 M cardiotoxin (Sigma) 
solution in 0.9% saline. For in vivo FN treatment, tibialis anterior muscles of 
young and aged mice were injured with a single injection of 50 l of 20 M 
cardiotoxin solution in 0.9% saline. Mice were then injected with 0.5 mg/ml 
mouse FN solution (Biopur) or vehicle (Veh) at 2 and 5 d.p.i. Veh was 50 mM 
Tris and 0.5 M NaCl at pH 7.5 in water. Muscles were isolated and analyzed 
at 5 or 7 d.p.i.

Slow-off-rate-modified aptamer assay. Muscles samples were pulverized 
using the cryoPREP impactor system (Covaris). The muscle powder was then 
subjected to mechanical lysis using a Polytron homogenizer, and the proteins 
were extracted in 50 mM Tris (pH 7.5), 150 mM NaCl, 50 mM NaF, 1 mM 
EDTA, 0.5% Triton X-100. Protein concentration was determined by a bicin-
choninic acid (BCA) assay assay (Pierce), and samples were diluted at 250 ug/ml. 
Protein extracts were analyzed by using DNA-aptamer-based recognition on the 
SOMAscan platform (Somalogic, Boulder, CO, USA), as described23. Median 
normalized relative fluorescence units (RFUs) were log2-transformed before 
applying principal component analysis and linear models. Statistical analyses 
were performed in R 3.1.3 (R Foundation for Statistical Computing).

ECM arrays and coating. Mouse primary myoblasts and human primary  
myoblasts (HSMM, Lonza) between passage 4 and 10 were seeded on 
MicroMatrix 36 arrays (Microstem) containing ECMs spotted onto a 10% poly-
acrylamide hydrogel of 10 kPa in stiffness. After 3 h, 6 h and 24 h, the number of 
adhering cells was determined by visual counting. For ECM coating, dishes were 
covered with collagen (C7774, Sigma), fibronectin (F2006, Sigma) or laminin 
(L6274, Sigma).

Antibody arrays and western blot. Mouse primary myoblasts were grown on 
FN- or Col-coated dishes for 72 h, trypsinized, collected by centrifugation and 
frozen in dry ice. Phospho Explorer Antibody Arrays were analyzed by Full 
Moon BioSystems. Briefly, as described in the manufacturer’s instructions, pro-
teins were extracted by using nondenaturing lysis buffer, concentration was 
adjusted between samples, and protein extracts were biotinylated, coupled to 
the antibodies on the array and detected by dye-conjugated streptavidin using 
a microarray scanner. Cells for western blot analysis were grown for 3 h or 72 h 
on Col-, FN- or LAM-coated dishes and lysed in RIPA buffer (Sigma) following 
collection. After adjustment of protein concentrations (as determined by BCA 
assays) samples were boiled in Laemmli buffer and interrogated by standard 
western blot procedures. Antibodies used were: rabbit p44/42 MAPK (Cell 
Signaling #9102), rabbit phospho-p44/42 MAPK (Cell Signaling #4370), rabbit 
p38 MAPK (Cell Signaling #9212), rabbit phospho-p38 MAPK (Cell Signaling 
#9211), rabbit FAK (Cell Signaling #13009), rabbit pFAK (Cell Signaling 

#3284), mouse -actin (Sigma A5441) and mouse Gapdh (RDI/Fitzgerald, 
RDI–TRK5G4–6C5). Antibodies for western blots were diluted 1/1,000, except 
for -actin, which was used at 1/5,000. Antibody validation is provided on the 
manufacturers’ websites.

Quantitative PCR. RNA was extracted from frozen muscles or freshly sorted 
cells by using miRNeasy Mini Kit or RNeasy Micro Kit (Qiagen), respec-
tively. RNA samples were subjected to reverse transcription using random 
primers (High Capacity cDNA Reverse Transcription Kit, ABI). SYBR and 
Taqman quantitative PCR was performed on a LightCycler 480. The fol-
lowing primers were used: Fn1 sense: GGCCACACCTACAACCAGTA, 
Fn1 antisense: TCGTCTCTGTCAGCTTGCAC. Primers for housekeep-
ing genes were: Actb sense: CAGCTTCTTTGCAGCTCCTT, Actb antisense: 
GCAGCGATATCGTCATCCA. Taqman probe for Fn1 was Mm01256744_m1 
(Applied Biosystems). For qPCR using whole regenerating muscles, reference 
genes were selected based on their stability across time points of regeneration from 
microarray data: Atp5b sense: ACCTCGGTGCAGGCTATCTA, Atp5b antisense: 
AATAGCCCGGGACAACACAG, Eif2a sense: CACGGTGCTTCCCAGAGAAT, 
Eif2a antisense: TGCAGTAGTCCCTTGTTAGCG, Psmb4 sense: GCGAGT 
CAACGACAGCACTA, Psmb4 antisense: TCATCAATCACCATCTGGCCG.

Flow cytometry, MuSC in vitro assays and myoblast culture. For isolation of 
cell populations, muscles were collected and digested with Dispase II (2.5 U/ml; 
Roche), Collagenase B (0.2%; Roche) and MgCl2 (5 mM) at 37 °C. Cells were 
then incubated at 4 °C for 30 min with antibodies against CD45 (Invitrogen, 
MCD4501 or MCD4528; dilution for both 1/25), CD31 (Invitrogen, RM5201 or 
RM5228; dilution for both 1/25), CD11b (Invitrogen, RM2801 or RM2828; dilu-
tion for both 1/25), CD34 (BD Biosciences, 560230 or 560238; dilution for both 
1/60), Ly-6A–Ly-6E (Sca1) (BD Biosciences, 561021; dilution 1/150), 7-integrin 
(R&D, FAB3518N; dilution 1/30) and CD140a (eBioscience, 12–1401–81 or 
17–1401–81; dilution for both 1/30). Antibody validation is provided on the 
manufacturer’s website. FACS isolation was performed on a Beckman–Coulter 
Astrios Cell sorter. MuSCs were CD45−CD31−CD11b−Sca1−CD34+Itga7+; FAPs 
(fibro-adipogenic progenitors) were CD45−CD31−CD11b−Sca1+CD34+PDGF
Ra+; and Lin+ cells were CD45+CD31+CD11b+. For high-throughput imag-
ing, MuSCs were distributed into 96-well plates at a density of 1,765 cells/cm2. 
Freshly sorted MuSCs were maintained in high-glucose Dulbecco’s modified 
Eagle’s medium (DMEM), 20% heat-inactivated FBS, 10% inactivated horse 
serum, 2.5 ng/ml basic FGF (bFGF; Invitrogen), 1% penicillin–streptomycin 
(P–S), 1% l-glutamine, 1% Na pyruvate (Invitrogen). EdU was added to the 
medium at 10 M for 6 h before fixation. For long-term culture, myoblasts were 
maintained in Ham’s F-10 (Gibco), 20% heat-inactivated FBS, 2.5 ng/ml bFGF 
(Invitrogen) and 1% P–S. Small molecular inhibitors were: FAK inhibitor (F14, 
CAS 4506–66–5, #sc–203950) and p38 inhibitor (SB 203580 hydrochloride, R&D 
systems TOCRIS #1402). Itgb1-KO myoblasts and controls were isolated from 
Pax7CE/+;Itgb1f/f;R26RYFP/YFP mice31,41,42 and Pax7CE/+;R26RYFP/YFP, respec-
tively37. Primary human myoblasts from adult donors were obtained from Lonza 
(HSMM) after the supplier received informed consent from the donors and after 
consent was obtained from the Vaud ethics commission for human research 
(CER–VD) under protocol 281/14.

Immunostaining and image analysis. Adhesion of freshly isolated MuSCs was 
assessed at different time points by fixation in 4% paraformaldehyde (PFA) 
followed and counterstaining with the nuclear dye DAPI. TUNEL+ cells were 
quantified using the In situ Cell Death Detection Kit, TMR red (Roche #12 
156 792 910). EdU incorporation was revealed by using the Click-0iT assay 
(Molecular Probes) according to manufacturer’s instructions. Briefly, cells 
were fixed for 15 min in 4% PFA, permeabilized for 20 min in PBS contain-
ing 0.5% (vol/vol) Triton X-100 (PBTX), stained with the Click-iT reaction 
mix and counterstained with DAPI. For immunostaining, cells were blocked 
for 1–2 h in 5% goat serum, 1% BSA and 0.2% PBTX, before incubation with 
primary and secondary antibodies. Image acquisition was performed using the 
ImageXpress (Molecular Devices) platform. Quantifications were done using the 
MetaXpress software. The number of Pax7-, MyoD- and Ki67-positive cells was 
determined by counting of immunostainings in muscle sections, as previously 
described5. In-situ quantifications were done using the ImageJ software43 (U. S. 



©
20

16
N

at
u

re
 A

m
er

ic
a,

 In
c.

  A
ll 

ri
g

h
ts

 r
es

er
ve

d
.

NATURE MEDICINEdoi:10.1038/nm.4126

National Institutes of Health) over the entire cross-sectional area of the muscle. 
For minimal fiber feret measurements, only centralized fibers on LAM-stained 
sections were considered. Antibodies were: mouse Pax7 (DHSB; for tissue sec-
tions, undiluted hybridoma culture supernatant and purified at 2.5 g/ml)5, 
mouse devMHC (DSHB, F1.652; for tissue sections, dilution 1/500), rabbit 
FAK antibody (Abcam, ab40794; for tissue sections, dilution 1/200; for isolated 
cells, dilution 1/40), rabbit Ki67 (Abcam, ab833; for tissue sections, dilution 
1/200), rabbit laminin (L9393 Sigma; for tissue sections, dilution 1/1,000), rab-
bit fibronectin (Abcam, ab23750; for tissue sections, dilution 1/1,000)5. Where 
no citation is provided, antibody validation and references can be found on the 
manufacturer’s website.

Microarrays. For isolation of RNA from freshly sorted activated MuSCs, the 
RNeasy Micro Kit (Qiagen) was used. RNA samples were then subjected to 
3  microarray analysis on Illumina MouseRef–8_V2 chips. 3 ng of total RNA 
were used to produce cRNA in a two-round amplification protocol, using first 
Messageamp II aRNA amplification kit (AM1751, Life Technologies, Inc.) fol-
lowed by Messageamp II–biotin enhanced aRNA amplification kit (AM1791, 
Life Technologies, Inc.). 750 ng of cRNA were hybridized for 16 h at 55 °C on 
Illumina MouseRef–8 v2 microarrays. Quality of total RNA was checked by 
using the Bioanalyzer 2100 with Total RNA Pico kit, and quality of cRNA was 
checked by using the Bioanalyzer 2100 with the Total RNA Nano kit (Agilent 
Technologies). Quantifications were done using the Quant-iT RiboGreen RNA 
Assay Kit (Life Technologies, Inc.). For microarrays comparing FN and Col, 
cells were grown for 72 h on FN- or Col-coated dishes. RNA was extracted 
with the Agencourt RNAdvance Tissue Kit (Beckman Coulter, Inc). cRNA was 
produced with the Illumina TotalPrep-96 Kit (Life Technologies Inc). 15 g of 
cRNA were fragmented prior to a 16-h hybridization at 45 °C on an Affymetrix 
Mouse Genome 430 2.0 Array. Quality of total RNA and cRNA was checked by 
using the Bioanalyzer 2100 with the Total RNA Nano kit (Agilent Technologies). 
Quantification was done by using the Quant-iT RiboGreen RNA Assay Kit assay 
(Life Technologies Inc). Microarray data have been deposited to Gene Expression 
Omnibus under accession number GSE81096 and GSE81225.

Transcriptomic analysis. The robust-multiarray-average (RMA) approach was 
used for the creation and normalization of the summarized Affymetrix probe 
set signals. We applied a nonspecific filter to discard probe sets with low vari-
ability; we retained 19,050 Affymetrix probe sets whose s.d. was greater than 
the median of the s.d. of all of the probe sets. Illumina expression signals were 
quantile-normalized. We applied a nonspecific filter to discard probe sets with 
low variability and retained 12,848 Illumina probe sets whose s.d. was greater 
than the median of the s.d. of all of the probe sets. For differential expression 
analysis and pathway analyses, genes (represented by probe sets) were tested 
for differential expression using the moderated t-statistic as implemented in 
LIMMA44 for both data sets. We exploited DAVID Bioinformatics Resources 
6.7 (ref. 45) to assess whether the differentially expressed genes were related 

to specific KEGG pathways. Gene Set Enrichment Analysis (GSEA), using the 
Broad Institute algorithm v2.2.0 (ref. 46), was conducted on the preranked gene 
lists defined according to the LIMMA results and the gene sets derived from the 
KEGG pathway database (c2.cp.kegg.v5.0.symbols.gmt) were tested.

Statistical analysis. All wild-type mice were randomized according to body 
weight before interventions, and no mouse was excluded from the study, except 
for those that died a natural death during the course of the experiment. Sample 
size determination was based on the expected effect size and variability that 
was previously observed for similar readouts in the investigators’ labs. In vivo 
treatments were not blinded, but imaging readouts were analyzed in a blinded 
manner. Genome-wide statistical analyses and Kolmogorov–Smirnov tests 
were performed using R version 3.1.3 and relevant Bioconductor packages 
as described in the sections above. Gene Set Enrichment Analyses were per-
formed using the Broad Institute algorithm v2.2.0. All other statistical analyses 
were performed using GraphPad Prism (GraphPad Software) assuming nor-
mal distribution of the variables measured. Statistical significance for binary 
comparisons was assessed by a Student’s t-test after checking that variances do 
not differ between groups or by a Welch correction when variances differed 
between groups. All exploratory and signaling experiments were analyzed by 
using two-tailed tests, and in vivo phenotypic rescue experiments were tested 
using a one-tailed test. For comparison of more than two groups, one-way  
or two-way ANOVAs were used, according to the experimental design, and  
followed by Bonferroni multiple-comparison testing. All measurements  
that were fully independent were analyzed using unpaired statistics, whereas 
experiments in which treatments were performed with primary cells isolated 
from the same animal(s) were analyzed by using paired statistics. All data  
are expressed as mean + s.e.m. or mean  s.e.m. For plotting the cumulative 
probability of the ratio of nuclear FAK puncta over total FAK puncta per cell 
in tissue resident MuSCs, 0.5 pseudo puncta were added to the entire data set 
before performing statistics.
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Supplementary figure 1 MuSC viability following FACS and FN levels in young and 

aged tissue. (a, b) MuSCs were gated for lineage negativity (Lin–FITC), and 

positively for CD34 (CD34–Alexa647), Integrin–alpha7 (Integrin–alpha7–Alexa700) 

and for the viability dye 7–AAD (7–aminoactinomycin D). Based on 7–AAD staining, 

13,68 % of aged (a) and 14.09 % of young (b) cells that were identified as not viable. 

No major differences in viability were observed between the conditions. (c) qPCR for 

FN expression from RNA isolated from uninjured muscles or 3, 7 and 14 days post 

injury. Bars are normalized to Young uninj. (d) Number of isolated cells from young 

and aged muscles at 3 d.p.i. quantified by flow cytometry.  (e) qPCR for FN 

expression from RNA isolated from different cell types isolated from muscles 3 d.p.i. 

Expression values were quantified on equal amounts of total RNA. Throughout, bars 

represent means + s.e.m.. All replicates are biological. n = 8 (c), n = 4 (d); n = 5 for 

young and n = 6 for aged (e). *** P < 0.001, ** P < 0.01,* P ≤ 0.05 versus uninj. or 

comparison indicated; one–way ANOVA followed by Bonferroni post–test (c) or 

Student’s t–test (d, e). 
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Supplementary figure 2 FN tissue levels in iFN–KO mice. Immunostaining for 

Fibronectin (FN) from muscles of control (Ctrl) or FN knockout mice (iFN–KO) five 

days following injury. Images were acquired with the same exposure time.  
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Supplementary figure 3 Quantification of western blot grey values for figure 3a. 

Grey values were background corrected and normalized to actin. Bars represent 

means + s.e.m.. n = 3 cell lysates from independent experiments per condition.  

One–way ANOVA followed by Bonferroni post–test. *** P < 0.001, ** P < 0.01, * P < 

0.05. 
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Supplementary figure 4 Quantification of western blot grey values for figure 4g. 

Grey values were background corrected and normalized to GAPDH. Bars represent 

means + s.e.m.. n = 3 cell lysates from independent experiments per condition. 

Student’s t–test P value is * P < 0.05. 

Nature Medicine: doi:10.1038/nm.4126
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Supplementary figure 5 Adhesion capacity of freshly isolated aged and young 

MuSCs. Cells were analyzed 3 h, 6 h and 36 h after seeding on COL, FN or LAM. 

Bars represent means + s.e.m.. n = 3 mice. two–way ANOVA followed by Bonferroni 

post–test. *** P < 0.001, ** P < 0.01, * P < 0.05. 
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Supplementary figure 6 FN treatment has limited effects on muscle regeneration in 

young mice. (a) Quantification of FAK levels in Pax7+ MuSCs in tissue sections of 

vehicle (Veh) or FN treated young mice at 5 d.p.i. (b–d) Numbers of Pax7 and Ki67 

positive (Pax7+Ki67+) cells, Pax7 and MyoD (Pax7+MyoD+) positive cells, and Pax7 

negative MyoD positive (Pax7–MyoD+) cells per area in muscle cross sections of Veh 

or FN treated young mice at 5 d.p.i.  (e) Quantification of the percentage of devMHC+ 

fibers in muscles of young Veh or Col treated mice at 7 d.p.i. (f) Fiber size 

quantification from young Veh or FN treated mice at 7 d.p.i. Throughout, bars and 

data points represent means + s.e.m. and  s.e.m., respectively. n = 3 (c FN), n = 4 

(a, b, c Veh, d) or n = 5 (e, f) mice per condition. * P < 0.05. Student’s t–test.  
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Environmental and molecular triggers leading to loss of regenerative function in aged skeletal muscle is
largely studied in muscle stem cells. In contrast, the impact of aging on the cross-communication between
muscle stem cells and other niche-resident cell types, in particular the fibro/adipogenic progenitors (FAPs),
remains largely unknown. In this study, we demonstrate that aging severely affects intrinsic FAP function,
and impairs their ability to support the myogenic function of satellite cells. Through transcriptomic profiling
of aged FAPs, we identify WISP1 as a novel matricellular protein secreted by FAPs upon muscle injury and
lost during aging. WISP1 directly regulates satellite cell function by promoting their early adhesion and
proliferation. Treatment of aged mice with WISP1 reconstitutes the muscle stem cell niche and rescues
muscle regeneration. Altogether, our results demonstrate that altered cellular communication from FAPs
to satellite cells plays an important role in aging of the stem cell niche and can be targeted via WISP-1 to
prevent age-related regenerative failure.

Skeletal muscle regenerative capacity
relies on the activity of tissue-resident stem cells
called satellite cells. As a consequence of aging,
the regenerative function of satellite cells is
dramatically reduced, leading to impaired muscle
repair upon injury [1-3]. The functional decline of
satellite cells with age most often leads to a
decline in the number of satellite cells. Aged
satellite cells have decreased activation,
adhesion, migration, proliferation and self-
renewal, and gradually switch to a senescent
phenotype, that further exacerbates the
exhaustion of the satellite cell pool [4-9]. Many
molecular and metabolic perturbations have been
described in satellite cells as determinants of their
functional impairments. These include decreased
autophagy and mitochondrial functions [10, 11],
and constitutive activation of the p38-mitogen-
activated protein kinase (MAPK), ERK/MAPK and
JAK/STAT signaling pathways [9, 12-14].
However, satellite cells are also responsive to
triggers coming from the systemic or paracrine
environment. For example, several positive extra-
cellular regulators of satellite cell function such as
Notch ligands or oxytocin are lost with age [6, 15,
16].  In contrast, aging also induces the production
of several secreted proteins, such as pro-
inflammatory cytokines, fibroblast growth factor
(FGF)-2, Wnt ligand C1q, or transforming growth

factor (TGF-) β [9, 13, 16-19], which alter the
activation of satellite cells from quiescence to
proliferation and self-renewal and thereby
adversely affect muscle regenerative capacity.
The inability to transiently remodel the extra-
cellular matrix of the satellite cell niche during
regeneration also impairs satellite cell function
and regeneration during aging [7, 20], highlighting
that other cell types also contribute to the
functional decline of satellite cells with age.

In the muscle stem cell niche, satellite cell
are surrounded by muscle resident cells such as
endothelial cells, pericytes, fibroblasts, immune
and mesenchymal cells [21, 22]. However, the
cellular communication between satellite cells and
the different cell types is only partly understood. It
is known that satellite cells communicate with peri-
endothelial and endothelial cells in the niche to
regulate both satellite cell proliferation and
angiogenesis [23]. The cross-talk between
satellite cells and the fibrogenic lineage has been
largely reported and is critical for proper
regeneration [24]. In particular, the fibro/adipocyte
progenitors (FAPs) are
CD34+/Sca1+/PDGFRα+/Integrin α7-

mesenchymal progenitor cells residing in the
skeletal muscle stem cell niche between
myofibers [25, 26]. FAPs are adipogenic in vitro
and in vivo but can also differentiate into collagen-



I producing cells [25-29]. While their pathogenic
differentiation to fat or fibrosis is believed to be
regulated by a specific permissive micro-
environment of diseased muscle [26], FAPs also
positively participate to muscle repair by
supporting myogenesis [25, 30, 31]. Although no
PDGFRα-lineage ablation has been reported so
far to characterize the role of FAPs in muscle
homeostasis and repair in vivo, the supportive role
of FAPs on myogenesis and regeneration has
been inferred from ex vivo co-cultures wih satellite
cells. FAPs activate upon muscle injury in the
same time frame as satellite cells, and support
their myogenic function [21, 25]. In addition, other
adipogenic or fibrogenic lineages also participate
to muscle regeneration as ablation of the AP2
adipogenic lineage or the Tcf4+ fibrogenic lineage
have both lead to impaired muscle regeneration
[27, 32]. We have previously shown that transient
ectopic adipogenesis is a hallmark of several
models of efficient muscle regeneration [33], re-
enforcing the fact that the activity of FAPs is
important for regeneration. A recent study has
also demonstrated that limiting FAP expansion
through nilotinib treatment (a tyrosine-kinase
inhibitor acting downstream of TGF-β receptor)
resulted in reduction of myoblast expansion in a
non-cell autonomous way. This was attributed to
defects in cross-talk of FAPs with satellite cells,
leading to impaired proliferation. While increasing
evidence from recent reports suggests that FAPs
exert their support to satellite cells in a paracrine
manner, the signaling molecules mediating this
beneficial cross-talk remain unknown [30, 31,
34].It is also debated whether FAPs support
satellite cell proliferation or differentiation. This
highlights that the cross-talk between satellite
cells and FAPs is emerging but poorly understood,
and that the impact of aging on this cross-talk
remains largely unknown.

In this study, we demonstrate that FAP
activity is impaired during aging and that aged
FAPs fail to efficiently support satellite cell function
and myogenesis. The matricellular secreted
protein WISP1 was identified as a secreted
mediator between FAPs and satellite cells during
regeneration, which is lost in aged FAPs. WISP1
treatment rescued satellite cell function and
regenerative capacity in old mice, demonstrating
that cellular cross-talks in the muscle stem cell
niche can be targeted therapeutically to recover
the regenerative failure associated with aging.

RESULTS

Aging causes an intrinsic dysfunction of
FAPs.

Aging profoundly delays muscle
regeneration, and adversely affects satellite cell
function [2, 3, 7]. As previously reported, we

observed both a decline in the number of satellite
cells with age (Fig. 1a) as well as intrinsic defects
of freshly-sorted old satellite cells (Fig. 1b-e).
Activation of aged satellite cells is altered through
slower entry into the first cell cycle (Fig. 1b) and
through delayed transition to myogenic
commitment (Fig. 1c) 36 hours after isolation from
non-injured muscles. As a consequence, the
proliferation of old satellite cells is also decreased
after their activation (Fig. 1d), and their
differentiation potential declines (Fig. 1e).

Fibro/Adipogenic Progenitors (FAPs) play
an important role in the muscle stem cell niche and
the timed regulation of their proliferation and
apoptosis is key to muscle regeneration following
an injury [25, 26, 37]. In order to better understand
how aging influences the cooperation of muscle
stem cells with their environment, we asked
whether altered FAP function could participate to
the loss of regenerative capacity in the aged
muscle stem cell niche. The number of FAPs
quantified by flow cytometry increased in the
tibialis anterior muscle of aged animals (Fig. 1f).
When isolated from non-injured muscles and
analyzed ex vivo, aged FAPs showed a dramatic
reduction in their proliferative capacity (Fig. 1g).
Under specific physiological cues, FAPs can
differentiate to the adipogenic or fibrogenic
lineages [25, 26, 29]. Differentiation of old FAPs to
mature lipid-droplet expressing adipocytes was
impaired compared to young FAPs, both in
adipogenic medium (Fig. 1h) and spontaneously
(Supp. 1). In contrast, old FAPs had a fibrogenic
differentiation in α-smooth muscle actin positive
cells similar to young FAPs (Fig. 1i), suggesting
that aging differentially affects certain cellular fate
of FAPs or different subpopulations of FAPs.

FAPs can give rise to ectopic adipocytes
between muscle fibers during regeneration [25,
26], and transient ectopic adipogenesis is a
hallmark of muscle regeneration in various models
of muscle injury [33]. In order to assess how FAP
function correlates with ectopic adipogenesis
during aging, we performed a time-course of
glycerol-induced muscle regeneration in young
and old mice, and analyzed adipocyte formation
by Oil-red-O and perilipin stainings (Fig. 2a-c). As
expected, we observed a progressive formation of
adipocytes during muscle regeneration, reaching
its maximum at 14 days post injury (dpi) in young
mice (Fig. 1b). Consistent with the altered function
of aged FAPs ex vivo, ectopic Oil Red O-positive
adipocyte formation in regenerating muscle was
strongly blunted in old mice at all time points
analyzed. This result was further confirmed by the
quantification of perilipin-positive adipocytes,
which demonstrated lower adipocyte infiltration in
aged muscle at 14dpi (Fig. 1c-d), and were
replicated in an additional independent cohort of
young and old regenerating muscles (results not



shown). Altogether, these results reveal that
intrinsic FAP function declines with age both in
vivo and ex vivo.

Old FAPs are less efficient to support satellite
cell myogenic function.

FAPs are activated upon injury, and can
support satellite cell function [25, 30, 31], although
their exact function on the different phases of
satellite cell activation, proliferation and
commitment remains unclear. To investigate the
support function of FAPs at each stage of satellite
cell commitment, we isolated satellite cells from
tdTomato (Td) mice, which constitutively express
a nuclear TdTomato fluorescent protein under a
CAG promoter [35], and tracked their fate with the
fluorescent reporter when co-cultured with wild-
type (WT) FAPs, or satellite cells as a control (Fig.
3a). As we recently showed that satellite cell
adhesion to the extra-cellular matrix prevents cell
death by anoikis in the early steps of activation [7],
we investigated the potential role of FAPs on
satellite cell function at early time points after
isolation. Strikingly, we observed a significant
increase (35%) of adhering Td+ satellite cells after
12h of co-culture with FAPs compared to Td+

satellite cells cultured alone or with WT satellite
cells, demonstrating that FAPs support satellite
cell adhesion during early activation (Fig. 3b).
FAPs did not increase the entry of Td+ satellite
cells into cell cycle at 36h (Supp. 2a), and FAPs
did not affect the proportion of Pax7+ satellite cells
activating MyoD expression (results not shown).
When the effect of FAPs on Td+ satellite cell
function was analyzed after 3 days of co-culture,
we observed that FAPs did not influence the rate
of satellite cell proliferation (Supp. 2b), but
maintained a positive effect on the total satellite
cell pool as a consequence of early adhesion and
survival (Fig. 3c). The co-culture with FAPs did
not affect the rate of Td+ cell fusion into myotubes
(Supp. 2c), but increased the total number of Td+
nuclei in differentiated cells expressing myosin
heavy chain (Fig. 3d). Altogether, these results
indicate that FAPs support satellite cells by
increasing their adhesion and survival at the early
phases of activation, and thereby enhance
myogenic differentiation.

To understand how aging of FAPs
influences their myogenic support to satellite cells,
we co-cultured freshly isolated Td+ satellite cells in
the presence of young and old FAPs during 12

Figure 1. Intrinsic alterations of aged FAPs and satellite cells ex vivo. (a) Quantification of the number of
satellite cells (SATs) sorted from the tibialis anterior (TA) muscle of young (9-13 week-old) and old (20-22 month-
old) mice. (b-c) Young vs. aged satellite cell ex vivo activation capacity assessed by EdU incorporation (b) or MyoD
expression (c) 36h after isolation. (d) Proliferation capacity and (e) fusion index of young vs. aged satellite cells, 3
and 6 days after isolation, respectively. (f) Quantification of the number of FAPs sorted from TA muscle of young
(9-12 week-old) and old (20-22 month-old) mice. (g) Young vs. aged FAP ex vivo proliferation capacity assessed
by EdU incorporation 6 days after isolation. (h) Young vs. aged FAP adipogenic differentiation capacity after 7 days
in adipogenic differentiation medium. (i) Young vs. aged FAP fibrogenic differentiation capacity after 6 days in
growth medium. p: p-value, *: p-value vs. age/genotype respective control < 0.05, **: p-value vs. age/genotype
respective control < 0.01, ***: p-value old vs. young < 0.001. n=3 (b, c, d, e, g, h, i), n>5 (a-f) independent biological
replicates.



hours, and quantifying the number of Td+ satellite
cells (Fig. 3e). The ability of old FAPs to support
satellite cell expansion was decreased by 39%
compared to young FAPs. In order to further
model the cross-talk of age-matched satellite cells
and FAPs, we co-cultured young and old WT
satellite cells either alone, or in the presence of
young and old FAPs throughout the whole
myogenic differentiation program ex vivo. Similar
to what happens during the phase of satellite cell
adhesion and activation (Fig. 3e), old FAPs
partially lost their support on myogenesis
compared to young FAPs (Fig. 3f). Conversely,
young FAPs were able to partially rescue the
myogenic defects of old satellite cells,
demonstrating that satellite cell dysfunction with
age can be reversed through cellular interactions
with a youthful stem cell niche. Interestingly, old
FAPs maintained some capacity to support the
function of aged satellite cells, but only to a partial
extent compared to young FAPs. (Fig. 3f). Thus,
these results demonstrate that FAPs present
intrinsic impairments in their ability to support
myogenesis during aging, but still participate to a

beneficial cellular communication with satellite
cells in the aged stem cell niche.

WISP1 is a matricellular molecule secreted by
activated FAPs which is lost during aging.

In order to understand how FAPs and
satellite cell cross-talk in the aged stem cell niche,
we first asked whether FAPs could support
satellite cell function through soluble factors by
comparing direct co-cultures of FAPs and satellite
cells, and satellite cells grown alone in medium
conditioned by freshly isolated young FAPs or
satellite cells (Fig. 4a). FAP conditioned medium
was sufficient to mimic the direct co-culture with
FAPs and increased the number of differentiated
satellite cells, whereas conditioned medium from
satellite cells had no autocrine effect (Fig.
4a).Thus, the beneficial effects of FAPs on
myogenesis are mediated, at least in part, by
secreted factors produced by FAPs and sensed by
satellite cells. To uncover molecular candidates
mediating the beneficial effects of FAPs in the
context of aging,young and old FAPs and satellite
cells were isolated from either non-injured

Figure 2. Transient ectopic adipogenesis during muscle regeneration is reduced in old mice. Tibialis
anterior muscles from young (Y) and old (O) wild-type mice (a-d) were injured using an intramuscular injection of
glycerol and collected at 3, 7 or 14 days post injury (dpi). (a) Representative oil-red O staining of muscle sections
at 14 days post-injury, young (left) and old (right) (b) Quantification of area covered by oil-red O structures at 14
dpi in young and old muscles. (c) Hematoxylin and eosin (H&E) (left) and perilipin (right) stainings of young muscle
sections at 14 dpi (Red = perilipin, Green = laminin, Blue = hoechst). (d) Quantification of area covered by perilipin-
delimited adipocytes at 14dpi in young and old muscles. In (b,d), ***: p-value vs. age respective control < 0.001;
##: p-value old vs. young at respective time points < 0.01; ###: p-value old vs. young at respective time points <
0.001; n>7 mice per group. Scale bar = 200μM.



muscles (where they are in a non-proliferative
quiescent state), or muscles that were injured 3
days before (where they are highly activated), and
subjected to transcriptomic analysis (Fig. 4b). We
first analyzed the gene ontology (GO) terms
enriched in FAPs vs. satellite cells, to assess
biological function specific to each cell type.
Transcriptomic signatures differentiating satellite
cells and FAPs isolated from non-injured muscles
were strongly enriched in “organ development”,
“cell adhesion”, and “extracellular matrix
organization” development terms (Supp. Table 1).
Interestingly, it appeared that most of the
differentially regulated genes from the
“extracellular matrix” GO term 0031012 were
upregulated in FAPs (Supp. 3). In particular, FAPs
were strongly enriched in numerous collagen and
laminin genes (Col16a1, Col15a1, Col6a1,
Col5a1, Col4a2, Col4a1, Col14a1, Col3a1,
Col1a2, Col6a2, Lama2, Lamb1-1, Lamc1),
potentially participating to satellite cell adhesion in
direct co-cultures. We also noticed that FAPs were
enriched in signaling molecules such as Fgf10,
Wnt5a, Igf1, and Tgf-beta-like genes. On the
opposite, satellite cells were significantly enriched

in Wnt4, Wnt6 and Integrin beta 4 receptor,
amongst others. The transcriptomic signature of
aging FAPs strongly affected many biological
functions, such as “epithelial cell proliferation”,
“angiogenesis”, and “TGF-beta receptor signaling”
(Supp. Table 2), confirming that aging alters the
physiology and cellular functions of FAPs.

Given that FAPs communicate with
satellite cells through secreted factors, we next
examined which signaling proteins were secreted
by activated FAPs. Out of the 321 genes
significantly upregulated with a fold-change > 2
during activation of young FAPs, we identified 20
signaling proteins (Fig. 4c-d). In order to
understand why aged FAPs fail to efficiently
support satellite cell function and myogenesis in
the aged niche, the genes upregulated in activated
FAPs were filtered for differential regulation with
age and activation. 10 genes were induced by at
higher levels in young than aged activated FAPs,
out of which one encodes a secreted protein:
Wnt1 inducible signaling pathway protein 1
(WISP1). WISP1 was also the most down-
regulated gene when old activated FAPs were
directly compared to young activated FAPs

Figure 3. The myogenic support of FAPs to satellite cells is impaired with age. (a) Study design for (b-d).
Satellite cells were freshly isolated from young Td-Tomato+ (Td+) non-injured muscles and seeded alone or together
with freshly isolated wild-type (WT) FAPs or satellite cells. (b) Number of adhering Td+ satellite cells 12h after
seeding. (c) Proliferation capacity of Td+ satellite cells 3 days after seeding assessed by EdU incorporation over
the last 3h. (d) Differentiation capacity of Td+ satellite cells assessed by the total number of Td+ nuclei in MHC+
cells. (e) Number of young Td-Tomato+ (Td+) satellite cells co-cultured with freshly isolated young or old WT FAPs
12h after sorting. (f) Number of differentiated young and old WT satellite cells alone or in co-culture with young or
old FAPs. (b-e): n=3, *: p-value vs. Td+ SATs < 0.05; **: p-value vs. Td+ SATs < 0.01; ***: p-value vs. Td+ SATs <
0.001; #: p-value Td+ SATs & WT FAPs vs. Td+ SATs & WT SATs < 0.05. (f): ***: p-value vs. SATs alone of the
respective age < 0.001; #: p-value SATs & O FAPs vs. SATs & Y SATs < 0.05; ###: p-value O SATs (or O SATs
& O FAPs) vs. Y SATs (or Y SATs & Y FAPs) < 0.001. Representative graph of two independent experiments
performed with cells pooled from several mice.



independently of the levels during quiescence
(Supp. Table 3). WISP1 is a secreted extra-
cellular matrix associated protein, also known as
a connective tissue growth factor (CTGF), and is
the 4th member out of 6 of the CCN family of
matricellular proteins (“Connective tissue growth

factor, Cystein rich protein, and Nephroblastoma
overexpressed gene” family). WISP1 has been
shown to regulate various biological processes
such as neuronal development and neurogenesis,
adipose-, mesenchymal- or cancer-stem cell
proliferation, cell survival and angiogenesis

Figure 4. Transcriptomic profiling identifies WISP1 as a novel protein secreted by activated FAPs and
down-regulated with age. (a) Young WT satellite cells differentiation alone (white), in direct co-culture with FAPs
(pink) or when cultured in medium conditioned by satellite cells (gridded white), FAPs (gridded pink) or no-cells
(gridded gray). Representative graph of three independent experiments performed with cells pooled from several
mice. (b) Study design for (c-d): satellite cells and FAPs were freshly isolated from non-injured muscles (non-
proliferating / quiescent-like cells) or 3 days after muscle injury (activated cells), of young (9-13 week-old) and old
(20-22 month-old) mice, and subjected to genome-wide transcriptomic profiling. n>5. (c) Pie chart of sub-
classification of the secreted proteins upregulated during FAP activation. (d) Venn diagram of all genes upregulated
during FAP activation, and of genes differentially upregulated during activation with age. These gene lists were
then filtered for genes encoding proteins annotated as “signaling molecules” in PantherDB. (e) WISP1 mRNA
expression by qPCR in freshly isolated FAPs from young (Y) and old (O) mice, either from uninjured muscles
(quiescent cells, or Q) or 3 days after muscle injury (activated cells, or A). Data are normalized to YQ FAPs; n>4.
(f) WISP1 mRNA expression by qPCR in TA muscle of young and old mice without injury or 3, 7 and 14 days post
injury (dpi). Data are normalized to young non-injured muscles (control), n=8. (g) WISP1 protein level in
regenerating muscles. n=8 mice per group.  For (a,e,f,g), *: p-value vs. quiescent/control of respective age/culture
condition < 0.05, **: p-value vs. quiescent/control of respective age/culture condition < 0.01, ***: p-value vs.
quiescent/control of respective age/culture condition < 0.001, ##: p-value old vs. young at respective time points <
0.01, ###: p-value old vs. young at respective time points < 0.001.



(Reviewed in [38]). A role of WISP1 has been
described in the musculoskeletal system for bone
development and fracture repair [39, 40], and in
regulation of cartilage homeostasis [41].
However, the role of WISP1 in skeletal muscle
remains unknown.

To validate the differential expression of
WISP1 in FAPs and interrogate whether it is also
expressed by other cell types of the muscle stem
cell niche upon injury, we repeated the isolation of
satellite cells and FAPs from young and old non-
injured muscles or muscles at 3dpi. We also
isolated the lineage positive cells (Lin+),
comprising immune and hematopoietic cells,
together with endothelial cells; which represent an
active and very abundant cell population in the
muscle stem cell niche after injury [7]. We also
included Sca1+/CD34+/PDGFRα- cells (hereafter
called PDGFRα-), potentially comprising the
myogenic PICS, and various pericyte populations
[42-44]. As expected, we validated by qPCR that
WISP1 was strongly upregulated during activation
in young FAPs, but that this induction was blunted
in aged FAPs (Fig. 4e). PDGFRα- cells and
satellite cells also expressed WISP1 in the non-
proliferative state with a smaller upregulation upon
injury (Supp. 4a). Lin+ cells, however, expressed
only very low levels. Altogether, these results
showed that activated FAPs are the major
producers of WISP1 in muscle, and this
expression is strongly affected with age. Notably,
we observed a strong decrease of WISP1 mRNA

levels in old uninjured muscle compared to young
(Supp. 4b). In addition, as WISP1 has previously
been identified in the systemic circulation, we
evaluated WISP1 content in the serum of aged
sarcopenic rats [45], and observed a strong
reduction of circulating WISP1 protein levels
during aging (Supp. 4c). Thus, WISP1
concentration is strongly decreased with age at
the cell, tissue, and systemic level. mRNA
expression of WISP1 in the entire muscle was also
strongly upregulated after injury, and gradually
recovered during the time course of muscle
regeneration (Fig. 4f). Similar to what was
observed in FAPs, the induction of WISP1 mRNA
was blunted and delayed in aged muscle. At the
protein level, WISP1 was also upregulated in
young muscles after injury, with high levels
persisting until 14dpi, and this upregulation was
strongly delayed and significantly reduced in old
regenerating muscles (Fig. 4g). Altogether, these
results demonstrate that WISP1 is a novel
secreted protein produced by FAPs, whose
expression is induced during muscle regeneration
but blunted during aging.

WISP1 enhances satellite cell function and
ameliorates muscle regeneration in old mice.

In order to test if the production of WISP1
by FAPs could be sensed by satellite cells to
promote their activity during regeneration, we
tested whether WISP1 could modulate satellite
cell adhesion and proliferation as CCN proteins

Figure 5. WISP1 improves satellite cell function ex vivo. Adhesion (a) and proliferation (b) of satellite cells
freshly sorted from young and old mice and treated with WISP1 ex vivo. n=1 (a, young; b, old, number of SATs,
1μg/mL), n=2 (a, old; b, young, number of SATs, 1μg/mL; b, old, EdU+ cells), n=3 (b, old, number of SATs, 8μg/mL;
b, young, number of SATs), n=4 (b, young, number of SATs, 8μg/mL) biological replicates. (c) Proliferation of
human skeletal muscle myoblasts (HSMM) assessed by EdU incorporation over the last 5h after a 3 day treatment
with WISP1. n=2 independent experiments. (d) Young mouse satellite cells were differentiated and treated with
WISP1 during 48h and the fusion index was defined as the percentage of nuclei in MHC positive cells. n=3
independent experiments with independent biological replicates. Data are normalized to non-treated cells, n.s: p-
value vs. PBS > 0.05, *: p-value vs. PBS < 0.05, **: p-value vs. PBS < 0.01, ***: p-value vs. PBS < 0.001.



have already been reported to regulate adhesion,
proliferation and cell-survival in other contexts
[38]. Young and old satellite cells were freshly
isolated and treated with WISP1 ex vivo during
adhesion, activation or proliferation. 36h hours
after isolation, WISP1 increased satellite cell
adhesion in both young and aged satellite cells
(Fig. 5a), and this effect was more prominent in
old satellite cells that have a high propensity for
cell death by anoikis during this time frame [7].
WISP1 did not accelerate the activation of young
and old satellite cells into the cell cycle (results not
shown), but the effects of WISP1 on satellite cell
expansion were maintained until the proliferation
phase, 3 days after isolation, both in young and
old satellite cells (Fig. 5b left). WISP1 treatment
also enhanced satellite cell proliferation after
activation as demonstrated by the higher

incorporation of EdU in young and aged satellite
cells treated with WISP1 (Fig. 5b right). The
proliferation of human primary myoblasts (HSMM)
was also enhanced by WISP1 treatment (Fig. 5c),
demonstrating that WISP1 has the potential to
also enhance muscle stem cell function in
humans. To sustain an efficient myogenic
function, satellite cells must have the possibility to
exit the cell cycle and commit to differentiation.
Importantly, WISP1 did not impair differentiation
capacity as the fusion index of satellite cells
treated with WISP1 was not altered (Fig. 5d).
Altogether, these results demonstrate that WISP1
enhances young and old satellite cell function ex
vivo.

To investigate if WISP1 could also
ameliorate satellite cell function in vivo, we injured
tibialis anterior muscle of old mice, treated the

Figure 6. WISP1 treatment in vivo rejuvenates muscle regeneration in old mice. (a) qPCR of different
myogenic markers (Pax7, MyoD, myogenin, Myh3) in regenerating muscles of old mice treated daily with PBS or
1mg/kg/day of WISP1 during 3, 7 and 14 days post injury (dpi). (b) Classification of satellite cells in the injured area
based on their Pax7 and MyoD expression by immunohistochemistry at 7dpi. (c) Quantification of Pax7 positive
cells in muscle sections at 14dpi. (d) Quantification of the area covered by regenerating embryonic myosin heavy
chain (eMHC) positive fibers in muscle sections at 7 and 14dpi. (e) Distribution of the cross-sectional area of
regenerating myofibers at 7dpi quantified from a histological staining for laminin. (f) PDGFR and WISP1
expression assessed by qPCR in regenerating TA muscles. (a, e) Data were normalized to gene expression in
contralateral non-injured tibialis anterior muscles (TA CL), *: p-value vs. TA cl < 0.05, **: p-value vs. TA cl < 0.01,
***: p-value vs. TA cl < 0.001; #: p-value WISP1 vs. PBS treated mice < 0.05, ##: p-value WISP1 vs. PBS treated
mice < 0.01, ###: p-value WISP1 vs. PBS treated mice < 0.001. (b) *: p-value O WISP1 vs. O PBS for the indicated
fiber size class < 0.05, **: p-value O WISP1 vs. O PBS for the indicated fiber size class < 0.01, ***: p-value O WISP1
vs. O PBS for the indicated fiber size class < 0.001. (c) ###: p-value WISP1 vs. PBS treated mice < 0.001. (d) *: p-
value WISP1 vs. PBS treated mice < 0.05. n>4.



mice by intraperitoneal injections of either WISP1
or vehicle (PBS) and analyzed the regenerating
muscles at 3, 7 and 14 days after injury. Satellite
cell expansion during regeneration is delayed in
aged mice and peaks 7 days after injury. The
mRNA levels of Pax7, MyoD and Myogenin were
significantly higher in WISP1 treated muscles than
in PBS treated muscles at 7dpi, demonstrating
that satellite cell function is enhanced upon
WISP1 treatment (Fig. 6a). Myh3 expression level
also tended to be higher at 7dpi in WISP1 treated
muscles, suggesting that the effects of WISP1 on
stem cell function promote a faster repair process
in aged mice. At the histological level, WISP1
enhanced the transition of satellite cells to the
myogenic lineage as the proportion of MyoD-

satellite cells was significantly reduced while the
MyoD+ lineage increased in old WISP1 treated
muscles at 7dpi (Fig. 6b left).The proportion of
committed MyoD+ cells also expressing Pax7,
thus retaining a capacity to self-renew, was
unchanged (Fig. 6b right); suggesting that WISP1
improves old satellite cell commitment, without
losing Pax7+ satellite cells. The number of Pax7+

satellite cells was unchanged at 14dpi in the
muscle of WISP1 treated mice, confirming that
WISP1 does not deplete the satellite cell pool
when regeneration has progressed (Fig. 6c). In
order to evaluate if the increased satellite cell
function upon WISP1 treatment in vivo translates
into better regeneration in old mice, we next
quantified the surface covered by regenerating
fibers expressing embryonic myosin heavy chain
(eMHC). This area was significantly larger in
WISP1 treated muscles at 7dpi (Fig. 6d), thereby
demonstrating that WISP-1 promotes faster
expression of the transient MHC allowing myofiber
growth during regeneration. To further assess
muscle regeneration efficiency, we also quantified
the cross-sectional area of regenerating muscle
fibers (fibers with centralized nuclei). At 7dpi,
WISP1 treated muscles presented significantly
fewer small regenerating fibers (<600μm2) and
more fibers above 1000μm2, demonstrating that
WISP1 enhanced regeneration by accelerating
the functional recovery of myofiber size (Fig. 6e).

Interestingly, we observed that WISP1
expression was further enhanced in old
regenerating muscles treated with WISP1,
potentially revealing a positive-feedback
regulation loop in muscle (Fig. 6f). In addition,
because WISP1 is predominantly expressed by
activated FAPs, we evaluated PDGFRα
expression by qPCR, and observed a significantly
stronger upregulation of this FAP-specific marker
at 3dpi, suggesting that WISP1 treatment might
also regulate FAP activity upon injury in an
autocrine manner. Altogether, we demonstrated
that WISP1 production by aged FAPs is impaired
during muscle regeneration and that restoring

WISP1 therapeutically enhances old satellite cell
function and ameliorates muscle regeneration in
old mice.

DISCUSSION

Aging leads to depletion of the satellite cell
pool and loss of muscle regenerative function,
both in mice and humans [1, 3, 4]. Extensive
efforts have been done to understand the
causative factors, either cell-autonomous or
originating from the satellite cell environment,
driving satellite cell dysfunction with age [8-14,
46]. How the cross-talk between satellite cells and
other niche-resident cells changes with age is,
however, more elusive.

Muscle regeneration relies on a
succession of fine-tuned biological interventions
and events, each of which pave the way to satellite
cell myogenic commitment in a regulated kinetic
manner [21]. In particular, timing of immune cells
infiltration to the site of injury, such as neutrophils,
pro-inflammatory and anti-inflammatory
macrophages, followed by regulatory lymphocytes
T (Treg) is critical for cleaning cellular debris and
regulating satellite cell commitment [47].
Extracellular matrix remodeling is also critical to
ensure the repair of muscle architecture, provide
to satellite cells structural support and serve as
signaling cues [48-50]. FAP cross-talk between
satellite cells is today, unequivocal, but the
mechanisms of their myogenic support function (in
particular their effect on satellite cell proliferation
or differentiation) is still debated [25, 30, 31]. In this
study, our results suggested that FAPs action was
performed in a time-dependent manner. We found
that quiescent-like FAPs are enriched in
extracellular matrix molecules and support
satellite cells attachment at early time points.
Later, FAPs cross-talked with satellite cells in a
paracrine way to enhance the number of
differentiated cells. While old muscles present
increased infiltration of macrophages in non-
injured states [19], damage-induced recruitment of
inflammatory cells is delayed [51, 52]. Similarly,
fibrosis is increased in old mice leading to
alteration of muscle mechanical properties [53,
54]; but, little is known about age-related changes
of the fate of fibroblasts or mesenchymal cells,
including FAPs, during muscle regeneration. We
had previously demonstrated that muscle
regeneration is accompanied by a transient
ectopic adipogenesis suggesting that adipocytes
formation is a hallmark of muscle repair [33]. It has
been reported that ectopic adipogenesis could be
stronger in old animals during muscle
regeneration [27, 55]. Using two independent
mouse cohorts and two quantification methods,
we actually demonstrated that young mice with
more efficient muscle repair, activate stronger



ectopic adipogenesis than old mice during muscle
regeneration. While this apparent controversy
could arise from the different models of injury
(CTX vs. glycerol) as well as the age of old mice
analyzed, it is actually likely that altered ectopic
adipogenesis at late time points could be a
remnant mark of perturbed FAP function in the first
days following muscle injury. Supporting this point,
hindlimb-unloading during muscle regeneration
has recently been reported to alter muscle
regeneration and abolish ectopic adipogenesis
[56]. Interestingly, decreased adipogenesis was
accompanied by reduced expression of PDGFRα,
also suggesting decreased FAP activity in this
model of regenerative failure associated to
unloading. Similarly, preventing FAP expansion
upon damage using nilotinib treatment lead to
impaired muscle regeneration [30]. Coinciding
with the reduced ectopic adipogenesis and
regeneration we observed in old mice, our results
revealed for the first time that aged FAPs present
cell-autonomous proliferation and adipogenic
impairments, together with decreased capacities
to support satellite cell function ex vivo. FAPs fail
to produce IL-33 during aging, and thus recruit Treg
at the site of injury, leading to reduced muscle
repair efficiency [51].

We discovered that FAPs secrete the
Wnt1 signaling pathway protein 1 (WISP1) upon
activation and that the induction of WISP-1 is
blunted with age. Similarly, old muscles failed to
upregulate WISP1 at early time points upon
muscle damage. WISP1 is part of the CCN family
that have been involved in tissue repair [57]. In
particular, WISP1 expression has been shown to
be elevated after cardiac ischemia [58], damage
of lung epithelium [59], bone fracture [39, 60] and
upon oxidative stress of neuronal tissue [61, 62].
WISP1 can signal directly on satellite cells to
improve both their adhesion/survival and
proliferation, the latter being dramatically reduced
with age [6, 7, 63]. The role of WISP1 on cell
adhesion, survival and proliferation is also
important in other biological settings such as
cancer, bone, neuronal and cardio-vascular
systems [38, 64, 65]. Similar to our findings,
WISP1 has also been reported as a signaling
factor allowing paracrine cross-communication
[66, 67]. Although the mechanisms underlying
WISP-1 rescue of old satellite cell function remain
to be uncovered, it is possible that WISP1 acts
both in a satellite cell autonomous way by
potentiating other local signals from the niche.
CCN proteins possess four conserved functional
domains through which they act as co-factors for
the extracellular matrix, growth factors and
cytokines [38]. In addition to possessing
proliferative effects on their own, CCN proteins
bind to and enhance the signaling of growth
factors such as VEGF, FGF and PDGF [68, 69],

which are known to promote satellite cell function
and to influence muscle regeneration [13, 23, 70,
71]. Interestingly, some CCN proteins have been
shown to interact with integrins ανβ3, α6β1 via
their cysteine-rich domains [72-75], and integrin
β1 activity is critical for satellite cell function, and
is deregulated during aging [20]. The capacity of
some CCN proteins to bind fibronectin [76] and the
importance of fibronectin for satellite cell
adhesion, survival and signaling [7, 24] suggests
that WISP1 could integrate interactions between
satellite cells and the extra-cellular matrix in the
muscle stem cell niche.

Taken together, we revealed important
age-related dysfunction of FAPs leading to
decreased support to satellite cells. We
discovered WISP1 as a FAP-secreted molecule
involved in the cross-talk with satellite cells that is
lost in the muscle niche after injury. WISP1 has a
strong therapeutic potential as it rescues defective
adhesion and proliferation properties of old
satellite cells ex vivo, and ameliorates muscle
regeneration in vivo. Our work establishes that
targeting the cellular cross-talk between FAPs and
satellite cells is a promising approach to
ameliorate muscle repair in elderly.
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MATERIEL & METHODS

Animals. All animals were housed under standard
conditions and allowed access to food and water ad
libitum. All mice were of C57BL/6JRj (Janvier) was
used. Young male mice were between 9-13 weeks old
and aged male mice were ≥20 month. Heterozygote
ROSAnT-nG (B6;129S6-Gt(ROSA)26Sortm4(CAG-tdTomato*,-

EGFP*)Ees/J), hereafter called Td-Tomato mice were
purchased from Jackson Labs and used for isolation of



satellite cells bearing a nuclear TdTomato fluorescent
marker [35]. Muscle regeneration was induced by
intramuscular injections of 50μl of 50% v/v glycerol into
tibialis anterior (TA) muscles. Mice were sacrificed 3, 7
or 14 days post-injury (dpi) and regenerating TA
muscles were analyzed at the molecular and
histological levels. For young and old WT animals,
control groups were non-injured animals. For isolation
of muscle progenitors, tibialis anterior, gastrocnemius
and quadriceps muscles were intramuscularly injected
with 50μl, 50μl and 100μl of 50% v/v glycerol,
respectively. Mice were sacrificed at 3 dpi, and muscles
were processed for cell isolation by flow-cytometry. For
in vivo WISP1 treatment, 1mg/kg/day of mouse
recombinant WISP1 protein (R&D # 1680-WS) was
injected intra-peritoneal daily after muscle injury.
Control mice were injected with the corresponding
volume of PBS. WISTAR rats were purchased from
Janvier, sacrificed at 8, 18 or 24 month-old and serum
was collected.

Mouse progenitor isolation. For isolation of cell
populations, muscles were collected uninjured or 3 days
after glycerol injection and digested with Dispase II (2.5
U/ml) (Roche), Collagenase B (0.2%) (Roche) and
MgCl2 (5 mM) at 37 °C. Cells were then incubated at 4
°C for 30 min with antibodies against CD45 (Invitrogen,
MCD4501 or MCD4528; dilution for both 1/25), CD31
(Invitrogen, RM5201 or RM5228; dilution for both 1/25),
CD11b (Invitrogen, RM2801 or RM2828; dilution for
both 1/25), CD34 (BD Biosciences, 560230 or 560238;
dilution for both 1/60), Ly-6A–Ly-6E (Sca1) (BD
Biosciences, 561021; dilution 1/150), α7-integrin (R&D,
FAB3518N; dilution 1/30) and CD140a (eBioscience,
12–1401–81 or 17–1401–81; dilution for both 1/30).
Antibody validation is provided on the manufacturer’s
website. FACS isolation was performed on a Beckman
Coulter Astrios Cell sorter. Satellite cells (SATs) were
isolated by flow-cytometry as: CD31-/CD11b-/CD45-

/Sca1-/CD34+/Integrin α7+. Fibro/Adipogenic
progenitors (FAPs) were isolated as: CD31-/CD11b-

/CD45-/Sca1+/CD34+/PDGFRα+. Lineage positive cells
(Lin+) were isolated as: CD31+/CD11b+/CD45+. CD31-

/CD11b-/CD45-/Sca1+/CD34+/PDGFRα- cells were also
collected and named PDGFRα- cells.

Cell quantification in muscle tissue. Tibialis anterior
muscles from young and old mice were collected
uninjured, and processed for flow-cytometry as
described above. Cell suspension was analyzed by
flow-cytometry together with an equal volume of
Beckman Coulter FlowCount fluorosphere beads
containing precisely 978 beads/ μl, and satellite cells
and FAPs were counted by analyzer and normalized to
cell suspension volume.

Slow off-rate modified aptamer assay. Muscle
samples were pulverized using the cryoPREP impactor
system (Covaris). The muscle powder was then
subjected to mechanical lysis using a Polytron
homogenizer and proteins were extracted in 50 mM Tris
(pH 7.5), 150 mM NaCl, 50 mM NaF, 1 mM EDTA, 0.5%
TritonX. Protein concentration was determined by a
BCA assay and samples were diluted at 250ug/mL. Rat
serum and mouse protein extracts were analyzed using
DNA aptamer+based recognition on the SOMAscan
platform (Somalogic, Boulder, CO, USA), as described

previously [36]. Median normalized relative
fluorescence units (RFU) were log2 transformed before
applying principal component analysis and linear
models. Statistical analyses were performed in R 3.1.3.

Quantitative PCR. RNA was extracted from frozen
muscles or freshly sorted cells using miRNeasy Mini Kit
or RNeasy Micro Kit (Qiagen), respectively. RNA
samples were subjected to reverse transcription using
random primers (High Capacity cDNA Reverse
Transcription Kit, ABI). Quantitative PCR on full muscle
was performed using the SybR Green I master kit
(Roche) on a LightCycler 480. Reference genes
(ATP5b, EIF2a and PSMB4) were selected based on
their stability across timepoints of regeneration from
micro-array data. qPCR probes were designed as
follows : ATP5b forward:
ACCTCGGTGCAGGCTATCTA, ATP5b reverse:
AATAGCCCGGGACAACACAG; EIF2a forward:
CACGGTGCTTCCCAGAGAAT, EIF2a reverse:
TGCAGTAGTCCCTTGTTAGCG; PSMB4 forward:
GCGAGTCAACGACAGCACTA, PSMB4 reverse:
TCATCAATCACCATCTGGCCG; Pax7 forward:
AAGTTCGGGAAGAAAGAGGACGAC, Pax7 reverse:
GAGGTCGGGTTCTGATTCCACATC; MyoD forward:
GCAGATGCACCACCAGAGTC, MyoD reverse:
GCACCTGATAAATCGCATTGG;  Myog forward: xxxx
GTGCCCAGTGAATGCAACTC, Myog reverse:
CGCGAGCAAATGATCTCCTG;   Myh3 forward:
ACAGTCAGAGGTGTGACTCAGC, Myh3 reverse:
TCCGACTTGCGGAGGAAAG;  WISP1 forward:
CAGTGAGCCCAAGAGTCAGG, WISP1 reverse:
TCGTCTCTGTCAGCTTGCAC;    PDGFR forward:
AGTGGCTACATCATCCCCCT, PDGFR reverse:
CCGAAGTCTGTGAGCTGTGT. Quantitative PCR on
isolated progenitors was performed using Taqman
probes (ABI) in SybR Green I master mix (Roche) on a
LightCycler 480. Reference genes (Ap1m1 and Ywhaq)
were selected based on their stability across cell types
and states from micro-array data. The Taqman probes
used were: mWISP1 (ThermoFisher Scientific,
Mm01200484_m1, #4331182), mAp1m1
(ThermoFisher Scientific, Mm00475912_m1,
#4448489) and mYwhaq (ThermoFisher Scientific,
Mm01231061_g1, #4448489).

Cell culture. Satellite cells and FAPs were isolated
using a Beckman/Coulter Astrios Cell sorter, and were
distributed into 96 well plates. Freshly sorted cells were
grown in 20mM glucose DMEM, 20% heat-inactivated
FBS, 10% inactivated horse serum, 2.5ng/ml bFGF
(Invitrogen), 1% P/S + 1% L+-Glutamine, 1% Na-
pyruvate (Invitrogen). For satellite cell activation
experiments, 1μM EdU was added to the medium
directly after cell sorting, and cells were let to activate
for 36h. For satellite cell proliferation, 1μM EdU was
added in the medium the third day after sorting for 2-5h.
Satellite cell differentiation was induced after four days
of growth, by switching to differentiation medium (20mM
glucose DMEM, 5% inactivated horse serum, 1% P/S)
for 2 days. FAPs were either let to spontaneously
differentiate for 13 days in growth medium, or switched
to adipogenic differentiation medium on the sixth day for
another seven days (20mM glucose DMEM, 20% heat-
inactivated FBS, 1% P/S, 0,25μM dexamethasone,
1μg/ml insulin, 5μM troglitazone, 0.5mM
isobutylmethylxanthine). To assess fibrogenic capacity,



FAPs were grown for 6 days in growth medium. For co-
cultures, the same number of satellite cells and
FAPs/satellite cells were seeded in wells. When
conditioned medium was used, all cells were freshly
isolated the same day, and transfer of conditioned
medium to satellite cells was performed after 1 day, then
daily during the entire protocol. Human Skeletal Muscle
Myoblasts were purchased from Lonza. HSMM cells
were seeded at 2000 cells / well in 96 well-plates, and
grown in HSMM Amsbio growing medium during 3 days
for proliferation assays. For differentiation assays,
HSMM cells were seeded at 30000 cells / well in 96 well-
plates, and switched to differentiation medium the
following day (DMEM-F12, 2% inactivated FBS, 1%
P/S) during 2 days. Cells were treated with WISP1 by
adding of mouse (R&D # 1680-WS) or human
(Peprotech #120-18) recombinant WISP1 protein in the
medium, and medium was changed daily.

Immunohistochemistry and image analysis. TA
muscles were frozen in isopentane cooled with liquid
nitrogen, and further sectioned at 10μm on a cryostat
Hematoxylin and Eosine (H&E) staining was performed
by placing the dried slides in Harris-hematoxylin during
1 min, followed by differentiation in 1% acid-alcohol and
washing, and 1min bath in eosine-phloxine (10g/L). Oil-
Red-O staining was performed on air-dried slides by
incubating them in 50% ethanol during 30min, followed
by 15min incubation in 2.5g/L oil-red-O solution in 70%
ethanol, 1 minute washing in 50% ethanol then water;
and slides were counterstained with Mayer’s
hematoxylin. For laminin-eMHC immunostaining,
cryosections were allowed to dry during 10 minutes and
blocked for 45 minutes at room temperature in the
blocking solution (PBS, 4% BSA, 1% FBS).
Cryosections were stained during 3 hours at room
temperature using monoclonal anti-laminin antibody
produced in rabbit (Sigma-Aldrich #L9393) and anti-
eMHC produced in mouse (DSHB #F1.652) diluted at
1/100 and 1/500 in the blocking solution, respectively.
For perilipin staining, sections were fixed during 10
minutes with PFA 4%, permeabilized during 10 minutes
in PBTX 0,5%, blocked in PBS, 4% Goat-serum. A
rabbit polyclonal anti-mouse perilipin antibody (Sigma
#P1873) and a chicken polyclonal anti-human laminin
antibody (Life Span Bioscience #LC-C96142-100) were
then incubated on the sections during 3h at room
temperature, diluted 1/300 and 1/200 in the blocking
solution, respectively. Slides were then incubated
during 1 hour at room temperature with secondary
antibodies and counterstained with Hoechst 33342. For
Pax7 and MyoD stainings, sections stained using an in-
house optimized protocol on a Ventana slide stainer
(Roche). Briefly, slides were fixed with PFA 4% during
8 minutes at 35°C, and permeabilized in PBTX 0,5% at
room temperature for 10 minutes. Antigen retrieval was
performed with two successive incubations of 4 minutes
at 95°C in citric acid 0.01M, and sections were further
blocked in PBS, 4% BSA, followed by 30 minutes
blocking with a goat-anti-mouse FAB diluted 1/100
(Jackson #115-007-003). Mouse anti-mouse Pax7
(DHSB, purified), rabbit-anti mouse MyoD (Santa-Cruz
#sc-304) and chicken anti-human laminin (Life Span
Bioscience #LC-C96142-100) antibodies were then
incubated at 2.5 μg/ml, 1/100 and 1/200 in blocking
solution, respectively. Pax7 signal was further amplified
using a goat-anti mouse IgM1-biotin (Jackson) followed

by a streptavidin treatment, together with other
secondary antibodies and Hoechst counterstain.
Stained tissues were photographed using Olympus
VS120 Virtual Microscopy Slide Scanning System and
analyzed using the VS-ASW FL software measurement
tools. The number of Pax7- and MyoD-positive cells was
determined manually by counting of immunostainings in
muscle sections in five random areas of the injured
region, and the area covered by eMHC-positive fibers
and degenerated area was determined manually across
the entire sections. The size of myofibers with central
nuclei was calculated from laminin/DAPI stainings on all
fibers of the section, and Oil-Red-O positive structures
segmentation and area determination were performed
across the entire sections, using an automated image
processing algorithm developed internally using the
MetaXpress software (Molecular Devices).

Immunocytochemistry and image analysis. EdU
incorporation was revealed using the Click-iT assay
(Molecular Probes) according to manufacturer’s
instruction. Briefly, cells were fixed during 15 minutes in
4% PFA, permeabilized during 20 minutes in PBTX
0.5%, stained with the Click+-iT reaction mix and
counterstained with DAPI. For MHC staining, cells were
fixed during 10 minutes in 4% PFA, permeabilized using
cold EtOH/MetOH (v/v) during 5 min, incubated during
1h with the primary antibody anti-MHC 1/200 (Millipore
clone A4.1025) in PBS, 1% Horse Serum at room
temperature, and incubated during 30 min with the
secondary antibody Alexa488 anti-mouse IgG diluted at
1/1000 (Life Tech. A-10680) and Hoeschst 33342 in
PBS, 1% Horse Serum at room temperature. Fusion
index was determined as the percentage of nuclei
located within MHC positive fibers; and when indicated,
the total number of nuclei located within MHC positive
fibers is also reported. For Pax7 and MyoD
immunostaining, cells were blocked for 1–2 h in 5% goat
serum, 1% BSA and 0.2% PBTX, before incubation with
primary mouse anti-mouse Pax7 (DHSB, purified, 2.5
μg/ml), rabbit-anti mouse MyoD antibody (Santa-Cruz
#sc-304, 1/100)) and secondary antibodies. For α-SMA
staining, FAPs were fixed and permeabilized, blocked in
PBS, 5% GS, 1% BSA, and incubated with a mouse
IgG2a anti-mouse α-smooth muscle actin antibody
(#Sigma A5228, 1/150). For adipogenic differentiation,
cells were fixed for 10 minutes in PFA 4%, then
incubated with Bodipy 493/503 (LifeTechnologies)
(1/1000 of the 1mg/ml stock solution of bodipy in
ethanol), and counterstained with Hoechst 33342.
Image acquisition was performed using the
ImageXpress (Molecular Devices) platform.
Quantifications were done using the MetaXpress
software.

Microarrays. For isolation of RNA from freshly sorted
activated MuSCs and FAPs, the RNeasy Micro Kit
(Qiagen) was used. RNA samples were then subjected
to 3’ microarray analysis on Illumina MouseRef–8_V2
chips. 3 ng of total RNA were used to produce cRNA in
a two-round amplification protocol, using first
Messageamp II aRNA amplification kit (AM1751, Life
Technologies, Inc.) followed by Messageamp II–biotin
enhanced aRNA amplification kit (AM1791, Life
Technologies, Inc.). 750 ng of cRNA were hybridized for
16 h at 55 °C on Illumina MouseRef–8 v2 microarrays.
Quality of total RNA was checked by using the



Bioanalyzer 2100 with Total RNA Pico kit, and quality of
cRNA was checked by using the Bioanalyzer 2100 with
the Total RNA Nano kit (Agilent Technologies).
Quantifications were done using the Quant-iT
RiboGreen RNA Assay Kit (Life Technologies, Inc.).

Transcriptomic analysis. Illumina expression signals
were quantile-normalized. We applied a nonspecific
filter to discard probe sets with low variability and
retained 12,848 Illumina probe sets whose s.d. was
greater than the median of the s.d. of all of the probe
sets. For differential expression analysis and pathway
analyses, genes (represented by probe sets) were
tested for differential expression using the moderated t-
statistic as implemented in LIMMA44 for both data sets.
Venn diagrams where built from DE genes
(http://www.cmbi.ru.nl/cdd/biovenn/index.php) (Hulsen
et al., 2008). We used the Pantherdb platform to identify
protein classes (signaling molecules) within lists of DE
genes (http://pantherdb.org/).

Statistical analysis. All wild-type mice were
randomized according to body weight before
interventions. Sample size determination was based on
the expected effect size and variability that was
previously observed for similar readouts in the
investigators’ labs. In vivo treatments were not blinded,
but imaging readouts were analyzed in a blinded

manner. Genome-wide statistical analyses and
Kolmogorov–Smirnov tests were performed using R
version 3.1.3 and relevant Bioconductor packages as
described in the sections above. GO terms were tested
on genes differentially expressed in the indicated
conditions as: adj.p < 0.05. Genes upregulated during
FAP activation were filtered as: adj. p-value<0.001,
Fold-change>2. Genes differentially upregulated in
FAPs during activation with age were filtered as: adj. p-
value [Activation young] < 0.001, Fold-change
[Activation young] > 2; adj. p-value [interaction:
Activation*Age] < 0.25; adj. p-value [old activated FAPs
vs. young activated FAPs] < 0.1. All other statistical
analyses were performed using GraphPad Prism
(GraphPad Software) assuming normal distribution of
the variables measured. Statistical significance for
binary comparisons was assessed by a Student’s t-test
after checking that variances do not differ between
groups or by a Welch correction when variances differed
between groups. All exploratory and signaling
experiments were analyzed by using two-tailed tests,
and in vitro phenotypic analysis experiments of young
and old wild-type SATs and FAPs were tested using a
one-tailed test. For comparison of more than two
groups, one-way or two-way ANOVAs were used,
according to the experimental design, and followed by
Bonferroni multiple-comparison testing. All data are
expressed as mean + s.e.m.







Supplementary figure 1. Spontaneous adipogenic differentiation capacity of young and old FAPs in growth
medium. n = 3, p: p-value.

Supplementary figure 2. Satellite cells were freshly isolated from young Td-Tomato+ (Td+) non-injured muscles
and seeded alone or together with freshly isolated wild-type (WT) FAPs or satellite cells. (a) Quantification of
activated Td+ satellite cells assessed by the incorporation of EdU 36h after seeding. (b) Proliferation capacities of
Td+ satellite cells 3 days after seeding assessed by the total number of cells. (c) Differentiation capacities of Td+

satellite cells assessed by fusion index. n=3.



Supplementary figure 3. Heatmap of genes of the gene ontology (GO) term “Extracellular matrix” significantly
regulated in young quiescent FAPs vs. SATs. Y = young, Q = quiescent, F = FAPs, S = Satellite cells.



Supplementary figure 4. (a) WISP1 expression in freshly isolated cells, assessed by qPCR. Satellite cells, FAPs,
Lineage cells (Lin+) (CD31+/CD11b+/CD45+); and PDGFRα- cells (CD31-/CD11b-/CD45-/Sca1+/CD34+/PDGFRα-)
were isolated from young (Y) and old (O) mice, either from uninjured muscles (quiescent cells, or Q) or 3 days after
muscle injury (activated cells, or A). Data are normalized to YQ SATs; *: p-value vs. young quiescent respective
cell type < 0.05, **: p-value vs. young quiescent respective cell type < 0.01, ***: p-value vs. young quiescent
respective cell type < 0.001; ###: p-value old vs. young activated respective cell type < 0.001, n>4. (b) WISP1
expression in uninjured TA muscles of young and old mice. Data are normalized to young non-injured muscles
(control), ***: p-value vs. young < 0.001, n=8. (c) WISP1 protein level in rat serums measured using aptamer-based
detection. **: p-value vs. 8 month-old rats < 0.01, ***: p-value vs. 8 month-old rats < 0.001, n>9 rats per group.



Supplementary table 1. Top Gene Ontology (GO) terms of genes regulated in FAPs vs. SATs.

Supplementary table 2. Top Gene Ontology (GO) terms of genes regulated in quiescent FAPs with age.



Supplementary table 3. Identification of genes both significantly regulated in Old activated FAPs vs. Young
activated FAPs and significantly upregulated with activation in young FAPs: adj. p-value [Activation young] < 0.001,
Fold-change [Activation young] > 2; adj. p-value [interaction: Activation*Age] < 0.25; adj. p-value [old activated
FAPs vs. young activated FAPs] < 0.1. Y = young, O = Old, Q = quiescent, A =activated, F = FAPs, FC = fold-
change.
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Sarcopenia is the progressive loss of skeletal muscle mass and function with age, and is 
considered as the main driver of loss of autonomy in the elderly. It has become essential to 
identify the molecular, cellular and endocrine perturbations leading to sarcopenia and potentially 
serving as targets to develop therapeutic interventions. In this study, we identified that the 
circulating peptide apelin is secreted by skeletal muscle in response to exercise and lost during 
aging. Apelin levels and upregulation upon muscle contraction were reduced in aged mice and 
sarcopenic patients. Apelin knock-out mice early lost muscle mass and developed sarcopenia 
prematurely. Apelin supplementation successfully rescued loss of muscle mass and function of 
old mice in an AMPK-dependent manner. In addition, apelin treatment also boosted muscle stem 
cell function and resulted in enhanced regenerative capacities of old mice. Altogether, our work 
establishes that apelin is as a novel biomarker of muscle function and exercise success in 
elderly people, and a promising preventive and therapeutic strategy against sarcopenia. 
 
 

Preserving independence and physical 
function of the aged population not only preserves 
the lifestyle of elderly people but also considerably 
reduces the direct and indirect healthcare costs 
linked to dependence [1]. Indeed, low muscle 
mass and strength in the elderly, termed 
sarcopenia, contributes to the progressive loss of 
autonomy and is tightly correlated with the 
development of other age-associated pathologies 
such as osteoporosis, heart failure or cognitive 
diseases [2-4]. Consequently, age-associated 
loss of mobility and locomotion can be considered 
as one of the most powerful predictive factors for 
the frailty-dependence transition and mortality [5, 
6]. Pharmacological strategies to treat muscle 
wasting have been proposed, essentially by 
hormonal therapy (such as testosterone, growth 
hormone and DHEA) but resulted in disappointing 
effects since most of the treatments exhibited 
important side effects without gain of strength [7]. 
Conversely, by alternatively activating both 
myofiber metabolism and satellite cell activation, 

physical exercise emerges as the most interesting 
strategy to counteract age-associated muscle 
atrophy. However, implementation as a standard 
of care remains challenging in the elderly 
population because of poor compliance [8]. 
Among the different mechanisms leading to 
sarcopenia, loss of the metabolic capacities of 
muscle fibers, and particularly mitochondrial 
alterations, promotes muscle wasting by different 
molecular pathways such as lack of energy 
supply, decreased proteostasis or radical oxygen 
species production [9]. Weakened muscle function 
in elderly people is exacerbated by the inefficient 
repair of damaged fibers upon muscle injuries 
induced by trauma or falls.  This decreased 
regenerative capacity of aged muscle results from 
loss of the number and function of satellite cells, 
the muscle stem cells [10-13]. Although age
related muscle loss is inevitable, it is critical to 
develop therapies and/or interventions that could 
prevent or reverse loss of skeletal muscle and 
satellite cell function.  



In this context, we identified apelin, a 13 
to 36 amino acid peptide, as an exercise-induced 
myokine that triggers both muscle fiber 
metabolism and satellite cell activation during 
aging. The apelin receptor APJ is a G-protein 
coupled receptor that couples to G i [14], and  
apelin promotes beneficial physiological functions  
on vasodilatation, cardiomyocyte contraction, 
angiogenesis and neuropreotection [15-20]. 
Metabolic properties of apelin have also been 
described in the context of insulin resistance. By 
stimulation of AMPK and Akt downstream its 
receptor APJ in muscle cell, apelin increases 
mitochondrial function and biogenesis and thereby 
prevents obesity and diabetes [21-23]. We report 
that apelin is produced by skeletal muscle in the 
context of exercise-associated contraction both in 
pre-clinical models and humans. Chronic 
treatment of aged mice with apelin or viral 
overexpression of apelin in muscle induces 
myofiber hypertrophy and improves muscle 
strength and function by enhancing mitochondrial 
metabolism and restoring satellite cell function.  
 
 
RESULTS 
 
The production of apelin by skeletal muscle in 
response to physical activity is blunted during 
aging. 

In order to evaluate whether apelin could 
be linked to physical decline in the elderly, we first 
measured circulating levels of the apelin peptide 
in a human cohort of elderly sarcopenic women 
[24]. Age-associated loss of skeletal muscle 
evaluated by appendicular lean mass 
measurement by DXA was associated to a robust 
decrease in plasma apelin levels (Fig. 1a). 
Compared to other cytokines or hormones (leptin, 
insulin, IL6, IL8, Ngf, MCP-1), the decrease of 
plasma apelin was specifically associated to 
sarcopenia independently of weight and fat mass. 
Similarly, in a mouse model of aging, plasma 
apelin levels were progressively reduced with age 
and associated with a loss of apelin mRNA 
expression specifically in skeletal muscle (Fig. 1b 
and 1c). Age-associated loss of apelin was 
confirmed and specifically demonstrated in 
isolated mouse muscle fibers by mRNA 
expression and anti-apelin immunofluorescence 
labeling (Fig. 1d and 1e, respectively). Apelin 
induces an auto-regulatory positive feedback loop 
on the expression of its receptor APJ. 
Consequently, we also observed a down-
regulation of APJ expression in muscle fibers from 
aged mice (supplemental S1a). The loss of apelin 
production fromaged muscle was also confirmed 
in the context of human biology by demonstrating 
that myotubes differentiated from an aged donor 
showed both lower apelin mRNA expression and 

lower apelin release in the medium (Fig. 1f and 
supplemental S1b). Altogether, these data 
highlight the relationship between aging and 
skeletal muscle apelin production and led us to 
investigate the regulatory processes controlling 
muscle apelin production.  

As we previously identified physical 
exercise as a potential enhancer of muscle apelin 
production in obese people [22], we first measured 
apelin production in human muscle cells 
stimulated by forskolin (Fig. 1g) or by electric 
stimulation (Fig. 1h) in order to mimic the effects 
of muscle contraction in vitro. Apelin secretion in 
culture media was significantly increased after 
short-term forskolin treatment (20 minutes) or 
electric contraction in human cells from young 
donors (Fig. 1g-h black bars), whereas this 
regulation was dramatically altered with age (Fig. 
1g-h, white bars). We confirmed a dramatic age-
dependent decrease of muscle apelin release in 
bloodstream after contraction in vivo by evaluating 
apelin arteriovenous difference following sciatic 
nerve stimulation-induced muscle contraction in 
aged mice (Fig.1i, hatched bars). Along the same 
line, middle aged and aged mice failed to increase 
plasma apelin levels during acute physical 
exercise (Fig. 1j).  However, a four-weeks training 
(30 min of treadmill running/day) enhanced 
muscle apelin expression (Fig. 1l) and 
consequently increased plasma apelin (Fig. 1k) in 
an age-dependent manner, suggesting that loss of 
exercise-induced muscle apelin production is 
reversible at middle age but lost in the elderly. 
Similarly, 5 day-chronic forskolin treatment 
induced an age-dependent rescue of apelin 
expression in young and aged-donor myotubes 
(Fig. 1m). Finally, the link between apelin and 
muscle utilization/contraction has been definitively 
demonstrated by the inhibition of apelin 
expression in skeletal muscle of young mice 
immobilized during 14 days (Fig. 1n). Altogether, 
these results demonstrate that apelin is produced 
locally in skeletal muscle in response to exercise 
and lost during aging.  
 
Apelin/APJ deficiency dramatically 
accelerates muscle ageing 

The age-related loss of apelin production 
in muscle led us to investigate whether apelin is 
necessary and sufficient to maintain muscle mass 
and function during aging. Apelin deficient mice 
(apln-/-) died prematurely (supplemental S2a, red 
curve) compared to wild type mice, which drove us 
to perform experiments with 12-month-old mice. 
Lack of apelin induced a decrease of lean tissue 
mass specifically associated with a reduction of 
skeletal muscle mass and muscle fiber diameter 
(Fig.  2a-c, red bars), without affecting other 
tissues such as the heart. Moreover, apelin 
deficiency affects muscle fiber size without 



distinction of fiber type (Fig.  2c). To appreciate 
the consequence of such an alteration on muscle 
function, we measured the strength developed by 
plantaris or tibialis anterior muscles after tetanic 
sciatic nerve electrical-stimulation in anesthetized 
mice. Both muscles displayed reduced contractile 
capacity (7 to 12 %) in apelin deficient mice (Fig. 
2d-e). Similarly, in vivo experiments demonstrated 
that apln-/- mice have lower grip strength than WT 
controls, as well as declined resistance and 

endurance running capacities (Fig. 2f-h). 
Furthermore, we also confirmed the crucial role of 
apelin in muscle physiology during aging by 
targeting APJ, the apelin receptor (Fig. 2b, f, g 
and h, orange bars). APJ knock-out mice are 
embryonic lethal [25], but APJ heterozygous 
knock-outs (APJ+/-) had decreased muscle mass 
with normal heart mass (Fig. 2b, orange). 
Contrary to apelin deficient mice, resistance 
exercise capacities were not altered by deletion of 

Figure 1: Apelin is an exercise-induced myokines that is lost with age. (a) Apelinemia measured in plasma 
of elderly people affected (n=28) or not (n=22) by sarcopenia. (b) Apelinemia measured in plasma of 3, 12 and 24 
month-old mice. n=10. (c) Apelin expression in different tissues of 3 month-old (black bars, n=5) and 12 month-
old (grey bars, n=6) mice. Gastroc. = gastrocnemius, quadri = quadriceps, adipose = adipose tissue. (d) Apelin 
expression in fibers isolated from EDL of 3, 12, and 24-month-old mice. (e) Apelin (green) / Nuclei (blue) staining 
of EDL-isolated fibers (top), and quantification of fluorescence intensity (bottom). n=4 in average. (f) mRNA Apelin 
expression in fibers 14 days after induction of differentiation human myoblasts from young (19 year-old) and old 
(79 year-old) donors. (g) Apelin concentration in medium of fibers differentiated from young and old human 
myoblasts after 30 minutes acute stimulation by forskolin. (h) Apelin concentration in medium of fibers 
differentiated from young and old human myoblasts after 5, 10, 30 or 60 minutes (min.) of electrical stimulation 
(30V, 0,1mA). (i) Differential measurement of apelin concentration in plasma collected from carotid artery and 
femoral vein of 3, 12 or 24 month-old mice in resting condition (plain bars) or after sciatic nerve electrical stimulation 
(hatched bars). (j) Relative plasma apelin concentration in 3, 12 or 24 month-old mice subjected to acute exercise 
at 70% of the VO2 max., at baseline, or after 30, 60 or 120 min. of exercise. n=4. (k-l) Relative plasma apelin 
concentration (k) or full muscle apelin mRNA levels(l) in 3, 12 or 24 month-old mice subjected subjected (ex.) or 
not (rest) to 28-days exercise program (1 hour running on treadmill with 10% positive inclination, 6 days a week). 
(m) Apelin concentration in medium of fibers differentiated from young and old human myoblasts after 24 hours 
long term stimulation by forskolin. n=4. (n) mRNA expression in soleus muscles of young mice immobilized during 
15 days. n=4.  



one APJ allele, whereas strength and endurance 
were both significantly decreased in APJ+/- mice 
(Fig. 2f-h). Taken together, these results 
demonstrate that apelin and its receptor are 
necessary for maintaining muscle mass and 
function during aging.  

Previous mechanistic studies from our 
group and others have demonstrated that apelin 
enhances muscle mitochondrial function in the 
context of obesity [21]. To test whether loss of 
apelin could induce sarcopenia by altering 
mitochondria, we analyzed mitochondrial shape, 
quantity and function in apelin deficient mice (Fig. 
2i- m). Intramyofibrillar mitochondria number was 
reduced in apelin-/- mice (Fig. 2i-k) and was 
accompanied with an accumulation of 
mitchondrial inclusions (Fig. 2i, white arrows). 
Interestingly, mitochondrial activities such as 
citrate synthase or aconitase were also 
dramatically reduced (Fig. 2m, l). Together with 
reduced PGC1  expression in the muscle of 
apelin KO mice (supplemental S2b), these 
results strongly suggest that apelin participates to 
mitochondriogenesis. Altogether, these results 

demonstrate that loss of apelin is sufficient to 
induce sarcopenia and that altered muscle apelin 
production during aging could be a direct cause of 
age-associated muscle weakness. 

 
Apelin supplementation reverses age-
associated sarcopenia 

As plasma and muscle apelin levels 
progressively decline with age, we tested whether 
restoring apelin levels in aged mice through 
systemic pharmacological supplementation or 
genetic AAV-mediated muscle over-expression is 
sufficient to prevent or rescue sarcopenia. Middle-
aged and aged mice were treated by daily 
intraperitonally of the apelin 13 peptide at 0.5 
umol/kg/d during 28 days. Apelin-treatment 
significantly enhanced plantaris and tibialis 
anterior muscle mass (Fig. 3a-b; hatched bars), 
and the cross sectional areas of plantaris muscle 
fibers (Fig. 3c; hatched bars) both in middle-aged 
and aged mice. Additionally, pharmacological 
apelin treatment induced plantaris fiber 
hypertrophy as demonstrated by the shift of fiber 
diameter distribution obtained in aged mice (Fig. 

Figure 2: Apelin/APJ signaling deficiency leads to premature muscle alterations in mice. (a) Lean mass of 
12 month-old wild-type (WT) and apelin knock-out (Apln-/-) mice measured by EchoMRI. (b) Mass of different 
muscles expressed relatively to body weight of 12 month-old WT, Apln-/- and mice heterozygous for APJ (APJ+/-). 
(c) Average muscle fiber cross-sectional area per fiber type in 12 month-old WT and Apln-/- mice. (d,e) Maximal 
plantaris (d) or tibialis anterior (e) force following sciatic nerve electric stimulation. (f-h) Physical performances of 
12 month-old WT, Apln-/- and APJ+/- mice assessed by grip strength (force, (f)), resistance (latency to falls in inverted 
grid tests, (g)), and endurance (maximal speed on treadmill, (h)). (i) Intermyofibrillar mitochondria in soleus muscles 
imaged by electronic microscopy. (j) Quantification of intermyofibrillar mitochondria number (left) and density (right). 
(k) Quantification of mitochondrial DNA in soleus muscles relative to genomic DNA. (l-m) citrate synthase (l) and 
aconitase (m) enzymatic activity measured in isolated mitochondria. 



3d, hatched bars).  Apelin treatment also 
normalized the shift of fiber type happening during 
aging by simultaneously increasing the 
percentage of type IIx fibers and decreasing the 
percentage of slow fibers (type I) (Fig. 3e and f). 
Of note, apelin treatment also rescued APJ 
expression at the full muscle level (supplemental 
S3a).  

Ex vivo, the plantaris muscle of aged 
apelin-treated mice displayed enhanced 
contractile capacities compared to controls (Fig. 
3g). In addition, apelin administration in aged mice 
led to a significant increase of muscle function 
evaluated by resistance and endurance exercise 
capacities as well as strength (Fig. 3h-j 
respectively). Apelin treatment also rescued 
endurance and resistance in Apln-/- mice, 
demonstrating that the phenotype of apelin KO 
mice is reversible and does not result from long-
term adaptations that cannot be reversed. The 

protective effect of apelin on aged muscle was 
confirmed by specific overexpression of apelin in 
24 month-old mice hindlimb muscles through 
intramuscular injection of an adeno-associated-
virus coding for apelin, and for which we validated 
apelin overexpression in muscle (supplemental 
S3b-c). Intramuscular injection of AAV-apelin in 
the hind leg resulted in increased tibialis anterior 
and plantaris muscle mass (supplemental S3d-
e). No increase of soleus mass was observed 
(supplemental S3f), possibly because this 
muscle was not targeted by the intramuscular 
injection. As previously observed with the 
pharmacological approach, apelin overexpression 
in muscle induced a significant increase in 
endurance (Fig. 3k), strength (Fig. 3l) and 
resistance (Fig. 3m); demonstrating that local 
apelin production is determinant for muscle 
physiology during aging. Together with the 
regulation of muscle apelin production by 

Figure 3: Apelin supplementation restores age-related muscle alterations. (a,b) Plantaris (a) and tibialis 
anterior (b) muscle weight relatively to body weigth in 3, 12, 24 month-old WT or Apln-/- mice supplemented 
(hatched bars) or not (plain bars) with apelin. (c,d) average (c) or size distribution (d) of muscle fibers cross-
sectional area. (e) Immunohistochemistry fiber-typing; type I (red), type IIa (green), type IIx (black), laminin (blue). 
(f) Average fiber cross-sectional area (top graphs) and repartition (bottom graphs) per fiber type. (g) Maximal 
plantaris force following sciatic nerve electric stimulation in 3, 12, 24 month-old WT mice supplemented (hatched 
bars) or not (plain bars) with apelin. (h-j) Physical performances of 3, 12, 24 month-old WT mice supplemented 
(hatched bars) or not (plain bars) with apelin assessed by resistance (latency to falls in inverted grid tests, (h)), 
endurance (maximal speed on treadmill, (i)), and grip strength (force, (j)). (k-m) Physical performances of 24 month-
old WT mice intramuscularly injected with AAV-Apelin-Luc vectors (hatched bars) or AAV-Luc vectors (plain bars) 
assessed by endurance (k), grip strength (l) and resistance (m).  



exercise, this result raises the question of a 
potential cumulative effect of apelin and physical 
exercise during aging on muscle physiology. We 
thus performed apelin treatments combined with 
exercise during 28 days in aged mice. No additive 
effect of apelin with exercise was observed on 
muscle function since apelin-treated mice did not 
display a gain in muscle mass or force compared 
to trained mice only (supplemental S3g-j). Age-
related muscle fatigue is molecularly 
characterized by accumulation of reactive oxygen 
species and alterations of metabolic function in 
fibers as well as poor cell renewal. Consequently, 
this result suggests that apelin could target these 
pathways and led us to investigate the 

consequences of APJ activation in fiber 
metabolism and satellite cell activation. 

 
Apelin/APJ promote AMPK-induced 
mitochondriogenesis in sarcopenic skeletal 
muscle fibers 

We previously showed the pivotal role of 
muscle AMPK in apelin signaling in the context of 
obesity [21, 23]. To determine the role of AMPK in 
apelin signaling during ageing, we first performed 
in vitro short-term apelin treatment in human 
muscle cells from young and aged donors (Fig. 
4a). AMPK and Akt phosphorylation increased 
after 5 minutes of apelin (1nM) treatment in young 
cells. Surprisingly, this effect was maintained in 
aged cells suggesting that, like other AMPK or Akt 

Figure 4. Apelin signaling in skeletal muscle requires AMPK. (a) Western blot for phosphorylated-AMPK 
Thr172 (p-AMPK), total AMPK, phosphorylated-Akt Ser 308 (p-Akt), phosphorylated-mTOR (p-mTOR) relatively to 
GAPDH of human myotubes differentiated from young and old donor myoblasts and treated with Apelin for different 
durations (Top). Western Blot quantification graphs for p-Akt, p-AMPK, p-mTOR (Bottom). (b,c) Average muscle 
fiber cross-sectional area (b) and grip strength (c) of 12 month-old APMK-DN mice treated (hatched bars) or not 
(plain bars) with apelin. (d-f) Soleus mitochondrial DNA content (d), and citrate synthase (e) and aconitase (f) 
enzymatic activity of 3, 12, 24 month-old WT  and 12 month-old Apln-/- mice supplemented (hatched bars) or not 
(plain bars) with apelin. (g) Subsarcolemal mitochondria in soleus muscles of 3, 12, 24 month-old WT treated with 
PBS or apelin, imaged by electronic microscopy. (h,i) mRNA levels of different genes involved in metabolism 
quantified by Fluidigm Biomark.  



activators such as exercise or AICAR, apelin still 
stimulates these pathways. Since myoblast-
derived cells in vitro may not fully recapitulate the 
perturbations of aging at the molecular pathway 
level, the crucial role of AMPK for apelin signaling 
was further tested by chronic apelin treatment of 
12 month-aged mice lacking AMPK activity 
specifically in skeletal muscle (AMPK-DN) (Fig. 4 
b and c, blue hatched bars). Apelin failed to 
enhance myofiber cross-sectional area and grip 
strength in AMPK-DN, demonstrating that AMPK 

is required to mediate the beneficial effects of 
apelin on muscle strength and hypertrophy during 
aging. Chronic disuse of muscle, sedentary 
behavior and aging each independently result in a 
decline in mitochondrial content and function, 
leading to the production of free radicals and cell 
death. Downstream of AMPK, chronic apelin 
treatment enhanced mitochondrial biogenesis, as 
suggested by increased mitochondrial DNA 
content in muscles of aged and apln-/- mice treated 
with apelin (figure 4d); as well as mitochondrial 

Figure 5. Apelin treatmemt enhances muscle regeneration. (a) Tibialis anterior muscles of 3 and 24 month-old 
mice were injured with CTX and collected at 3, 7 and 14 days (d) after injury. Apelin and APJ expression in 
regenerating muscles. (b) APJ expression level in young and old freshly isolated satellite cells. (c-f) 24-month old 
mice were treated with PBS (plain bars) or apelin (hatched bars) during a time course of muscle regeneration 
following CTX-induced injury. (c) qPCR expression of Pax7, myogenin and Myh8 myogenic markers in regenerating 
muscles. (d) Quantification of regenerating fibers with centralized nuclei 3 days after muscle injury. (e) Cross-
sectional area distribution of regenerating fibers expressing the embryonic myosin heavy chain (eMHC+) 3 days 
after muscle injury. (f) Cross-sectional area distribution of regenerating fibers with centralized nuclei 14 days after 
muscle injury. (g) Fusion index of muscle fibers differentiated from human young (black bars) and old (white bars) 
myoblasts upon apelin treated ex vivo. 



activity as shown by improved citrate synthase 
and aconitase activity (Fig 4e and f). Finally, all 
these improvements led to better mitochondrial 
morphology by enlarging the size of the organite 
in aged mice, definitively arguing for a beneficial 
role of apelin in muscle mitochondrial physiology 
(Fig 4g).   

In order to uncover the molecular 
mechanism of improved mitochondrial physiology  
in response to apelin, we performed a 
transcriptomic approach using a microfluidic array 
to analyze gene expression in isolated plantaris 
muscle of mice treated chronically with apelin (Fig 
4h). In the middle-aged group, apelin increased 
the expression of genes related to mitochondrial 
biogenesis (tfam and pgc-1 ), oxidative damage 
response (sod and cox), metabolism (ampk, akt, 
gln synth., pfk, glut4, srepb-1c and chrebp), 
sirtuins (sirt3, sirt4 and sirt5) and autophagy (atf4, 
atf6/beclin, bnip-3, ulk2). Surprisingly, apelin did 
not stimulate the transcription of these genes in 
24-month-old mice but prevented the activation of 
inflammatory genes (IL-1 , F4/80 and il-6) 
characteristic of chronic low grade inflammation 
(Fig 4i). This result indicates that apelin could 
trigger different molecular mechanisms 
accordingly to the age and physiological state of 
the muscle, and suggests that normalizing chronic 
low grade inflammation could be an upstream 
mechanism through which apelin rescues the 
decline of aged muscle.  
 
Apelin targets satellite cells to enhance 
muscle regeneration 

It has been widely reported that exercise 
leads to muscle stem cell activation [26-29]. As 
apelin was upregulated by muscle contraction and 
exercise, we questioned a potential role of apelin 
on muscle stem cell function. Using an intra-

muscular injection of cardiotoxin (CTX), we injured 
tibialis anterior muscles in young and aged mice, 
and observed a strong upregulation of apelin and 
APJ at the mRNA level 3 days after muscle injury 
in young mice (Fig 5a), suggesting a potential role 
for the apelin/APJ signaling axis during muscle 
regeneration. While apelin mRNA levels returned 
to basal levels throughout muscle regeneration, 
APJ mRNA levels remained elevated until at least 
14 days after injury. Decline of muscle 
regenerative capacities with age is well 
acknowledged [11, 12], and poor recovery of 
elderly people after muscle trauma can aggravate 
their already weakened muscle function. 
Interestingly, we observed that both apelin and 
APJ upregulation following muscle injury were 
reduced in aged mice (Fig 5a), suggesting that 
altered apelin signaling could also be linked to 
regenerative failure in the elderly. We next 
isolated satellite cells from uninjured muscles of 
young and old mice by flow-cytometry, and 
demonstrated that the apelin receptor was 
expressed on satellite cells and dramatically 
decreased with age (Fig 5b).  

Consequently, we treated cardiotoxin-
injured aged mice with apelin (0.5 mol/kg, ip) and 
analyzed the effect of this supplementation on 
muscle regeneration. Apelin supplementation 
increased the expression of myogenic markers 
such as Pax7, myogenin and the embryonic 
myosin heavy chain Myh8 following muscle injury, 
demonstrating a better regenerative capacity in 
apelin-treated mice (Fig 5c). At the histological 
level, regenerating fibers with centralized nuclei 
appeared more rapidly in apelin-supplemented 
mice (Fig 5d), and the cross-sectional area of 
regenerating fibers (either expressing the 
embryonic myosin heavy chain eMHC or with 
centralized nuclei) was increased (Fig 5e,f, 
respectively). Altogether, these results showed 
that muscle regeneration was significantly 
ameliorated in old mice upon apelin 
supplementation. Apelin supplementation also 
induced beneficial effects on muscle regeneration 
in young (supplemental S4a,c) and 12 month-old 
(supplemental S4b,d) mice, both at the 
molecular and histological levels. Finally, apelin 
enhanced myogenic differentiation of human 
myoblasts from an aged donor in vitro (Fig 5g), 
suggesting that the beneficial effects of apelin on 
regeneration and myogenesis also extend to the 
human setting.  
 
Apelin is a new biomarker of successful 
exercise in the elderly 

By acting simultaneously on muscle 
metabolic and functional plasticity, contraction-
induced apelin production in muscle could 
constitute a biomarker of successful aging 
regarding physical exercise and myogenesis. To 

Figure 6. Apelin could serve as a biomarker to score 
success of exercise-based programs. Correlation 
between SPPB score increase of elderly following 6 
months of exercise program, and increase of apelin 
plasma concentration. 



support this hypothesis, we measured plasma 
apelin in a group of elderly patients who 
underwent a regular physical exercise during one 
year (LIFE-Study) [8]. The functional response of 
physical activity quantified by the increase in the 
Short Physical Performance Battery (SPPB) from 
baseline to the end of the exercise program 
positively correlated with the change in apelin 
levels over the first 6 months of the study (Fig. 6). 
Compared to their baseline level of plasma apelin 
before the exercise program, individuals 
increasing their blood levels of apelin 6 months 
after the beginning of the trial therefore had the 
most optimized SPPB score after 1 year of 
physical activity. This result indicates that plasma 
apelin levels measured in the early phases of an 
exercise intervention in elderly could represent a 
new biomarker to predict physical exercise 
success or the need for pharmacological 
intervention. 

 
 

DISCUSSION 
Age-associated muscle weakness is 

described as one of the most powerful predictive 
factors for disability, age-related pathologies, and 
ultimately death [5, 6]. Consequently, it appears 
fundamental to identify and characterize 
individuals at risk of developing sarcopenia early 
and propose strategies in order to prevent frailty 
and disability, and thereby delay 
institutionalization and death. In this context, our 
study demonstrates a new regulatory loop 
between muscle contraction, apelin production 
and prevention of sarcopenia. Interestingly, our 
results reveal that the inability of skeletal muscle 
to efficiently produce apelin during aging plays a 
causal role in loss of muscle mass and strength. 
Finally, we also provide evidence that apelin is a 
promising therapeutic target to treat physical 
decline, as well as a new tool for diagnosis of 
sarcopenia and prognosis of exercise success in 
elderly populations.  

The first evidence showing the crucial role 
of the apelin peptide in muscle physiology during 
aging came from our analysis of apelin and APJ 
deficiency in mice. Lack of apelin or its receptor in 
middle-aged mice induced a dramatic loss of 
muscle mass and revealed alterations in muscle 
functions leading to a strong acceleration of 
muscle weakness. Interestingly, muscle atrophy 
was not observed in young apelin KO mice 
emphasizing a specific role of apelin at 
accelerating physical decline during aging and 
thereby causing sarcopenia independently of 
muscle growth. Consequently, we hypothesized 
that apelin did not act on muscle physiology as an 
anabolic factor such as testosterone or insulin 
growth factor-1 [30, 31], but rather preserved 
processes de-regulated during aging such as 

metabolism, oxidative stress, innervation or 
inflammation. In a context of metabolic diseases, 
we and others have previously demonstrated that 
apelin signals in skeletal muscle and improves 
metabolic function through an AMPK-
mitochondriogenesis dependent axis [21, 23]. 
Furthermore, APJ drives the activation of 
intracellular pathways such as AMPK, mTOR, 
P70S6 kinase in various cellular contexts other 
than skeletal muscle [16, 32-34].  During aging, 
alterations of mitochondrial metabolism in muscle 
is widely established and AMPK, P70S6 kinase 
are major actors of this deficiency [35-37]. Our 
results show that apelin supplementation in old 
mice is associated with an AMPK-dependent 
improvement of different parameters related to 
muscle rejuvenation such as mitochondrial 
function and biogenesis, antioxidant enzymes, 
autophagy and inflammation without displaying an 
overactivation of all these physiological 
processes. Even if other muscle atrophy-
associated processes such as innervation or 
neoangiogenesis need to be investigated and 
cannot be ruled out to explain the effects of apelin; 
these results confirmed the pivotal aspect of 
AMPK-dependent mitophormesis in skeletal 
muscle during aging [37, 38], and most importantly 
identified a new paracrine mechanism that 
remains sensitive to exercise and therapeutic 
intervention during aging. Complementary 
investigations will be required to distinguish the 
direct effects of apelin from the consequences of 
metabolic improvements triggered by apelin.   

Another aspect of our work also described 
a beneficial effect of apelin during muscle 
regeneration in aged mice and human cell lines. 
Apelin triggers mechanisms allowing the 
expansion and differentiation of satellite cells and 
leads to an improvement of regenerative 
processes. However, by using a mouse model 
controlling the inducible depletion of satellite cells, 
Fry et al. demonstrated that regenerative 
processes do not affect sarcopenia in sedentary 
mice [39]. Nevertheless, apelin could be a 
promising therapeutic intervention to enhance 
muscle repair after trauma or hip/knee 
replacement surgery where muscle stem cells are 
directly mobilized, in particular in aged populations 
with poor regenerative capacity. In addition, it is 
interesting that apelin treatment and exercise can 
both promote beneficial effects on myofiber 
metabolism and muscle stem cell function. Apelin, 
which is produced by myofibers in response to 
contraction during exercise, is therefore both an 
autocrine myokine enhancing myofiber 
mitochondrial function and a paracrine myokine 
mediating the communication between myofibers 
and satellite cells in the muscle stem cell niche. 
This dual action is particularly beneficial in the 
context of exercise as resistance training induces 



low-grade acute muscle damage by disrupting the 
architecture of myofibers, and thereby triggers a 
mild regenerative response through muscle stem 
cell activation. Apelin production upon muscle 
contraction can therefore both enhance the 
beneficial metabolic adaptations of exercise in 
myofibers and accelerate the recovery from the 
mechanical stress of contraction by enhancing 
stem cell function.  .  

Using both human and rodent models, our 
results confirmed previous data reporting apelin 
expression in skeletal muscle [21, 23, 40] and 
further establish apelin as a bona fide myokine 
secreted systemically in response to exercise, as 
previously suggested at the transcriptional level 
[22, 41]. We demonstrate for the first time that 
muscle contraction induces apelin expression and 
secretion into bloodstream both in rodents and in 
humans. Additionally, our results demonstrate that 
basal and exercise-induced production of apelin 
by muscle is blunted during aging and can be used 
as a molecular biomarker of muscle function in 
aging. The regulatory loop between apelin, 
exercise and myogenesis defines apelin as a 
newly identified “exerkine” that can be used as a 
potential biomarker of exercise success, 
especially during aging. Compared to other 
exercise-induced secreted factors such as 
interleukin-6 [42], apelin has the potential to be 
more specific as it is not confounded by immune 
cell production. However, different apelin isoforms 
(apelin-13, 17 or 36 amino acids) are present in 
plasma or biological fluids arguing for the need to 
better characterize the forms produced by 
contractile muscle by more accurate techniques to 
further gain specificity in the use of apelin as a 
biomarker of age-related exercise success.  

Altogether, we uncovered a new and 
central role of apelin in the maintenance of skeletal 
muscle function and the response to exercise 
during aging. Our results pave the road for new 
approaches in the medical management of 
physical decline as apelin can be used both as a 
biomarker of sarcopenia and a therapeutic 
strategy to treat age-associated muscle 
weakness. Treatments with recombinant apelin or 
APJ agonists are currently being tested in clinical 
trials in healthy volunteers and patients suffering 
from idiopathic pulmonary hypertension, COPD or 
obesity (such as NCT01590108, NCT02150694 
and NCT02259686, [43]). While these studies test 
administration routes and assess safety primarily, 
they also pave the road for future trials in the 
context of muscle function and amelioration of 
disability. The opportunity to combine the systemic 
detection of low apelin production with the 
corresponding therapeutic intervention targeting 
only the subset of responder patients within the 
larger elderly population at risk will be of 
invaluable benefit in the era of precision medicine. 

METHODS 
 
Human subjects. 70+ year-old patients from the 
Multidomain Alzheimer Preventive Trial (MAPT) were 
given a sarcopenic index based on their appendicular 
lean mass and fat mass measured by DEXA [24]. 
Patients were stratified in four subgroups based on their 
sarcopenic index and plasma apelin concentration was 
measured in the two extreme groups. Plasma apelin 
concentration before and after an exercise program was 
performed in subjects from the Lifestyle Intervention 
and Independence for Elders (LIFE) studies [8]. 
 
Apelin assay plasma sample. Arterial or Venous total 
blood were sampled in fasted mice and human, 
centrifuged, then serum was collected and frozen at -
80°C. Serum apelin, insulin and leptin concentrations 
were measured using a nonselective apelin-12 EIA kit 
(Phoenix Pharmaceuticals; Belmont, CA), an 
ultrasensitive mouse/human insulin ELISA (Mercodia, 
Uppsala, Sweden) and mouse/human leptin ELISA 
(R&D system) respectively.  
 
Animals. Animals were handled in accordance with 
principles and guidelines established by the Institute of 
medical Research. C57Bl6/J Wild-Type (WT) from 3 to 
24 months-old mice were obtained from Janvier 
Loboratory (St-Berthevin France). Mice deficient in 
AMPK activity (DN AMPK) were kindly provided by the 
laboratory of Pr. Birnbaum (University of Pennsylvania 
Medical School; Philadelphia, USA). Apelin-deficient 
(apelin-/-) mice were generated as described previously 
[15]and backcrossed to C57Bl6/J WT mice 10 times. 
APJ-deficient (APL+/-) mice were generated from cross 
between C57Bl6/J littermates WT and mice 
heterozygous for the APJ mutation (Deltagen, San 
Carlos, CA, USA). Mice were housed conventionally in 
a constant temperature (20–22°C) and humidity (50%–
60%) animal room, with a 12/12 h light/dark cycle and 
free access to food and water. All mice were fed with 
normal diet. All mice were euthanatized in a fed state by 
cervical vertebra dislocation. 
 
Apelin supplementation by chronic intra-peritoneal 
injection. 3 to 24 months-old WT mice, 12 months-old 
apelin-/- and DN AMPK mice were injected daily with 
apelin-13 (Phoenix Biotech) at 0.5 μmol/kg/day intra-
peritoneal as previously described for 28 days (ref). Age 
and genotype-matched control mice were PBS injected 
during the same period. All mice were euthanatized 24 
h after the last apelin injection. 
 
Apelin over-expression. Adeno-associated virus 
vector was constructed as follow: apelin gene was 
integrated to AAV genome under luciferase promoter 
dependency with secretion signal. 24 months-old mice 
were both leg shaved and anesthetized with ketamin-
xylamin  and injected in gastrocnemius and tibialis 
anterior muscles of each leg (1011vg/muscle). AAV 
production was followed every 7 days through luciferase 
activity-induced bioluminescence 15 minutes after i.p 
injection of luciferin (promega, Ref, Concentration), the 
luciferase substrate.  
One week after injection was needed to AAV skeletal 
muscle cell integration and reaching maximal protein 
production (estimated through luciferase activity). The 
four following weeks were considerate to apelin 



impregnation. Thus, mice were euthanized 35 days 
post-injection. 
 
Acute and chronic physical training. Before 
entrainment began, mice were submitted to acclimation 
phase, they were placed on treadmill for 5 minutes 
(0cm/sec speed without inclination), then for 5 minutes 
at slow speed (10cm/sec). The next day, maximal speed 
capacity is measured by rising speed to 5 cm/sec every 
2 min until exhaustion. 24h after maximal speed 
capacity test, entrainments begin. 3, 12 and 24 months-
old WT and 12 months apelin-/- mice run for 30 minutes, 
65% maximal speed, 10% slope, 6 days a week for 1 or 
28 days (respectively for acute and chronic training). 
 
Skeletal muscle function exploration. In vivo muscle 
strength was measured by grip test: mice were allowed 
to grasp onto the horizontal grid connected to a 
dynamometer by using 4 legs and pulled backwards 5 
times. The force applied to the grid each time before the 
animal lost its grips was recorded in Newton. Average 
of the 5 measures is normalized to the whole body 
weight of each mouse as previously described. Inverted 
grid test or four limb hang test uses a wire grid system 
to non-invasively measure of mice’s ability to exhibit 
sustained limb tension to oppose their gravitational 
force, in other words, measure endurance of whole body 
skeletal muscle. Mice were placed on a wire grid which 
is then inverted. The latency to fall is recorded as 
previously described. We tested locomotion and 
running performance by testing maximal speed capacity 
of mice on treadmill with the test described above.   
 
Sciatic nerve electrical stimulation. Mice were 
anesthetized with pentobarbital i.p injection warmed by 
heat lamp, knee and foot were fixed.  Distal tendon of 
TA and plantaris were isolated from other surrounded 
muscles, cute and binded with silk attached to a force 
transducer (AD Instruments, 50g and 500g respectively 
for plantaris and TA) using PowerLab system (26T, 
ADInstruments) and softward (LabChart 4 
ADIstruments). Bipolar electrical probes were placed on 
isolated sciatic nerve and stimulated using 
supramaximal square wave pulse. Force generation 
capacity was evaluated by measuring the maximal force 
generated in response to isometric contraction under 
electrical stimulation (frequency of 75-150 Hz, train of 
stimulation of 200 msec). Maximal isometric force was 
determined at L0 (length at which maximal tension was 
obtained during the tetanus). Force was normalized to 
the muscle mass as an estimate of specific force. 
Fatigue resistance was determined after 2 minutes of 
resting period. Sciatic nerves were stimulated at 10 Hz 
during 500 msec, every 2 sec, for 1 minute. All 
contractions were made at an initial length L0. 
Contractions were expressed as a percentage of the 
initial maximal (isometric) force. (Duration 
corresponding to a force decreased by 50% was noted 
as fatigue. 
 
Venous-arterial difference measurements. Mice 
were anesthetized with pentobarbital and warmed on 
the back on a 37°C isothermal pad. We shaved the neck 
and groin and we made skin incision in order to visualize 
left carotid artery and left femoral vein. Catheters were 
placed in both vessels then arterial and venous blood 
was collected through catheters to 0.5 ml tube 

maintained at 4°C on ice. System were stabilized for 10 
minutes before installation of contractility device with 
isolation of left TA tendon attached to force transducer 
as described above and left sciatic nerve isolation. 
System with catheter, probes and TA tendon attached 
with silk was stabilized for 10 minutes, then new tubes 
were placed to catheters extremities and blood was 
collected for 10 minutes and considerate as “baseline 
condition”. Then, sciatic nerve was stimulated at XXXX 
Hz during, every XXX for 10 minutes leading to skeletal 
muscle contraction, while new tubes were placed to 
catheters extremities and arterial and venous blood 
were collected and considerate as “stimulation 
condition”. 
 
Cardio toxin injury-induced skeletal muscle 
regeneration. Injuries were performed as previously 
described. Mice were intra-peritoneal injected with, 
buprenorphin (Centravet, 0.1 mg/kg) 30 minutes before 
injury and the day after. Mice were anesthetized with 
isofluran inhalation and shaved legs then 10 μM 
cardiotoxin (CTX, losartan, #L8102) were injected 
through two injections of 25 μl into left tibialis anterior 
(TA) muscle and two injections of 50 μl into left 
gastrocnemius muscle, using a 22 gauge needle 
(Hamilton). Mice were euthanized 3, 7 and 14 days after 
injury by cervical dislocation, muscles  were cut in two 
parts, one being frozen into liquid nitrogen for total RNA 
extraction and the other part being embedded into OCT, 
frozen for 2 seconds in liquid nitrogen and then frozen 
in isopentan cooled with liquid nitrogen for histological 
analysis. 
 
Human cell culture. Two muscle cell lines derived from 
young and aged human donors (19 and 79 year-old; cell 
lines #155 and #379, respectively) were given to us by 
Dr. Vincent Mouly (Genethon, Paris).  
 
Mouse muscle stem cell isolation and micro-array. 
For isolation of satellite cells, muscles were collected 
uninjured and digested with Dispase II (2.5 U/ml), 
Collagenase B (0.2%) and MgCl2 (5 mM) at 37 °C as 
previously desbribed [44]. Cells were then incubated at 
4 °C for 30 min with antibodies against CD45, CD31, 
CD11b, CD34, Ly-6A–Ly-6E (Sca1) and 7-integrin. 
FACS isolation was performed on a Beckman Coulter 
Astrios Cell sorter. Satellite cells were isolated by flow-
cytometry as: CD31-/CD11b-/CD45-/Sca1-
/CD34+/Integrin 7+. RNA was extracted from freshly 
sorted satellite cells using RNeasy Micro Kit (Qiagen). 
RNA samples were then subjected to 3’ microarray 
analysis on Illumina MouseRef–8_V2 chips. 3 ng of total 
RNA were used to produce cRNA in a two-round 
amplification protocol, using first Messageamp II aRNA 
amplification kit (AM1751, Life Technologies, Inc.) 
followed by Messageamp II–biotin enhanced aRNA 
amplification kit (AM1791, Life Technologies, Inc.). 750 
ng of cRNA were hybridized for 16 h at 55 °C on Illumina 
MouseRef–8 v2 microarrays. Quality of total RNA was 
checked by using the Bioanalyzer 2100 with Total RNA 
Pico kit, and quality of cRNA was checked by using the 
Bioanalyzer 2100 with the Total RNA Nano kit (Agilent 
Technologies). Quantifications were done using the 
Quant-iT RiboGreen RNA Assay Kit (Life Technologies, 
Inc.). Illumina expression signals were quantile-
normalized. We applied a nonspecific filter to discard 
probe sets with low variability and retained 12,848 



Illumina probe sets whose s.d. was greater than the 
median of the s.d. of all of the probe sets. For differential 
expression analysis and pathway analyses, genes 
(represented by probe sets) were tested for differential 
expression using the moderated t-statistic as 
implemented in LIMMA44 for both data sets.   
Mitochondrial DNA content. Total DNA was extracted 
from soleus and plantaris muscles using a commercial 
kit (DNeasy; QIAGEN). The content of mitochondrial 
(mt) DNA was calculated using real-time quantitative 
PCR by measuring the threshold cycle ratio of a 
mitochondrial encoded gene (COX1) and a nuclear-
encoded gene (cyclophilin A) as previously described. 
 
Citrate synthase and aconitase activity. Frozen 
cryostat sections were dropped into 100 l of ice-cold 
extraction buffer to 5 mM sodium phosphate buffer, pH 
7.2, containing 4 mM magnesium acetate and a 
proteinase inhibitor, aprotinin, as indicated by the 
manufacturer (Boehringer Mannheim, Meylan, France). 
Following 1h of centrifugation in the cold at 1,500 g, 
pellets were recovered for citrate synthase (CS) 
enzymatic activity measurements with 100 ml CS buffer 
[5 mM HEPES, pH 8.7, 1 mM EGTA, 1 mM dithiothreitol, 
5 mM MgCl2, Triton X-100 (0.1%)], followed by 
incubation for 60 min at 4°C to ensure complete enzyme 
extraction from mitochondria. All assays were 
performed in 96-well plates, with a final volume of 200 

l. Protein concentrations were determined using a 
commercial kit (Bradford Bio-Rad Protein Assay Kit). 
Determination of CS activity was assayed, according to 
previously described methods. Aconitase activity was 
performed as previously described. The photochrome 
was measured at 525 nm using spectrophotometer. 
 
Microscopic image analysis and quantification. For 
electron microscope analysis, soleus muscle was cut 
into small pieces and fixed as previously reported. The 
tissue was then cut and mounted on copper grids and 
observed with a Hitachi HU 12A transmission electron 
microscope equipped with a high-resolution camera.  
 
qPCR. Total RNAs (1 g) were isolated from muscle 
using GeneJet RNA Purification kit (K0732, Fermentas, 
Thermo Scientific) and were reverse transcribed using 
random hexamers and Superscript II reverse 
transcriptase (Multiscribe, Applied Biosystem). Real 
time PCR was performed as previously described 
starting with 6.25 ng cDNA and both sense and 
antisense oligonucleotides in a final volume of 10 μl in a 
384 well plate using the SYBR green universal PCR 
master mix (Eurogentec). Analysis of HPRT RNA was 
performed to normalize gene expression.  
Fluidigm by Biomark qPCR was performed with 6.5 ng 
of 96 cDNA and 5μl (100μM) both 96 sense and 
antisense oligonucleotides. 
 
Western blotting. Muscle and cells samples were lysed 
(precellys 24, Ozyme France) and loaded (30mg protein 
per lane) on a 10% SDS-PAGE gel and transferred to 
nitrocellulose membrane (GE Healthcare, life Sciences, 
Whatman). Membranes were blotted with anti-phospho-
AMPK , phospho-Akt, phospho-mTOR, phospho-
P70S6K, phospho-FOXO, and respective anti-total 
protein antibody (Cell Signaling Technology). 
Immunoreactive proteins were detected using the 

Clarity Western ECL Substrate (BioRad) and quantified 
by Image Lab software (BioRad). 
 
Immunohistology. In situ determination of fiber type 
was performed as previously described. Briefly, 10μm 
muscles frozen sections were immune labeled for the 
different myosin heavy chains (MHC): primary 
antibodies were MHC-1 (BA-D5), MHC-2a (SC-71), 
eMHC (F1.652) from Developmental Studies 
Hybridoma Bank (DSHB, University of Iowa, IA) and 
laminin (abcam). Sections were blocked 1 h in PBS plus 
4% BSA, 2% goat serum, 0.01% Triton X-100. Sections 
were then incubated overnight with primary antibodies 
against. After washes in PBS, sections were incubated 
1 h with secondary antibodies anti-Ig2b AF 488, anti-
IgG1 AF 546, anti-rabbit AF 350 (Life Technology). 
Slides were finally mounted in ProLong Gold antifade 
Reagent (Molecular probes by Life Technology). 
Images were captured using a digital camera 
(Nanozoomer, Hamamatsu) attached to a motorized 
fluorescence microscope and morphometric analyses 
were made using the VS-ASW FL software 
measurement tools. For laminin-eMHC 
immunostaining, cryosections were allowed to dry 
during 10 minutes and blocked for 45 minutes at room 
temperature in the blocking solution (PBS, 4% BSA, 1% 
FBS). Cryosections were stained during 3 hours at room 
temperature using monoclonal anti-laminin antibody 
produced in rabbit (Sigma-Aldrich #L9393) and anti-
eMHC produced in mouse (DSHB #F1.652) diluted at 
1/100 and 1/500 in the blocking solution, respectively. 
Stained tissues were photographed using Olympus 
VS120 Virtual Microscopy Slide Scanning System and 
analyzed using the VS-ASW FL software measurement 
tools. The area covered by eMHC-positive fibers and 
degenerated area was determined manually across the 
entire sections. The size of myofibers with central nuclei 
was calculated from laminin/DAPI stainings on all fibers 
of the section, using an automated image processing 
developed internally using the MetaXpress software 
(Molecular Devices).  
 
Statistical analysis. Experiments were performed at 
least three times and each time in duplicate, at 
minimum. Data are expressed as the mean ± the 
standard error of the mean (s.e.m.). All statistical 
analyses were performed using GraphPad Prism 
(GraphPad Software) assuming normal distribution of 
the variables measured. Statistical significance for 
binary comparisons was assessed by a Student’s t-test 
after checking that variances do not differ between 
groups or by a Welch correction when variances differed 
between groups. For comparison of more than two 
groups, one-way or two-way ANOVAs were used, 
according to the experimental design, and followed by 
Bonferroni multiple-comparison testing. p-values less 
than 0.05 (*), 0.01 (**) or 0.001 (***) were taken as 
statistically significant  
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Supplemental S1. (a) APJ expression in fibers isolated from EDL of 3, 12, and 24-month-old mice. (b) Apelin 
concentration in medium of fibers 14 days after induction of differentiation human myoblasts from young (19 year-
old) and old (79 year-old) donors.  

Supplemental S2. (a) Lifespan curves of WT and Apln-/- mice. (b) PGC1  expression in full muscle of 12 month-
old WT and Apln-/- mice. 



Supplemental S3. (a) Apelin and APJ expression in muscles of 3, 12, 24 month-old WT mice supplemented 
(hatched bars) or not (plain bars) with apelin. (b) Maximal tibialis anterior force following sciatic nerve electric 
stimulation in 3, 12, 24 month-old WT mice supplemented (hatched bars) or not (plain bars) with apelin. (c) 
Luciferase activity of AAV vectors one week after intramuscular injection in tibialis anterior and gastrocnemius. (d) 
Apelin expression in gastrocnemius five weeks after AVV-vector injection. (e-g) Tibialis anterior (e), plantaris (f) and 
soleus (g) weight relatively to body weight of 24 month-old mice injected or not with AAV-Apelin. (h,i) Tibialis anterior 
(h) and plantaris (i) weight relatively to body weight of 3, 12 or 24 month-old mice with no challenged (plain bars), 
exercised (hatched bars), exercised and supplemented with apelin (squared bars) during 28 days. (j,k) Force (j) 
and endurance (k) of 3, 12 or 24 month-old mice with no challenged (plain bars), exercised (hatched bars), exercised 
and supplemented with apelin (squared bars) during 28 days.  



Supplemental S4. 3 (black bars) and 12-month old mice (grey bars) were treated with PBS (plain bars) or apelin 
(hatched bars) during a time course of muscle regeneration following CTX-induced injury. (a,b) qPCR of myogenic 
markers (pax7, myogenin and myh8) in 3 (a) and 12 (b) month-old regenerating muscles. (c,d) Cross-sectional area 
distribution of 3 (c) and 12 (d) month-old regenerating fibers possessing centralized nuclei 14 days after injury. 
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experiences—can potentially lead to improved 
clinical outcomes.
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studies to investigate whether there is cross-talk 
between the vagus nerve and the VTA-induced 
reward signaling described by Ben-Shaanan  
et al.7, as well as how this influences immune 
responses and disease.

The findings by Ben-Shaanan et al.7  
establish a causal link between the activa-
tion of the reward system in the VTA and the  
generation of beneficial immune responses, 
and they help to explain how placebo  
treatment—and perhaps other positive  
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Aging is associated with a progressive decline in 
skeletal muscle mass and regenerative capacity. 
Weakened muscles increase the likelihood of 
injury, and ineffective repair processes propa-
gate a vicious cycle that negatively affects qual-
ity of life. Consequently, interventions that are 
able to improve aged muscle regeneration are 
needed greatly. Skeletal muscle is maintained 
by resident stem cells, termed satellite cells or 
muscle stem cells (MuSCs), which reside in a 
quiescent state in healthy tissues. Here stem 
cell function is preserved while these cells 
are poised to sense stress or damage and can 
readily activate to repair an injury. The stem 
cell niche, composed of support-cell types, 
local growth factors and extracellular-matrix 
(ECM) molecules, is crucial to direct stem 
cell self-renewal and differentiation during  
muscle regeneration.

Recently, several groups have identified a 
progressive impairment in MuSC self-renewal 
that accompanies aging1–7. Several factors 
have been identified, including alterations in 
niche composition, impaired interactions with 
niche elements and distorted transduction 
through key signaling cascades. Collectively, 

this diminishes the size and function of the 
MuSC pool through lost quiescence, prema-
ture differentiation or senescence. Still, a com-
prehensive understanding of the deleterious 
changes to MuSCs and their niche with aging 
is lacking.

In this issue of Nature Medicine, Rozo  
et al.8 and Lukjanenko et al.9 provide evidence, 
primarily in mouse models, that MuSC-niche 
interactions are required for the maintenance of 
MuSC function and tissue repair. The authors 
show that the cell surface receptor 1-integrin 
and the ECM protein fibronectin are dysregu-
lated in aged MuSCs, and that reconstituting 
their function restores muscle regenerative 
capacity (Fig. 1). Thus, the two studies identify 
two novel therapeutic targets for the treatment 
of muscle-wasting diseases.

Rozo et al.8 report that the activity of 
1-integrin, a crucial sensor of the MuSC 

niche, is localized aberrantly in aged MuSCs. 
They find that conditional genetic deletion of 

1-integrin in young mouse MuSCs recapitu-
lates multiple aspects of the aged phenotype, 
including disrupted quiescence, reduced pro-
liferation and a bias toward differentiation that 
results in MuSC loss and impaired regeneration.  
The authors also found that 1-integrin deletion  
impaired the ability of MuSCs to respond 
to microenvironmental cues, namely, the 
potent mitogen FGF2. Treatment of aged 
MuSCs with 1-integrin-activating antibod-
ies restored FGF2 sensitivity by increasing the 
association of FGF2 with its receptor, which 
promoted MuSC proliferation via the activity 
and polarization of several mitogen-activated 

protein (MAP) kinases. Fibronectin presenta-
tion improved MuSC responsiveness to FGF2 
in culture in a 1-integrin-dependent manner, 
which emphasizes the cooperative nature of 
the MuSC-niche exchange. Additionally, the 
administration of 1-integrin-activating anti-
bodies to mouse models rescued the regenera-
tive potential of aged and dystrophic muscle via 
restored MuSC expansion, increased myofiber 
size and improved muscle performance.

In the companion article, Lukjanenko  
et al.9 investigate the role of the ECM compo-
nents in aged MuSCs. Through carrying out  
mouse young and aged MuSC gene-expression 
analysis and apatamer-based ECM binding 
assays in regenerating muscles, the authors 
show that after injury, fibronectin is not 
upregulated sufficiently in aged muscles, as 
compared to young muscles. Fibronectin pro-
duced by MuSCs themselves has been shown to 
form a complex with Wnt7a, a secreted signal-
ing molecule, and its receptor to promote their 
symmetric expansion during muscle repair10. 
Here the authors show that the major producers 
of fibronectin—hematopoietic and endothelial 
cells—are less abundant in aged regenerating 
muscles. Conditional deletion of fibronectin 
in young mice recapitulated the aging pheno-
type, which reduced MuSC number. Assays 
done in vitro further showed that fibronectin 
is the preferred adhesion substrate for mouse 
and human myoblasts and is able to modulate 
several signaling pathways that are altered in 
aged MuSCs, including the MAP kinases p38 
and ERK. Aged MuSCs had reduced adhesion 
to fibronectin, lower focal adhesion kinase 
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A previous study has demonstrated that 
the aged-MuSC niche contains increased lev-
els of FGF in comparison to young muscles1, 
yet Rozo et al.8 and others4 have shown that 
aged MuSCs are insensitive to FGF signaling. 
It is possible that chronic exposure to FGF 
negatively affects the ability of aged MuSCs 
to respond appropriately to FGF during the 
repair process. Whether this is the result of a 
negative-feedback loop or stage-specific effects 
of FGF signaling during muscle homeostasis 
and repair will be a focus for future studies. 
Moreover, these aged-related changes to MuSCs 
may be substantially heterogeneous. Single-cell 
analyses and lineage-tracing experiments will 
provide insight into potential adaptations in 
MuSC-pool complexity with age.

Taken together, the findings reported in 
these two studies provide evidence that the 
development of therapeutic approaches aimed 
at targeting MuSC-niche interactions could 
counteract age-related regenerative defects. 
Future efforts aimed at developing pharma-
ceutical or bioengineering approaches to 
properly deliver molecules that are able to 
restore MuSC communication with their local 
microenvironment will accelerate the devel-
opment of strategies to ameliorate muscle-
wasting conditions.
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responsible for age-related defects in muscle 
repair. It will be important to explore how 
these two proteins are regulated in aged tis-
sues, which could potentially enable the iden-
tification of pathways or epigenetic processes 
upstream that drive the functional decline in 
MuSCs with age.

Additionally, understanding how 1- 
integrin filters various external stimuli to ini-
tiate the appropriate downstream signaling 
cascades might lead to the identification or 
enable improvement of the specificity of clini-
cally viable interventions that are designed to 
modify MuSC-niche interactions. Notably, 
the MAP-kinase pathways were implicated 
in both studies and are known to be major 
determinants of aged-MuSC behavioral 
defects4,5. Furthermore, it will be important 
to define potentially context-dependent, post-
translational modifications of 1-integrin 
or fibronectin and the composition of 

1-integrin-containing protein complexes 
that aid its proper localization.

(FAK) expression and increased anoikis, or 
adhesion-dependent programmed cell death. 
Consistently, 1-integrin was required for 
proper mouse and human myoblast adhe-
sion to fibronectin and for FAK upregulation. 
Furthermore, the exposure of aged MuSCs 
to fibronectin in culture and the injection of 
fibronectin into aged muscles rescued these 
defects, increased the total number of MuSC 
progeny and accelerated muscle repair, as com-
pared to vehicle-treated controls.

Both studies identify 1-integrin and 
fibronectin as key molecules that become lost 
or dysregulated with age and that are required 
for proper MuSC function. The deletion 
of these two genes in young mice impaired 
niche interactions and MuSC self-renewal, 
imitating aspects of premature aging in regen-
erating muscles. The nature of both molecules— 
fibronectin as being primarily deposited by 
non-muscle cells and 1-integrin as a recep-
tor on the MuSC surface—suggests that both 
intrinsic and environmental factors are partially  

Figure 1  Targeting MuSC-niche interactions improves aged MuSC self-renewal and skeletal muscle 

repair. In aged mice, Rozo et al.8 and Lukjanenko et al.9 demonstrate that the MuSC-niche components 

fibronectin (FN1) and 1-integrin are lost or dysregulated in aged mice. Restoration of fibronectin 

levels or 1-integrin activity can promote MuSC proliferation and self-renewal while inhibiting 

premature differentiation and anoikis, which improves muscle regeneration and performance.
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Following an injury, the extracellular matrix (ECM) undergoes dramatic remodeling to facilitate tissue repair.
In a new study, Lukjanenko and colleagues show how an age-associated change in this process affects the
regenerative ability of muscle stem cells (MuSCs).

Introduction
One of the hallmarks of aging is a decline

in the ability to heal from injury. Impaired

healing represents an enormous medical

problem and quality of life issue for

the elderly (Gosain and DiPietro, 2004).

Consequently, understanding how tissue

repair changes with age is a topic

with important implications. Much work

has focused on direct comparisons

between ‘‘young’’ and ‘‘aged’’ somatic

stem cells, which play crucial roles in tis-

sue repair, without elucidating the origin

of the age-associated differences be-

tween them (Liu and Rando, 2011). In a

recent report, Lukjanenko and colleagues

(Lukjanenko et al., 2016) provide an

explanation of why aged muscle stem

cells (MuSCs) become defective at repair-

ing muscle: the response of MuSCs to an

age-associated change in the extracel-

lular matrix (ECM) of the stem cell niche.

The importance of the ECM as it relates

to stem cell function in normal tissue

biology and repair cannot be overstated.

The ECM is the infrastructure and struc-

ture of a tissue, the substrate upon which

stem cells reside, and a conveyer and

scaffold of signaling molecules (Frantz

et al., 2010). Following injury, the ECM is

dynamically remodeled to support the

process of tissue repair. Fibronectin

(FN), one of the core components of the

ECM, is deposited in large quantities in

damaged tissues following injury. Consis-

tent with previous findings (Ashcroft et al.,

1997; Bentzinger et al., 2013), Lukjanenko

and colleagues report that aged mice had

reduced FN deposition in injured muscle

tissue. Among its many functions, FN

serves as an adhesion substrate for

stem and progenitor cells. Interestingly,

in a competitive screen of ECM compo-

nents, myoblasts bound more avidly to

FN then to any other component of the

ECM. Combined, these findings sug-

gested that the reduction of FN, the

preferred adhesion substrate of myo-

blasts, in injured agedmusclemight affect

the ability of MuSCs to repair muscle

damage. In testing this idea, Lukjanenko

and colleagues used a combination of

model systems, myoblast cell lines, pri-

mary MuSCs, and in vivo muscle repair

and found that many defective aspects

of MuSC function and muscle repair in

aged mice could be restored by

increasing FN levels.

Lukjanenko and colleagues go on to

show that the mechanism by which

FN improves aged MuSC function is

through FN’s role as a biochemical

signaling molecule. Interestingly, myo-

blasts cultured on FN displayed a reduc-

tion in signaling through the p38 and ERK

pathways when compared to myoblasts

cultured on laminin (a component of the

ECM and a commonly used cell culture

substrate). The p38 and ERK signaling

pathways are known to be elevated

in aged MuSCs with detrimental effects

(Bernet et al., 2014; Chakkalakal et al.,

2012). Culturing aged MuSCs on FN

was sufficient to restore their cell

adhesion properties and to reduce

apoptosis—two aspects of aged MuSC

function that were defective when they

were cultured on collagen (another

component of the ECM and a commonly

used cell culture substrate). Together,

these experiments suggest that FN pro-

vides signals that instruct the appropriate

functional behaviors of MuSCs. Further-

more, the experiments suggest that

dysfunction of aged MuSCs is the conse-

quence of lower levels of FN in injured

aged mice. Indeed, in testing this hypoth-

esis, it was found that injection of purified

exogenous FN into previously injured

muscles restored several aspects of
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MuSC function and muscle regeneration

in aged mice.

This interesting set of findings supports

a model in which changes in the aged

stem cell niche impart a dysfunctional

state in the aged stem cells that reduces

their regenerative abilities. Importantly,

normal or ‘‘young’’ niche signals can

restore at least some aspects of stem cell

function and tissue repair in aged mice.

It is well known that the structure,

composition, crosslinking, and stiffness

of the ECM changes in many tissues of

the body through the course of aging

(Labat-Robert and Robert, 1988). Using

a collection of aptamers to measure the

abundance of various ECM proteins, the

authors detected several age-associated

changes in uninjured muscle tissue. How-

ever, these modest changes in uninjured

tissue were dwarfed by the reorganization

of the ECM, and particularly of FN, that

occurred following injury. Importantly,

aged animals did not appear to have the

same injury-induced reorganization of

the ECM that young animals did. Because

of the many important roles of the ECM, it

is easy to envision how these differences

could affect the function of stem cells

and dramatically impact the ability to

heal injuries.

So, what is responsible for the age-

associated changes to the ECM? At least

in terms of injury-induced FN deposition,

the authors provide some critical clues.

They made a very interesting observation

that Lin+ cells (CD31+, CD44+, CD11b+),

a mixture of circulating hematopoietic

and immune cells and endothelial cells,

were the largest contributors of FN in

injured muscle. In aged mice, there was

a dramatic decline in the number of these

cells found in injured muscle. These find-

ings are intriguing because FN deposition

has important roles in the healing of

many different types of tissues. Though

it is difficult to assign FN deposition to

a particular cell type, many are known

to express FN, and soluble FN is an

extremely abundant component of blood.

If a population of circulating cells were

responsible for the decline in FN deposi-

tion at sites of injury, this may be a

mechanism that underlies the decline in

healing that occurs throughout the body

with age.
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