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ABSTRACT: Combination of glass nanocapillaries with
optical tweezers allowed us to detect DNA−protein complexes
in physiological conditions. In this system, a protein bound to
DNA is characterized by a simultaneous change of the force
and ionic current signals from the level observed for the bare
DNA. Controlled displacement of the protein away from the
nanocapillary opening revealed decay in the values of the force
and ionic current. Negatively charged proteins EcoRI, RecA,
and RNA polymerase formed complexes with DNA that
experienced electrophoretic force lower than the bare DNA
inside nanocapillaries. Force profiles obtained for DNA-RecA in our system were different than those in the system with
nanopores in membranes and optical tweezers. We suggest that such behavior is due to the dominant impact of the drag force
comparing to the electrostatic force acting on a DNA−protein complex inside nanocapillaries. We explained our results using a
stochastic model taking into account the conical shape of glass nanocapillaries.
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Large variety of DNA-binding proteins are constantly
involved in numerous processes inside cells in order to

maintain a regular cell cycle.1 Identification and characterization
of new proteins responsible for such processes as DNA
transcription, replication, recombination, repair, and uptake
require knowledge of their DNA-binding properties. Except for
traditionally used bulk methods like electrophoretic mobility
shift assay (EMSA),2,3 DNA footprinting,4 or enzyme-linked
immunosorbent assay (ELISA),5 there are single-molecule
techniques allowing for detection of DNA−protein complexes.6

Among them one can mention fluorescence resonance energy
transfer (FRET),7 optical and magnetic tweezers,8−11 atomic
force microscopy (AFM)12 and nanopore sensing.13−23 Single-
molecule methods provide additional information regarding
unique properties of proteins that cannot be distinguished in
bulk experiments. Several excellent examples include estimation
of a single-step size of kinesin,8 direct visualization of
backtracking of RNA polymerase on DNA,24 mechanism of
DNA uncoiling by topoisomerase,25 ATP-induced helicase
slippage on DNA,11 and influence of CpG methylation on
stability of a DNA−nucleosome complex.26 Combination of
two single-molecule techniques solid-state nanopores and
optical tweezers was performed to controllably translocate a
DNA molecule through a nanopore and measure its charge in
solution.27−29 Later it was used to estimate the charge of
RNA30 and detect nucleoprotein filaments15 and DNA-bound
ligands.18,19

Glass nanocapillaries are a cheap and easy-to-produce
alternative to nanopores in membranes used for various

application including detection of DNA,31,32 proteins,33,34 and
DNA−protein complexes.23 They can be shrunken under SEM
to diameters below 10 nm,35 providing better signal-to-noise
ratio (SNR) in the current signal compared to nanopores in
silicon nitride or 2D materials, like graphene.32,36 In addition,
combination of nanocapillaries with optical tweezers does not
require a sophisticated microfluidic sample cell and DNA
translocation results in a lateral displacement of an optically
trapped bead.37,38 The lateral stiffness of optical tweezers is
known to be higher than the axial one, and the measured
signals are characterized by better SNR.39 Recently a
combination of nanocapillaries with optical tweezers was used
to study mechanism of DNA relaxation40 and electroosmotic
nanojets.41

In contrast to nanopores, nanocapillaries have elongated
conical shape, so that a potential difference between the cis and
trans sides produces a significant electric field within first 100−
1000 nm inside the opening.42 Since the surface charge of
nanocapillaries is negative at neutral pH, the electroosmotic
flow (EOF) is directed outside of the opening when the
positive electrode is in the trans chamber.41,43,44 In addition,
once a DNA molecule is inside a nanopore/nanocapillary the
electrophoretic driving force (Fep) on the DNA is reduced due
to the EOF-induced drag force (Fdrag) generated from the flow
around its backbone.42,45 Thus, the total drag opposing
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translocation of the DNA is a superposition of flows of
counterions originated from negatively charged glass walls and
DNA. The electrophoretic force can be interpreted as the bare
DNA linear charge density λ0 being reduced by some value
λdrag, resulting in Fep = (λ0 − λdrag)ΔΦ, where ΔΦ is the
potential difference between cis and trans electrodes.
In this Letter for the first time, we used glass nanocapillaries

combined with optical tweezers to detect DNA-bound proteins
and demonstrate influence of the drag force acting on them
inside nanocapillaries. In comparison to free translocation,
addition of optical tweezers allows to stall a DNA molecule
inside a nanocapillary, controllably pull the DNA outside, and
measure the force acting on the DNA and DNA−protein
complex. In addition to the force signals we present current
signatures of DNA-bound proteins, providing additional
information about the studied system. In glass nanocapillaries
all detected DNA−protein complexes behaved as if they were
less negatively charged than DNA. The electrophoretic force
acting on RecA-coated DNA inside nanocapillaries was smaller
than on the bare DNA and differed from the results previously
obtained in nanopores.15,18,19 We proposed an explanation of
these results based on the EOF-induced drag force. We
modified a stochastic model from ref 19 by adapting it to the
specific geometry of nanocapillaries to obtain the effective
charge of DNA−protein complexes.
Experimental Setup. The setup used in this work

combines nanocapillaries and optical tweezers (Figure 1 a).42

Using the optical tweezers the surface of a polystyrene bead
coated with DNA−protein complexes was positioned 2−4 μm
away from the nanocapillary opening. The DNA molecules
were driven inside the nanocapillary by the electric field.
Insertion of a single DNA molecule was confirmed by a
simultaneous change in the force and current signals (Figure
1b). The force measured in the system is proportional to the
displacement of the optically trapped bead from its equilibrium
position Fot = k(z − r), where k is the spring constant of the
optical tweezers. After stalling a DNA molecule, the nano-
capillary was moved away from the optically trapped bead using
a nanopositioning stage until the DNA molecule was

completely pulled out, e.g., force and current signals restored
to the initial levels (Figure 1b). At the position corresponding
to the protein attached to the DNA a sudden change in the
force and current traces was observed followed up by their
decay, while the nanocapillary was moved further away (Figure
1b).

Theoretical Model. In the system combining nano-
capillaries and optical tweezers the electrophoretic force (Fep)
pulling DNA inside the nanocapillary is balanced by the
harmonic restoring force of the optical tweezers (Fot). These
two forces act to extend the DNA, whereas the entropic force
(polymer extension) of DNA opposes them. The force on the
bead exerted by the optical tweezers is equal to the
electrophoretic force (Fot = Fep), except when additional forces
are introduced, i.e., the force on a DNA−protein complex
during its translocation.
The system was modeled with a pair of coupled Langevin

equations for two state variables,19 including the distance r of
the bead center from the opening and the contour length of
DNA s from the bead to the opening (Figure 1 a). The
evolution of the state variables is governed by the free energy of
the system:

= + + +G r s G s G r s G r G s( , ) ( ) ( , ) ( ) ( )pDNA wlc ot (1)

with contributions from the optical trap Got(r) = 1/2k(z − r)2,
where Gwlc(r,s) is the entropic free energy of a worm like chain
of DNA, GDNA(s) is the free energy of a charged DNA molecule
in the nanocapillary, and Gp(s) is the free energy contribution
from a protein bound to the DNA at the position sp (see
section S2 of SI). The two Langevin equations were coupled by
the DNA spring free energy Gwlc(r,s), which depends on both
state variables r and s.
We applied the stochastic model in the geometry of a

nanocapillary extracted from images obtained with scanning
electron microscope (SEM). Shrinking of a nanocapillary under
SEM changes the shape of the tip to the geometry
approximated by two truncated cones (Figure S1), where T
and t are the taper lengths of large and small cones,
respectively, β and α are the opening angles of large and

Figure 1. Combination of nanocapillaries and optical tweezers for detection of DNA−protein complexes. (a) Illustration of the setup. An applied
electric field initiates DNA translocation through the nanocapillary, whereas the optical tweezers serve as a balance force stalling the DNA inside it. r
is the distance from the center of the bead to the opening, z is the distance from the center of the optical trap to the opening, s is the contour length
of the DNA, and sp is the contour length of the DNA until the position of the protein. (b) Measurement of force and current signals during pulling
DNA with attached proteins out of a nanocapillary. The cartoon above explains consequent steps of the experiment. The inset shows the current
signal corresponding to free translocation of a DNA−protein complex. Afterward this complex was detected during controllable pulling of the DNA
molecule out performed with a nanopositioning stage. Thus, it was possible to compare the current signatures of the same attached proteins during
free and controlled translocation through the same nanocapillary opening. The amplitude of the conductance drops was similar, whereas the current
profiles had different shapes. Movement of the nanopositioning stage initiated after entrance of the DNA molecule with a velocity of 800 nm/s. The
experiment was performed with RecA bound proteins in a 44 nm nanocapillary at 150 mV in 150 mM KCl, pH 7.2.
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small cones, respectively, and R0 is the radii of the opening.
Applying the continuity condition for the electric field and
potential inside two cones, the electrostatic potential inside the
small cone can be expressed as

ξ
= ΔΦ

−
+ ΔΦ

ξ( )
V x

Ax
( )

1 x1

(2)

and inside the large cone:

= ΔΦ
−

ζ
+V x

B
( )

1 x t2
(3)

Here ξ = d/(2 tan α) and ζ = D/(2 tan β) are the electrostatic
potential decay lengths, and A and B are the constants
dependent on ξ, ζ, and t (see section S2 of SI).
Knowing the potential, we can calculate the free energy of

DNA and DNA−protein complexes and consequently extract
forces acting on them. The total force on a DNA-bound protein
(Fp) is a combination of the electrostatic force (Fel) and the
drag force (Fdr). Fel depends on the charge of the complex and
Fdrag on its size and shape. The balance of these two forces
mediated by the DNA worm like chain gives the characteristic
force profiles for DNA−protein complexes shown in Figure 1b.
In order to quantify the impact of the EOF in Fp we used

numerical simulations in COMSOL Multiphysics. We modeled
the system using the Poisson−Nernst−Planck−Stokes equa-
tions in the geometry of a nanocapillary (see section S3 of SI,
Figure S1). A DNA−protein complex was modeled as a
charged rod with a sphere with different charge density coaxial
to the nanocapillary (Figure S4). The force on the protein
originated from the fluid flow was calculated using a COMSOL
built-in reaction force function for different distances x of the
protein from the nanocapillary opening (Figure S4). From the
simulations we concluded that the EOF-induced drag force on
the proteins is well-approximated by the Stokes drag equation
Fstokes ∼ Rpuη, where Rp is the protein hydrodynamic radii, u is
the fluid velocity, and η is the dynamic viscosity. For the general
geometry used in the model the drag force can be as high as
several pN, e.g., sufficient to significantly influence the total
force on the protein Fp. The EOF-induced drag force will
consequently renormalize the real value of the charge of a
DNA−protein complex.
Detection of DNA-Bound Proteins with Nanocapilla-

ries and Optical Tweezers. In our system we studied three
proteins EcoRI, RecA, and RNA polymerase (RNAP) with
different physical-chemical characteristics (Table 1). In

addition, chosen proteins differ in their way of interaction
with DNA. EcoRI binds to the DNA as a dimer, RecA forms
long polymeric fibers, and RNAP interacts with the DNA as a
single protein. While RecA binds nonspecifically to the DNA,
EcoRI and RNAP recognize and interact with specific
sequences. It is worth mentioning that the complex of EcoRI
and RecA with the DNA was previously detected in the system

combining nanopores in membranes and optical tweezers, and
the choice of such proteins allowed us to directly compare the
impact of the geometry of nanocapillaries on the force profiles
of the DNA-bound proteins.19

Detection of a DNA-EcoRI Complex. EcoRI is a
restriction enzyme that is known to cut DNA at the specific
sequence GAATTC.49 However, in the absence of Mg2+ ions
EcoRI forms a stable complex with DNA without cleaving
it.50−52 After insertion of a single DNA molecule with attached
EcoRI inside a nanocapillary, the DNA was pulled out through
the opening until the specific peaks in force and current signals
corresponding to the DNA−protein complex were revealed
(Figure 2b,c). Experiments with DNA-EcoRI complexes were
performed in different nanocapillaries and under various buffer
conditions with the concentration of KCl 40−400 mM and pH
7.5−8.7 (Table S1, Figure S5). The same EcoRI protein was
detected at different potentials applied across the nanocapillary
opening (Figure 2d). In general, the measured force on a DNA-
EcoRI complex was lower than the one on the bare DNA, and
it linearly dependent on the voltage (Figure 2e). At higher
potentials the surface area under the protein force curve linearly
increased, corresponding to higher work required to pull the
DNA−protein complex outside of the nanocapillary. Protein
force signatures and their dependence on the voltage were
similar to the results obtained with nanopores combined with
optical tweezers.19

The experimental data were fit to the stochastic model taking
into account the specific geometry of a nanocapillary (Figure
2b, Figure S1). The effective charge q of a DNA-EcoRI complex
was estimated to be +10−30 e in 40−400 mM KCl, pH 7.5−
8.7, which is in the range of the values obtained in ref 19 in 20
mM KCl, pH 8.0.
A DNA-EcoRI complex that is locally positively charged is

subject to an additional force Fp directed outside of the
nanocapillary (Figure 3). If the electric force on a DNA strand
Fep = λΔΦ is comparable to the force Fp exerted on the DNA−
protein complex, it will be energetically more favorable for the
protein to abruptly displace (jump) to a position where it
experiences lower total force. A positively charged complex will
jump outside of the nanocapillary (work gain), whereas the
jump of a negatively charged complex will be oppositely
directed (work investment) in accordance with the orientation
of the electrostatic force (Figure S2). Moreover, this jump will
cause an abrupt change of the DNA entropic force and thus the
DNA contour length s outside of the nanocapillary (Figure S2).
The restoration of the force signal to the level observed for the
DNA depends on how fast the DNA extension returns to the
value before the jump. Pulling DNA-EcoRI back and forth
through a nanocapillary opening revealed a hysteresis in the
force profiles of ≈8 kT at 200 mV (Figure S6). We attribute
this value to an energy barrier for a jump from the cis to the
trans state.
The current signature of a DNA-EcoRI complex (Figure 2c)

shows a similarity to the force profile as both are related to the
position s−sp of the protein inside the nanocapillary. To detect
the current signature of EcoRI we increased the concentration
of charge carriers to get 400 mM KCl, providing better SNR.
However, we did not detect many DNA−protein complexes in
such conditions due to their probable denaturation. We cannot
make a conclusion on the direction of the conductance change;
however, the event demonstrated in Figure 2c had an increase
in the conductance.

Table 1. Proteins Used in This Work with Their Isoelectric
Points and Sizes of Corresponding DNA Complexes

protein diameter of DNA−protein (nm) isoelectric point (pI)

EcoRI ≈512 ≈6.446

RNAP ≈1047 ≈5.348

RecA ≈716 ≈5.616
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Detection of DNA-RecA and DNA-RNAP Complexes.
Next we studied a DNA-RecA complex, also previously
detected in the system with nanopores and optical
tweezers.15,19 This protein plays a key role in recombination,
DNA repair, and UV-induced mutagenesis in bacteria.53 In the
presence of ATPγS disassembly of RecA from DNA is
drastically decreased resulting in a stable nucleoprotein
complex.54 Due to positive cooperativity RecA forms long
filaments on DNA extended by 50% comparing to the DNA
molecule.16 The linear charge density of such filaments is
approximately twice higher than those for the bare DNA.15 In
accordance with theory, the electrophoretic force on RecA-
coated DNA inside nanopores and measured with optical
tweezers was 2−4 times higher compared to the DNA.15 In
addition, force profiles of local RecA structures on the DNA in
nanopores exhibited different behavior than for an EcoRI
protein due to the different charge of the complex.19

However, in glass nanocapillaries DNA-RecA filaments
experienced higher electrophoretic force than the bare DNA
(Figure 4 a) in 40 mM KCl, pH 7.2−9.0 (Table S1). To
perform experiments we first introduced DNA-coated beads in
the cis chamber, and the force acting on the bare DNA inside
nanocapillaries was recorded. Afterward the chamber was
flushed, and beads covered with DNA-RecA were used. The
theoretical coverage ratio of the DNA with RecA was 100%;
however, we almost never observed fully covered DNA entering
nanocapillaries. We assume that the observation of patches of

bare DNA is due to low kinetics of RecA polymerization at
neutral pH55 and high stiffness of the nucleoprotein filaments
(persistence length ≈950 nm16), which could complicate their
threading. Indeed, using atomic force microscopy (AFM) we
observed stiff DNA-RecA filaments not always fully coated with
RecA (Figure S7). In our system a more flexible end of DNA
not covered with RecA usually entered the nanocapillary first in
accordance with ref 17 (Figure S8).
In order to investigate local RecA structures on DNA, we

used the theoretical ratio of RecA to DNA that allows covering
20−60% of the DNA molecule. We detected different segments
of RecA on the DNAlong filaments and separate patches
(Figure 4c). The electrophoretic force acting on such structures
was lower than the one on the bare DNA, which is different
from the results obtained in nanopores in membranes.19

Comparison of the experimentally obtained curve in Figure
4b with the stochastic model showed that the RecA segment
has a length of 1850 nm with an effective linear charge density λ
of −0.03 e/nm. Since λ of DNA was −0.15 e/nm in this
experiment, RecA forms a complex with the DNA that causes a
reduction in its effective linear charge density. As a
consequence, such a complex produces a jump characteristic
for positively charged proteins from the trans to the cis
direction (Figure 4b). These results contradict to the fact that
DNA-RecA complexes have higher linear charge density than
DNA and lead us to the conclusion that the electrophoretic

Figure 2. Detection of a DNA-EcoRI complex with glass nanocapillaries and optical tweezers. (a) The cartoon represents the consequent steps of
the experiment, where a red circle is an EcoRI protein. The orientation of the nanocapillary used in all experiments presented in this figure was the
same as shown here. (b) Force profile of an EcoRI protein bound to DNA (red curve) and its fit to the analytical model (black curve) obtained at
200 mV. (c) Force (red curve) and current (blue curve) signals detected for the same EcoRI at 300 mV. (d) Force profiles of a DNA-EcoRI complex
recorded at different voltages. (e) Comparison of the effective force acting on DNA and DNA-EcoRI complex at different voltages. In the case of the
complex, the force was measured at the peak maximum, and data were fit to a linear function. All data in this figure were acquired in a 42 nm
nanocapillary in 400 mM KCl, pH 8.1.
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driving force inside nanocapillaries cannot be based only on
electrostatic interactions.
To eliminate the possibility of RecA fiber structures influence

the measured force, we also studied a complex of a single RNA
polymerase (RNAP) with DNA. RNAP is responsible for DNA
transcription using nucleoside triphosphates (NTP). In the
absence of one of NTPs, it forms a paused transcription
complex on the DNA.56,57 Although the charge of RNAP was
estimated to be negative, i.e., equal to −77 e at pH 7.0,20 we
found that a DNA-RNAP complex also reduces the effective
local charge of the DNA (Figure 4d). Using the stochastic
model, we estimated the effective charge of the DNA-RNAP
complex to be +10 e at 40 mM KCl, pH 8.1. In the same
experiment λ of the DNA was −0.06 e/nm. Notably, different
experimental conditions (buffers and nanocapillaries) cause
different linear charge density of DNA due to the difference in
the drag force. Considering that RNAP covers a length of DNA
of ≈10 nm leads us to a local linear charge density of the
complex +0.94 e/nm. Thus, the effective charge of the DNA-
RNAP complex is locally positive inside nanocapillaries.
Discussion of Force Profiles of DNA−Protein Com-

plexes. In the system combining nanocapillaries and optical
tweezers we observed that negatively charged proteins bound
to DNA experience lower electrophoretic force than the bare
DNA. In the previous experiments with nanopores and optical
tweezers, it was shown that the electrophoretic force on a
DNA-RecA complex was higher than on the DNA and opposite
for a DNA-EcoRI complex.15,19 We proposed an explanation of
this phenomenon based on the high impact of the drag force
during controlled translocation of a DNA−protein complex
through a glass nanocapillary.

Nanocapillaries in comparison to nanopores have larger
characteristic length where the electrostatic force is enclosed.42

Based on their shape, nanocapillaries should have a better-
formed flow profile, which is known to be directed outward
from the opening, opposing the electrostatic force on negatively
charged molecules and producing additional drag.41,43,44 From
the other hand, larger penetration of the potential drop inside
nanocapillaries leads to the local extension of DNA up to 20−
30 persistence lengths inside the nanocapillary compared to just
one persistence length inside nanopores (see section S3 of SI).
Longer rod-like DNA could also influence better flow
formation, resulting in higher drag force. Experimentally this
drag can be seen in a 2−5 times smaller effective electro-
phoretic force on DNA in nanocapillaries than in nano-
pores.42,45,58,59

Another argument supporting the strong impact of the EOF
inside nanocapillaries is the difference in the drag force acting
on proteins of different sizes. All proteins we used are
negatively charged; some are expected to be even more
charged than DNA. However, we observed that the linear
charge density of RecA is less than those for DNA and that the
charge density of RNAP even changes the sign. We attribute
this fact to the EOF-induced drag force, which renormalizes the
electrostatic charge of the proteins. Based on the sizes of
studied DNA−protein complexes (Table 1), we expect RNAP
to be subject to the largest drag force and EcoRI − the smallest
in identical experimental conditions. From the COMSOL
model we concluded that Fdrag on proteins attached to DNA
could be approximated using the Stokes drag equation (see
section S3 of SI). Thus, we can relate the ratio of the Stokes
drag between these three individual proteins as Fstokes (EcoRI):
Fstokes (RecA): Fstokes (RNAP) = 5:7:10. Based on the flow
velocity being ∼10 mm/s (Figure S4a), we can estimate that
the drag force on these proteins can be above several pN, e.g.,
sufficient to overcome the electrostatic force.
To additionally support the hypothesis of importance of the

drag force in nanocapillaries, we studied free translocation of
DNA-RecA complexes. It was previously reported that the force
measured with optical tweezers and velocity of translocation are
roughly proportional.45,60 In solid-state nanopores 20% RecA-
coated λ-DNA had similar dwell times as the bare DNA.17

However, in glass nanocapillaries we observed that there was a
population of events of partially coated DNA with RecA that
had much longer dwell times than the bare DNA (Figure S9).
This is consistent with the smaller electrophoretic force acting
on the nucleoprotein filaments originated from higher drag
force.

Discussion of Conductance Drops of DNA−Protein
Complexes. During DNA translocation through a nanopore,
the measured conductance can either increase or decrease,
depending on the salt concentration.60 It was considered that at
low salt concentrations (<300 mM KCl) DNA enhances the
local concentration of charge carriers due to its counterions and
produces an increase in the conductance.60 While at high salt
concentrations (>300 mM KCl), a decrease in the conductance
was explained as coming from the reduction of the effective
cross sectional area available for conduction (a current
blockage).61,62 However, the recent work implies that at all
salt concentrations DNA enhances the concentration of local
charge carrier and the current blockage model is not
applicable.63 The crossover point at 300 mM KCl is attributed
to the dominant frictional forces between the ions and DNA,
causing a current drop.63 In our case, both DNA and protein

Figure 3. Illustration of a positively charged DNA−protein complex
passing through a nanocapillary opening. Cartoons on the left
represent consequent steps of the experiment, whereas graphs on
the right demonstrate corresponding force signals measured in the
system. Fot is the force measured with optical tweezers, Fep is the
electrophoretic force acting on the DNA, and Fp is the force acting on
the protein. The red circle represents a protein with a positive effective
charge. Once such a protein is approached to the nanocapillary
opening additional force Fp causes its “jump” to the lowest-energy
state. This fast displacement can be observed by the change in the
force signal and results in relaxation of the DNA outside of the
nanocapillary.
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present microscopically rough surfaces and influence the
current modulation.
To date, there are not many results of detection of DNA−

protein complexes in nanopores/nanocapillaries at low salt
concentrations. Usually nanopore experiments are performed in
denaturing conditions allowing for detecting only proteins
stably bound to DNA.15,20,21,64 In our system we detected
current signatures of DNA−protein complexes in physiological
conditions with the concentration of KCl in the range of 40−
150 mM (Figure 4b,c,d). Notably, the current in addition to the
force signal increases the resolution for detection of local
protein structures on DNA, especially in nanocapillaries of
small diameters (Figure S8). Current and force signals have
similar shapes since they both are related to the position of the
protein in respect to the narrowest part of the nanocapillary
(Figure 2c, Figure 4b,c,d).
However, to detect current signatures of a DNA-EcoRI

complex, we had to increase the concentration to 400 mM KCl.
At these nonphysiological conditions, we did not detect many
complexes and were not able to make a conclusion regarding
the current profile of DNA-EcoRI. In contrast, for DNA-RNAP
and DNA-RecA complexes in the range of 40−150 mM KCl,
we measured a decrease in the conductance during their
controlled translocation (Figure 4b,c,d, Table S1). Our results

are different from those obtained for DNA-RecA in the system
combining nanopores and optical tweezers, where a con-
ductance drop at 600 mM KCl and a conductance increase at
100 mM KCl were obtained.15 Comparing these data for DNA-
RecA conductance modulation to well-known results for
DNA,60 we would also expect a transition point in the
conductance in nanocapillaries. As DNA-RecA has a larger
diameter than DNA, we could argue that the molecular friction
contribution between charge carriers and RecA surface is
stronger at larger drag forces, thus more likely reducing the
transition point below our experimental range (<40 mM
KCl).63

DNA-RNAP conductance drops can be attributed both to a
current blockage62 and to reduction of the current at the
surface due to molecular friction,63 depending on its charge. In
the context of our experiments, RNAP has low surface charge
density, as the drag force is capable to overcome its electrostatic
charge. It is even possible that the drop in the conductance
happens due to the fact that a DNA-RNAP complex removes
the local DNA counterion charge and thus reduces the number
of charge carriers. A similar current drop was detected for a
single DNA-2-CysPrx complex during its controlled trans-
location through nanopores in 20 mM KCl.18 In our system, it
is possible that the EOF contributes to the change of the

Figure 4. Detection of DNA-RecA and DNA-RNAP complexes with glass nanocapillaries and optical tweezers. (a) Measured force versus voltage
acting on DNA and DNA-RecA. The studied fragment of DNA-RecA experienced constant force at least during 500 nm. Data were acquired in a 21
nm nanocapillary in 150 mM KCl, pH 7.5, and fit to a linear function. (b) Force and current signals corresponding to a local RecA structure on
DNA, where the red curve is the force signal, the blue curve is the current signal, and the black curve is the fit to the model. The cartoon illustrates
the orientation of the nanocapillary used in all experiments presented in this figure. Data were acquired in a 108 nm nanocapillary at 150 mV in 150
mM KCl, pH 7.2. (c) Force and current signals corresponding to DNA and DNA partially covered with RecA, where the red curve is the force signal
and the blue curve is the current signal. The red rectangles on the DNA above the graphs correspond to local structures of RecA. The data were
acquired in two different 59 nm nanocapillaries at 100 mV (left bottom graph) and 150 mV (all other graphs) in 150 mM KCl, pH 7.2. (d) Force
and current profiles of a DNA-RNAP complex, where the red curve is the force signal, the blue curve is the current signal, and the black curve is the
fit to the model. The data were acquired in a 44 nm nanocapillary at 150 mV in 40 mM KCl, pH 8.1.
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conductance during translocation of a DNA−protein complex
by changing the advective current density63an effect
analogous to current polarization.43 This phenomenon would
also explain a conductance drop for RecA-coated DNA that we
observed in nanocapillaries at salt concentration as low as 40
mM KCl.
Conclusions. We demonstrated that glass nanocapillaries

combined with optical tweezers is a suitable tool for detection
of DNA-bound proteins in physiological conditions. Nano-
capillaries showed versatility due to their simple fabrication
process and high SNR, allowing for the recording of current
signatures of DNA−protein complexes. We observed renor-
malized effective charge of proteins attached to DNA inside
nanocapillaries that we attributed to the EOF-induced drag
force. The impact of the drag force during translocation of
molecules was demonstrated before in nanopores in mem-
branes.27,45,58,59 In certain cases the drag force dominated the
electrostatic force resulting in translocation of charged
molecules in the direction against the electric field.65 On the
example of DNA−protein complexes we showed relevance of
the drag force during its translocation through conical
nanopores made in glass and estimated the drag force to be
higher than in nanopores in membranes. One of the possible
outlooks of the work would be measurement of the charge of
DNA-bound proteins after elimination/reduction of the EOF
by making nanocapillary walls neutrally charged, for example by
coating them with lipids.66,67 In the future, such a system can be
used to localize different ligands along a DNA molecule and
estimate their size based on the current signatures as well as
their charge knowing the impact of the drag force. As a
consequence this technique opens up the possibility for single-
molecule-based mapping of genomes in solution.
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